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Resumo 

Nos últimos anos, várias estratégias têm sido desenvolvidas para colmatar a acumulação de 

plásticos no ambiente, como a descoberta de novos microrganismos e enzimas que consigam 

eficientemente biodegradar plásticos. Neste trabalho, as comunidades microbianas de lixiviado, em 

aerobiose e anaerobiose em condições termófilas, foram estudadas pela sua capacidade de biodegradar 

polímeros não-biodegradáveis (PE (polietileno) e PET (politereftalato de etileno)) e biodegradáveis (PCL 

(policaprolactona e PHB/PBAT (polihidroxibutirato/poli (butileno adipato-co-tereftalato)). Esta 

biodegradação também foi testada utilizando sedimento marinho como inóculo, em condições aeróbicas, 

metanogénicas e sulfato-redutores em temperaturas mesófilas. 

As experiências com lixiviado demonstraram uma biodegradação completa com PCL em pó, em 

condições anaeróbicas e aeróbicas (103 ± 18 % e 99 ± 6 %, respetivamente), observando-se, também, 

uma biodegradação completa para o PCL em filme em condições anaeróbias (100 ± 0,2%), e uma 

biodegradação de 28 a 100% em condições aeróbias. PHB/PBAT demonstrou uma biodegradação 

parcial (24 % ± 0,2 %) em anaerobiose. Contudo, não se observou uma produção de metano/consumo 

de oxigénio significativa para o PE e PET, resultando numa baixa biodegradação. Mesmo assim, um dos 

ensaios demonstrou uma biodegradação aparente de 5 ± 2%, ao fim de 180 dias.  

As comunidades microbianas dos ensaios com PCL demonstraram ser distintas e diversas. 

Coprothermobacter estava presente em grande abundância nos ensaios aeróbios e anaeróbios e poderá 

ter estado diretamente ligado à biodegradação de PCL. Methanothermobacter demonstrou ser o 

microrganismo metanogénico mais abundante (mais de 55 % abundância relativa), tendo um papel 

importante na conversão do PCL a metano.  

Nos estudos com sedimento marinho, o PCL demonstrou ser biodegradado em condições 

aeróbias e sulfato-redutoras, mas não em condições metanogénicas. Até ao momento, a comunidade 

microbiana de sedimento não demonstrou ter capacidade para biodegradar PE e PET 

Estes resultados demostram que lixiviado e sedimento marinho são potenciais fontes de 

microrganismos com a capacidade de biodegradar PCL, sendo necessário mais estudos para isolar e 

caracterizar estas comunidades microbianas.  

Palavras-chaves: Biodegradação, comunidades microbianas, lixiviado, polímeros, sedimento 

marinho 
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Abstract 

In the last decades, various strategies have been developed to overcome the plastic waste 

problem, such as using biodegradable polymers, applying treatments that facilitate plastic degradation, 

and discovering novel microorganisms and enzymes that are capable of biodegrading complex polymers. 

This work explored leachate microbial communities in aerobic and anaerobic thermophilic conditions for 

their ability to biodegrade non-biodegradable (PE (polyethylene) and PET (polyethylene terephthalate)) 

and biodegradable (PCL (polycaprolactone) and PHB/PBAT (polyhydroxy butyrate/polybutylene adipate-

co-terephthalate blend)) polymers. Biodegradation was also tested with microbiomes from marine 

sediment, under aerobic, methanogenic, and sulphate-reducing mesophilic conditions. 

With leachate, complete biodegradation of powder PCL was observed both under anaerobic and 

aerobic conditions (103 ± 18 % and 99 ± 6 %, respectively). PCL films were fully converted to methane 

(100 ± 0,2%) under anaerobic conditions, and biodegradation under aerobic conditions ranged from 28 

to 100 %. The blend PHB/PBAT was partially biodegraded under anaerobic conditions (24 ± 0,2 %). 

Generally, no significant methane production or oxygen consumption were detected in the assays with PE 

and PET, indicating no considerable biodegradation. Nevertheless, in one assay PE was apparently 

converted to methane (5 ± 2 % in 180 days), but further analyses are necessary to confirm this 

biodegradation. 

PCL-degrading microbial communities developed under aerobic and anaerobic assays were 

diverse and distinct. Coprothermobacter sp. was very abundant in aerobic and anaerobic incubations and 

was potentially involved in PCL biodegradation in both conditions. Methanothermobacter sp. was the most 

abundant methanogen (over 55 % relative abundance), being an important player during PCL conversion 

to methane. 

PCL was also biodegraded by the marine sediment, under aerobic and sulphate-reducing 

conditions, but not under methanogenic conditions. Thus far, the marine sediment microbiome did not 

biodegrade PE and PET.  

These results show that leachate and marine sediment microbiomes are potentially good sources 

of microorganisms with the ability to biodegrade PCL, and further attempts should be made to isolate key 

microorganisms, obtain efficient microbial consortia, facilitate microbial access to the polymers, and 

stimulate the activity of plastic-degrading microorganisms. 

Keywords: Biodegradation, leachate, marine sediment, microbial communities, polymers 
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3. State-of-the-art 

In today’s society, plastics have a wide range of applications, including in industrial, agricultural, 

packaging, and domestic markets (Taghavi et al., 2021), due to a variety of functions like high density, 

strength, flexibility, molecular weight, and high durability (Iram et al., 2019). Plastic waste accumulation 

has become a serious environmental problem, putting at risk many ecosystems and human health 

(Kjeldsen et al., 2019; Liao & Chen, 2021). The development of biodegradable plastics to replace 

synthetic ones and recycling solutions have been contributing to reduce the plastic waste problem (Ahmed 

et al., 2018). However, the biodegradation of both synthetic and biodegradable plastics still poses as the 

most environmentally friendly approach to tackle the plastic waste problem (Mohanan et al., 2020). 

Although several microbes and enzymes can function as biocatalysts for plastics biodegradation, their 

efficiencies are commonly low (Alshehrei, 2017; Amobonye et al., 2021). Since naturally occurring 

microbiomes are diverse, they may adapt to these pollutants, increasing the possibility of finding microbes 

in these contaminated habitats which can biodegrade plastics. 

The following sections will provide information on the plastic waste problem and on landfills and 

marine environments, which are sites with a higher plastic waste accumulation, that might hold 

microorganisms highly adapted to plastic waste. An overview on non-biodegradable and biodegradable 

plastics, on the mechanisms of plastic’s biodegradation and on the different factors that can affect the 

efficiency of these processes, will be given. Additionally, the more common techniques used to monitor 

and evaluate biodegradation will be explained, together with a review on the existing microorganisms, 

enzymes, and known metabolic pathways involved in plastics biodegradation, as well as thermophilic 

considerations on plastics biodegradation.  

3.1- Plastic waste 

Synthetic plastic’s large-scale production was initiated in 1950 and has only increased ever since 

(Iram et al., 2019). Its’ production has felt enormous progress over the last 60 years (Iram et al., 2019), 

and in 2018 global plastic production reached 348 million tons (Ru et al., 2020). However, due to their 

recalcitrant nature, these plastics have been accumulating both in terrestrial and aquatic ecosystems and 

in the 1970s the environmental pollution triggered by plastics was first described (Mohanan et al., 2020).  
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The recycling and waste management of these plastics is extremely insufficient compared with 

the production and utilization of plastics, putting increasing pressure on the environment (Liao & Chen, 

2021). Approximately 80 % of plastic global usage is of synthetic plastics like polyethylene (PE), 

polypropylene (PP), polyvinyl chloride (PVC), polystyrene (PS), polyurethane (PUR), and polyethylene 

terephthalate (PET) (Iram et al., 2019). It is estimated a four-fold increase in plastics production by 2050 

(Iram et al., 2019), where more than half of those will end up in landfills and enter the ecosphere, like 

oceans and lakes (Ru et al., 2020). This would lead to the release of 56 million tons of greenhouse gases 

into the atmosphere, which compromises 13 to 15 % of the carbon budget (Taghavi et al., 2021). The 

most common type of plastic to be produced is plastic used in packaging, which accounts for 40 % of the 

plastics produced in Europe, followed by 22 % of consumer and household products and 20 % of 

construction material (Flury & Narayan, 2021). Additionally, illegal dumping of industrial and domestic 

waste and poor management of transportation and storage of it leads to constant plastic pollution 

(Atanasova, Stoitsova, et al., 2021). It is reported that, of the global plastic waste, only 9 % is recycled, 

12 % is incinerated and 79 % ends up in landfills or discarded into the environment (Chen et al., 2020; 

Ru et al., 2020; Taghavi et al., 2021). 

Post-industrial wastes are the plastics that are disposed of at the end of the production line, and 

that never reach the final consumer. These wastes are much more easily recyclable because they are 

clean, and already sorted in types and sizes. On the contrary, post-consumer plastics wastes are mostly 

derived from single-used plastics used by consumers and are normally contaminated by other municipal 

solid wastes and mixed. This makes their recycling much more difficult, time and energy-consuming 

(Taghavi et al., 2021). Plastic waste management, nowadays, needs the usage of various chemical, 

mechanical and physical technologies, however, these are not universally efficient and can result in 

secondary pollution (Chen et al., 2020). 

In nature, these plastics can be degraded by photo-, bio-, and thermo-oxidative depolymerization 

(Mohanan et al., 2020) but they normally result in toxic compounds as well as micro and nano-particles 

that end up in soil and water systems (Taghavi et al., 2021). It is estimated that these plastics can remain 

in the environment for up to 1000 years (Taghavi et al., 2021), and disturb the marine animals’ endocrine 

system, causing intestinal blockage, interference with chemical communication in aquatic systems, and 

a false sensation of satiation due to ingestion (Amobonye et al., 2021). Annually, about 10 to 20 million 

tons of plastics end up in the ocean, leading to about 1 million seabirds and 100 thousand marine animals 
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dying each year, where 44 % percent of seabirds, 86 % of turtles, and 43 % of marine mammals suffer 

from entanglement and ingestion of plastic wastes (Iram et al., 2019; Kaushal et al., 2021).  

Human health has also been threatened by these plastics wastes, by ingestion of microplastics 

that enter the bloodstream and cause serious health problems (Kjeldsen et al., 2019). This ingestion of 

microplastics also causes inflammation of tissues, alteration of microbiomes, and lipid metabolism, and 

allows the introduction of environmental contaminants that are toxic to the organism (Shruti & Kutralam-

Muniasamy, 2019). Moreover, the unsupervised burning of plastic waste in certain regions can lead to 

the production of hazardous gases (Kale et al., 2015), like furans, dioxins, heavy metals, and sulphides 

(Amobonye et al., 2021), that cause lung diseases after inhalation (Amobonye et al., 2021; Kale et al., 

2015). About 400 000 to 1 000 000 people die, annually, due to the toxins resulting from the burning of 

municipal mismanaged waste, in developing countries, and subsequent diseases (Taghavi et al., 2021). 

These cues an urgent need for innovative recycling and disposal methods. 

In the last 4 decades, scientists have shown great concern to overcome the plastic waste 

problem, exploring treatments that facilitate their degradation and discovering novel microbes that are 

capable of degrading these plastics (Ahmed et al., 2018; Iram et al., 2019). There has also been a greater 

focus on developing and producing biodegradable plastics to tackle the biodegradation of synthetic 

plastics, however, they still pose some risks to the environment without proper management (Ahmed et 

al., 2018; Folino et al., 2020), and have only been representing 1-2 % of global plastic sales (Pires et al., 

2022). So the identification and engineering of plastic-degrading microorganisms and their enzymes 

provide an opening to enhance plastic recycling and reduce the amount of plastic waste by assimilation 

of these materials as carbon sources or their biodegradation into value-added compounds (Mohanan et 

al., 2020). 

3.1.1- Landfills 

Landfills are disposal sites for various types of municipal solid wastes, that have become 

attractive for their economic value (El-Fadel & Khoury, 2000). Depending on their size and characteristics, 

they can also accept commercial solid waste, non-hazardous sludge, and non-hazardous industrial solid 

waste (Themelis & Ulloa, 2007). They can be designed to be open type, where post-consumer waste of 

all kinds is deposited on land without an engineering design, or closed type where municipal wastes are 

buried into a hole with a thick protective layer that minimizes leaching into the soil and water resources 

(Taghavi et al., 2021). Nowadays, landfills are all regulated and part of waste management disposal plans, 
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helping decrease the pollution of gasses and toxins to protect human health and the environment (DHEC, 

2022).  

The most common type of bottom lining of the landfill, although varying slightly from landfill to 

landfill, is composed of a thick and compacted clay layer, that prevents the leakage of any type of liquid 

(Cossu & Stegman, 2018; DHEC, 2022). On top of this layer lays a high-density plastic liner, and a thick 

protective layer, normally of sand, where the trash is added (Cossu & Stegman, 2018; DHEC, 2022). 

Because leachate easily forms in landfills, due to rainwater infiltration, they need to be equipped with a 

drainage system that goes on top of the plastic liner. Perforated pipes collect this wastewater into a 

treatment facility, that can be onsite or in a wastewater treatment plant (Cossu & Stegman, 2018; Osama 

Ragab, 2019). Besides leachate, landfills also tend to release gasses due to the degradation of some of 

the materials in them, and those gases (mainly methane and carbon dioxide), if not properly managed, 

can be released into the atmosphere and contribute to global warming. Therefore, landfills also have a 

gas collection system, that contains pipes and wells that extract the gas for downstream transformation 

into power and electricity (Cossu & Stegman, 2018; DHEC, 2022). 

The trash itself is added every day, being covered by a dirt layer to minimize odours and pests 

(Cossu & Stegman, 2018; DHEC, 2022). Once the landfill reaches its maximum capacity, the area is 

completely covered with another impermeable layer, that gets covered with soil and vegetation, to 

minimize the entry of water (Osama Ragab, 2019). This layer controls moisture content and minimizes 

odours, as well as prevents erosion and water infiltration (Osama Ragab, 2019). The degradation of the 

matter in it continues for several years, and the collection and treatment of gas and liquid effluents 

continue for a period of up to 30 years, after the closure of the landfill (Themelis & Ulloa, 2007).  

Biomass materials like paper, food, wood, and other yard scraps, textile material like leather, 

cotton, and wood, as well as inorganic material like metals, glass, and gypsum are common wastes found 

in landfills (Themelis & Ulloa, 2007). Cellulosic material represents the most common solid waste in the 

generality of landfills, therefore, aerobic and anaerobic microorganisms have an important role in the 

biodegradation of these wastes (El-Fadel & Khoury, 2000). Normal microbial communities in landfills are 

composed of bacterial and archaeal populations and anaerobic fungi (Stamps et al., 2016). 

Soon after the solid waste is landfilled, the materials suffer aerobic biodegradation due to the 

abundant presence of oxygen in the matter (El-Fadel & Khoury, 2000; Themelis & Ulloa, 2007), and are 

oxidized into carbon dioxide, water, and other by-products. (El-Fadel & Khoury, 2000; Themelis & Ulloa, 

2007). The carbon dioxide is transformed into nearly the molar equivalent of the oxygen consumed, and 
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the depletion of oxygen marks the beginning of anaerobic biodegradation. This phase happens throughout 

the landfill lifespan and is associated with biogas production (El-Fadel & Khoury, 2000; Ruggero et al., 

2019). The anaerobic degradative phase starts with the hydrolysis of different compounds into simpler 

molecules, like proteins, carbohydrates, and lipids, by fermentative bacteria, (El-Fadel & Khoury, 2000; 

Themelis & Ulloa, 2007) which are then further hydrolysed into its monomers- amino acids, sugar, and 

high molecular fatty acids, respectively (El-Fadel & Khoury, 2000). This phase leads to a decrease in the 

pH of the waste, and an increase in the chemical oxygen demand (COD) and the concentration of volatile 

fatty acids, ammonia, and sulphates (Quecholac-Piña et al., 2020). Afterwards, acid-producing bacteria 

transform these monomers into organic acids (like propionic acid, ethanol, and butyric acid) (Themelis & 

Ulloa, 2007) and/or directly ferment them to acetic acid. The fatty acids are oxidized to form some by-

products and hydrogen (El-Fadel & Khoury, 2000). At last, methanogenic bacteria use acetic acid to form 

methane (60-70 %) and carbon dioxide (30-40 %) and transform the carbon dioxide and hydrogen into 

methane and water (El-Fadel & Khoury, 2000; Ruggero et al., 2019). This methane is then captured to 

be transformed into a renewable energy source (Themelis & Ulloa, 2007). This anaerobic digestion can 

happen in a single-phase system or a two-phase system. In Europe, 95 % of landfills work in a single-

phase system, where the anaerobic biodegradability happens in a single reactor, while in a two-phase 

system, the hydrolysis and acidogenesis go down in the first reactor, and the methanogenesis in the 

second (Ruggero et al., 2019). Factors like temperature, oxygen, moisture content, alkalinity, presence 

or absence of oxygen, and type of nutrients and inhibitors affect the biodegradation process in landfills 

(Quecholac-Piña et al., 2020). 

While the landfill is still in operation, rainwater tends to infiltrate the waste and drag with it a lot 

of organic and inorganic compounds as well as heavy metals, producing a complex wastewater called 

leachate. It is normally a dark-coloured liquid constituted by dissolved organic matter, inorganic 

compounds (like ions) heavy metals, and xenobiotic organic compounds, releasing a strong smell (Peng, 

2017). Because of its toxic, recalcitrant, and complex composition, landfills are obligated to have draining 

systems that collect this wastewater and take it to nearby facilities that treat it as a non-hazardous 

material. Conventional procedures for this treatment compromise biological reactors, leachate transfer 

for treatment with domestic sewage, and chemical and physical methods (Renou et al., 2008). Biological 

treatments compromise the use of aerobic microorganisms that degrade the organic compounds into 

carbon dioxide and sludge and anaerobic microorganisms that transform those organic compounds into 

biogas. These methods are effective in removing organic and nitrogenous matter from leachate (in a high 

BOD/COD ratio) (Peng, 2017; Renou et al., 2008). Some aerobic treatment processes are aerated 
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lagoons, conventional activated sludge methods, and sequencing batch reactors, that are based on 

suspended-growth biomass. There are also a few based on attached-growth systems, that use biofilms or 

membranes to keep the microorganisms in place (Renou et al., 2008). Leachate transfer is characterized 

by the transportation of the leachate to a sewage wastewater treatment plant, where it is treated with the 

rest of the domestic sewage. However, this method posed some problems due to the presence of heavy 

metals in the leachate, as well as inhibitors, which rendered the process inefficient. Physical and chemical 

treatments are normally used as a supplement to the treatment line or for the removal of specific 

pollutants (Renou et al., 2008). 

Leachate parameters, like chemical oxygen demand (COD), biochemical oxygen demand (BOD), 

pH, and others, vary with the age of the landfill (A. Fernandes et al., 2015). In young landfills, the 

predominant fermentation product present is volatile fatty acids (VFA) because the landfill still contains a 

lot of biodegradable organic matter, that is biodegraded through rapid anaerobic fermentation (Renou et 

al., 2008). This phase in the landfill’s lifetime is called acidogenic phase, and older landfills tend to be at 

the methanogenic phase, where these VFA as well as the rest of the biomass is converted to methane, 

and the older the landfill the lower the COD and BOD concentrations (Peng, 2017). 

With regards to plastics in close landfilling, degradation is very limited (Canopoli et al., 2018), 

because there is no light or oxygen (Taghavi et al., 2021), and the anaerobic biodegradation might not 

be very effective (Canopoli et al., 2018). However, Canopoli et al., (2020) conducted a study of plastics 

found in 30 different landfills, reporting on the difference in their physicochemical characteristics, between 

landfills with more than 10 years, and younger landfills, with less than 10. They showed an increase in 

degradation of the plastics over time, and that burial in landfills, although not the most efficient solution, 

can help in plastics degradation. However, it was not clarified if the degradation was due to chemical 

reactions or biotic factors (Canopoli et al., 2020). 

Some studies, that simulate landfill conditions and use microbial isolates from landfills, tested in 

the laboratory, show promising findings regarding biodegradation. Xochitl et al., (2021) conducted a study 

to assess the degradation of conventional (High-Density Polyethylene) and oxo-degradable plastics, in 

reactors mimicking landfill conditions. The study had a duration of three years and it was concluded that 

the synthetic plastic only showed a slight surface erosion and reduce changes in its mechanical properties 

(Xochitl et al., 2021). The oxo-degradable plastics, although they showed a higher level of degradation 

than the conventional plastic, it was still visible in the mixture. They highlighted that these findings were 

a result of biotic and abiotic factors, even though it was not possible to isolate any microorganisms from 
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the reactor. In a conclusion, they stated that in real conditions, these results would need a lot more time 

to be achieved and that therefore, landfilling would not be a good solution for plastic degradation (Xochitl 

et al., 2021). Kumar et al. (2021) conducted a high throughput metagenomic sequencing in the microbial 

community of a landfill, in India, testing soil, leachate, and compost. They found around 2468 predicted 

species, and the presence of enzymes/genes associated with the biodegradation of polymers like PE, 

PET, and PS. This study showed the potential for landfill isolates for plastic biodegradation (Kumar et al., 

2021). 

Munir et al. (2018) studied soil from a landfill in Medan, and found two fungi, Trichoderma viride 

and Aspergillus nomius, after incubation with LDPE in powder and in film, for 45 days, at 26℃. The 

results showed a reduction in the polymer weight of 5,13 % and 6,3 %, respectively, but also a tensile 

strength decrease in the plastic film (Munir et al., 2018). Park & Kim (2019) also studied a bacterial 

culture isolated from a landfill site for its potential for PE biodegradation. They found two main 

microorganisms- Bacillus sp. and Paenibacillus sp., that demonstrated a 14,7 % weight loss of the 

polymer microplastics and a 22,8 % reduction of particle diameter, after 60 days. Further analysis showed 

degradation compounds in the medium, which confirmed the biodegradation (Park & Kim, 2019). 

Esmaeili et al., (2013) also studied landfill soil for the comparison of LDPE biodegradation with and 

without a microbial mixture of Lysinibacillus xylanilyticus and Aspergillus niger. These microorganisms, 

also isolated from landfill soil, showed good results for LDPE biodegradation, and the mixture with the 

two cultures had a higher biodegradation rate than the one without- 7,6 % and 15,8 %, respectively. They 

also tested UV-treated LDPE and non-UV-treated LDPE, concluding that the carbonyl index was slightly 

higher for the UV-treated polymer (Esmaeili et al., 2013). 

3.1.2- Estuaries 

Marine environments are one of the ecosystems on earth that most suffers from plastic pollution 

(Syranidou et al., 2019). Meso, macro, micro and nano plastics end up in oceans, putting marine life at 

risk (Gewert et al., 2015). It is estimated 5,25 trillion of these small particles accumulate on the surface 

of the sea (Oberbeckmann et al., 2016), forming huge masses of floating debris at the centre of the major 

oceans (A. et al., 2020; Urbanek et al., 2018), or deposit at the bottom of the ocean floors (Urbanek et 

al., 2018). These polymers end up in the ocean due to poor management of landfills, improper disposal 

of sewage, improper disposal of waste, that can be carried by streams and rivers, and even littering by 

ships/boats (A. et al., 2020). Household pollutants enter drainage systems and rivers, reaching seas and 
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oceans, causing a higher concentration of plastic in coasts and estuaries (Urbanek et al., 2018). These 

plastics can then be ingested by marine life, and due to their micro and nanoscopic size, they can pass 

biological barriers, penetrating tissues and accumulating in the organisms (A. et al., 2020). 

Microbial communities in marine ecosystems can reach up to millions of microorganisms in a 

gram of sediment, so floating or sank plastics are susceptible to microbial attack (Urbanek et al., 2018). 

Microorganisms readily colonize these debris (Oberbeckmann et al., 2016), adapting to these 

contaminated sites and forming dense biofilms on the polymer surface (A. et al., 2020; Roager & 

Sonnenschein, 2019). These films start to break down the polymer, reducing its buoyancy and 

hydrophobicity (A. et al., 2020; Oberbeckmann et al., 2016). In this habitat, the abiotic factors involved 

that help catalyse some of these reactions are temperature, UV light, pH and salinity, but since 

temperatures are normally moderate (Gewert et al., 2015), photooxidation is an important factor that 

produces low molecular weight compounds that are more susceptible to degradation and mechanical 

forces like wind and waves (A. et al., 2020). However, biodegradation in marine habitats is very slow, as 

the conditions for microorganisms’ growth and action are not near optimal (Gewert et al., 2015). Bacteria, 

Archaea, Fungi, and even microbial eukaryotes have been detected in plastic debris collected from marine 

environments, or that grew in plastics incubating in marine conditions (Jacquin et al., 2019). 

Estuaries are intersections between land and marine ecosystems, and are, therefore, vulnerable 

to changes and perturbations from natural processes and human activities (Yi et al., 2020). The 

microbiome of these intersections is an important component that regulates the estuary’s activities, 

having a richer composition than marine habitats (Yi et al., 2020). Because urban estuaries are normally 

close to plastic-polluting sources, they present a high concentration of microplastic wastes, resulting in a 

big impact on the ecosystem’s microbiome (Baptista Neto et al., 2019). Therefore, estuaries should be 

studied as a source of potential plastic degraders due to their proximity to plastic-polluting sites.  

Some microorganisms like Rhodococcus ruber and Alcanivoras borkumensis have been reported 

as important colonizers of plastics in marine ecosystems (A. et al., 2020). Alphaproteobacteria and 

Gammaproteobacteria have been described as primary colonizers of plastic films, while microorganisms 

from the Bacteroidetes family were nominated as secondary colonizers (Delacuvellerie et al., 2019). 

Recurring groups and families of microorganisms associated with plastic in marine environments are 

Erythrobacteraceae, Rhodobacteraceae and Flavobacteriaceae families, as well as some cyanobacteria 

(Roager & Sonnenschein, 2019). Delacuvellerie et al. (2019) conducted a study on microbial communities 

from plastics found in marine habitats and reported the presence of Bacteroidetes, Verrucomicrobia, 
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Cyanobacteria and Proteobacteria in the communities present in the biofilm of the plastics (Delacuvellerie 

et al., 2019). They also report a 96 % abundance of Microbulbifer sp. in the community that was enriched 

with LDPE, finding also Alcanivorax borkumensis and microorganisms from Rhodobacteraceae and 

Flavobacteriaceae families (Delacuvellerie et al., 2019). Zalerion maritimum, a fungus present in coastal 

water, was tested for its capacity to degrade PE, showing positive results of 56,7 % ± 2,9 % mass variation, 

after 14 days of incubation (Paço et al., 2017). 

For PET, Muricauda sp., Thalassospira sp. (A. et al., 2020) and members of the Alcanivoraceae 

and Flavobacteriales family have been identified as capable of degrading it (Roager & Sonnenschein, 

2019). Bacillus cereus and Bacillus gottheilii strains were described as PET degraders, showing a 6,6 % 

and 3 % weight loss after 40 days (Roager & Sonnenschein, 2019). Pseudomonas, Alcanivoraz and 

Tenacibaculum were described as potential PCL degraders, that were isolated from deep-sea sediment 

(A. et al., 2020). Two Pseudomonas strains were isolated from deep seawater ( at around 320 m) and 

were found to be PCL degraders, in incubations at 4℃ (Urbanek et al., 2018). In a study of 

microorganisms of arctic regions, fungal strains Clonostachys rosea and Trichoderma sp. were identified 

as PCL degraders, with a 53 % biodegradation after 30 days (Urbanek et al., 2018). 

3.2- Plastics: characteristics and applications 

Plastics can be derived from fossil fuels or renewable resources that can be shaped into various 

forms and objects (Kale et al., 2015) (Table 1). 

Conventional plastics are synthetic and semi-synthetic polymers primarily derived from fossil 

carbon sources like crude oil and natural gas (Gómez & Michel, 2013) and are considered non-

biodegradable (Table 1) (M. Fernandes et al., 2020). Their lightweight, stable chemical and physical 

properties make them extremely durable and fitted for everyday use, and their production is well-

established and efficient, which results in their low cost (Mohanan et al., 2020). They are used in 

industries like pharmaceuticals, food packaging, cosmetics, and beverage, among many others (Taghavi 

et al., 2021). However, the characteristics that make them so desirable for humans (Chamas et al., 

2020), are also the reason why they are the most harmful to the environment- their recalcitrant nature 

(Ahmed et al., 2018).  
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Table 1: Types of plastics based on their biodegradability and source of raw material. Adapted from (Havstad, 2020) 

 End of Life Option 

Non-Biodegradable Plastics Biodegradable Plastics 

Resources Basis 

of the Material 

Bio-Based Bio-Based PE, PET 

Oxo-Biodegradable 

PHA; PLA, starch blends 

Fossil-Based Conventional PE, PP, PS, PUR, 

PVC, PET 

Aliphatic-aromatic polyesters 

 

Biodegradable plastics have had a major role in controlling the use of these more harmful 

compounds, being the eco-friendlier alternative, since they need less fossil fuel for their production and 

introduce fewer greenhouse emissions (Trivedi et al., 2016). According to the definition of the 

International Standardization Organization (ISO) plastic can be considered biodegradable depending on 

the changes it suffers in its chemical structure, mechanical strength, and surface properties by the attack 

of microorganisms (M. Fernandes et al., 2020; Glaser, 2019). However, the European Standardization 

Committee (CEN) only considers biodegradable plastics the ones that can be converted into microbial 

metabolic products (M. Fernandes et al., 2020). Nevertheless, they are polymers that can more easily be 

biodegraded by microorganisms without producing toxic compounds (Alshehrei, 2017). They have been 

applied in packaging, health, and agriculture industries (Ahmed et al., 2018) although their use in the 

plastic industry has not been significant enough since they cannot yet entirely substitute conventional 

plastics (Shen et al., 2020). In 2020, the global production capacity for these plastics was 1,2 Mt/year 

(Choe et al., 2021). The biodegradability of these safer alternatives still needs to be more studied as they 

still pose as complex compounds to degrade. Additionally, their use requires yet a proper waste 

management, garbage control, and community education to not become another danger to the 

environment (Ahmed et al., 2018; R. Wei & Zimmermann, 2017). 

The biodegradation of plastics, either synthetic or biodegradable, by microorganisms or/and 

enzymes is a good strategy to tackle plastic waste accumulation, that enables the depolymerization of the 

materials into monomers or their mineralization into carbon dioxide, water, and biomass (Folino et al., 

2020; Matjasic et al., 2020; Mohanan et al., 2020). Over the years, the number of publications about 

plastic biodegradation has been increasing, (Matjasic et al., 2020), however, there is still a need for 

further research in the optimization of polymer biodegradation, especially for non-biodegradable plastics 

(Iram et al., 2019).  
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3.2.1- Non-biodegradable plastics: characteristics and applications 

The non-biodegradable fossil-based polymers are derived mainly from non-renewable resources, 

like petroleum sources, which are highly stable and have a high molecular weight due to long monomers 

repetitions in their chain. Petroleum-based plastics are extremely bio-inert, with a highly hydrophobic 

chain, which makes their biodegradation very complicated, but not impossible (Ahmed et al., 2018; 

Attallah et al., 2021; Iram et al., 2019).  

The linkage between monomers determines how biodegradable a certain plastic can be. For 

example, those with a C-C linkage, like polyethylene (PE), polypropylene (PP), polystyrene (PS), and 

polyvinyl chloride (PVC) are more recalcitrant than those that contain a C-O hydrolysable backbone, like 

polyurethane (PUR) and polyethylene terephthalate (PET) (Chen et al., 2020). Because their backbone is 

made solely out of carbon atoms, the biodegradation of PE, PP, PS, or PVC can be more efficiently done 

using UV radiation and oxygen, which leads to fragmentation of the chain or its’ scission. The resulting 

smaller fragments are then more susceptible to biodegradation (Mohanan et al., 2020). Most C-C 

cleavage studies focus on PE, with very few describing PS biodegradation. Polymers like PVC and PP are 

extremely stable, and the visible biodegradation that they suffer takes months to occur. PET and PUR are 

linked together by hydrolytic bonds like ester and urethane, respectively, that are more susceptible to 

biodegradation than C-C bonds (Chen et al., 2020). The presence of these heteroatoms in their chain 

also gives them improved thermal stability characteristics (Mohanan et al., 2020). Most of the time, it is 

necessary to make plastics go through pre-treatments to obtain meaningful biodegradation results (Chen 

et al., 2020).  

Synthetic plastics can also be separated into two different classes, thermoplastics and 

thermosets, depending on their thermal properties (Amobonye et al., 2021). Thermoplastics, like PE, PP, 

PS, and PVC, do not suffer changes in their chemical composition after reheating, making it possible to 

remodify them after melting. This property is the main reason for their recalcitrant nature, which makes 

them flexible and recyclable (Taghavi et al., 2021) but resistant to hydrolytic cleavage (Amobonye et al., 

2021). Thermosets, on the contrary, do not recover their original form after reheating because they will 

cross-link, and bind the molecules in their chain with covalent bonds, making it an irreversible reaction 

(Amobonye et al., 2021; Kayjhaii & Lindford, 2020). The backbones of these types of plastics are 

heteroatomic and highly cross-linked, making them more susceptible to hydrolytic cleavage (Amobonye 

et al., 2021). They are stronger and more brittle than thermoplastics and are most commonly used in 
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automotive, lighting, and electrical industries (Taghavi et al., 2021). PET and PUR are some examples of 

thermoset polymers (Amobonye et al., 2021).  

Bio-based non-biodegradable plastics are also referred to as oxo-biodegradable, and they fall into 

this category although they are bio-based, solemnly on the fact that their biodegradation has not been 

conclusively observed and further research into it is needed (Ahmed et al., 2018; Iram et al., 2019).  

In this work, only PE and PET, from synthetic plastic, were studied, so only these two non-

biodegradable plastics will be discussed in more detail. 

3.2.1.1- Polyethylene (PE) 

It is the most broadly produced synthetic plastic (Wilkes & Aristilde, 2017) and is used to produce 

bags, water bottles, food packaging, films, toys, pipers, and motor oil bottles (Ahmed et al., 2018). It is 

a very hydrophobic polymer due to the saturation of its chain with ethylene bonds (Figure 1) (Wilkes & 

Aristilde, 2017).  

Pre-treatments like UV irradiation, chemical oxidizing agents, and thermo-oxidation lead to the 

depolymerization of the long chain and the formation of low molecular weight products, facilitating 

biodegradation (Ru et al., 2020). PE can have different densities and 3-dimensional and physical 

structures depending on the manufacturing processes that originate it. There is low molecular weight 

polyethylene (LMWPE), linear low-density polyethylene (LLDPE), low-density polyethylene (LDPE), and 

high-density polyethylene (HDPE) (Mohanan et al., 2020). LDPE is more easily biodegraded than HDPE 

since its’ branches arrangement make it easier for microorganisms to access and attack the molecules. 

It also has a lower molecular mass than HDPE, which also influences the access of enzymes to its chain, 

making biodegradation easier. Plastic bags made of LDPE are the most common type of plastic garbage 

found in landfills, accounting for 69,13 % of the waste (Mohanan et al., 2020). HDPE is more commonly 

used in applications in the construction business (Kaushal et al., 2021) since it has stronger 

intermolecular forces and higher tensile strength. It also has higher stability due to its bigger density and 

smaller bond length (Ghatge et al., 2020). PE-degrading microorganisms have been isolated from soil, 

sea, compost, and active sludge (Mohanan et al., 2020). 

 
Figure 1: PE monomer's structure. Adapted from Ru, et al. (2020) and Danso, et al. (2019). 
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3.2.1.2- Polyethylene terephthalate (PET) 

Results from the polymerization of terephthalic acid and ethylene glycol through ester linkages 

(Figure 2) (Chen et al., 2020; Kaushal et al., 2021). It is a linear polymer whose monomer is bis(2-

hydroxyethyl) terephthalate (BHET) (Danso et al., 2019). The most frequent materials that have PET in 

their structure are carpets, shirts, bags, plastic bottles, food packages, and containers (Ahmed et al., 

2018) as well as textile fibres and films (Mohanan et al., 2020). Due to the single-use plastic products it 

composes, it is one of the main plastic polluters (Kaushal et al., 2021). It is a recalcitrant polymer with 

high durability, due to the aromatic units composing its’ backbone (Table 2), having limited chain mobility 

(Glaser, 2019). This makes it a very rough and firm polymer (Kaushal et al., 2021), that has a high glass 

transition temperature (75℃ to 80℃) and above this value, the amorphous regions become more flexible 

and therefore, more susceptible to microbial attack (Mohanan et al., 2020). PET molecules have a 

crystalline-like structure, where they are packed together in a non-uniform way, and an amorphous 

structure with a disordered domain (Ru et al., 2020). Because the polymer chains in the amorphous 

domains are less densely packed, the surface part of PET containing a high portion of amorphous 

domains degrades more easily (Ru et al., 2020). 

Enzymes that degrade PET can be divided into two types based on what they can degrade: PET 

surface-modifying enzymes, which degrade only the surface of the polymer, and PET hydrolases, which 

degrade the inner bulk of PET (at least 10 % weight loss) (Ru et al., 2020). This different capacity to 

degrade one part of the PET polymer but not its bulk structure is related to the hydrophobic characteristics 

of the bulk, which make microbial attachment more difficult (Glaser, 2019). With a high temperature of 

degradation (65º-70℃) the polymer chain in the amorphous PET domain can become mobile enough to 

allow access to the active site of the PET hydrolases, making the biodegradation process easier and 

quicker (Glaser, 2019; Ru et al., 2020). However, not many hydrolases can function at these high 

temperatures, so studies on thermophilic enzymes are needed (Ru et al., 2020). 

 

Figure 2: PET monomer's structure. Adapted from Ru, et al. (2020) and Danso, et al. (2019). 
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3.2.2- Biodegradable plastics: characteristics and applications 

Biodegradable plastics’ annual production accounts for about 1 % of the total amount produced 

per year, having produced around 2,11 million tonnes, in 2019 (Folino et al., 2020). Microorganisms like 

bacteria and fungi can biodegrade them through enzymatic action, and form products like water, 

methane, inorganic compounds, and carbon dioxide (Ahmed et al., 2018; Folino et al., 2020).  

These polymers are evident replacements for non-biodegradable plastics (Folino et al., 2020) 

since they can be more easily degraded in the environment and enrichen the soil through their 

composting, which leads to less effort and costs for removal of plastics from the ecosystems (Iram et al., 

2019; Leja & Lewandowicz, 2010). They are also highly accessible and abundant with low toxicity (Pires 

et al., 2022), which increases the durability and stability of landfills since the amount of waste is 

diminished (Iram et al., 2019). They are used in different industrial fields since their manufacturing 

process enables the attribution of different characteristics as needed. Flexibility, strength, memory, and 

resistance to liquids can be easily changed by altering the processing conditions, resulting in a wider 

range of applications. The most common applications are in the packaging industry, but they can also be 

used in agriculture, (Folino et al., 2020), electronics, toys, and medicinal and surgical products (Miri et 

al., 2022). 

Composting turns out to be the principal end-of-life option for most biodegradable plastics, and 

several standard biodegradability tests are usually performed on plastics, to test their future 

biodegradability in industrial compost facilities (Flury & Narayan, 2021). However, they also have some 

limitations, which include high production costs and lower mechanical properties (Emadian et al., 2017; 

Folino et al., 2020). 

Bio-based biodegradable plastics can be made from renewable sources by microorganisms 

(Bátori et al., 2018), like cellulose, starch, or starch-based polymers, or extracted from proteins, 

polysaccharides, or lipids (Pires et al., 2022). Therefore, microorganisms’ exoenzymes can easily break 

them down, and quickly take them up and degrade them (Ahmed et al., 2018). A few examples of bio-

based polymers are PHA (polyhydroxyalkanoate) and PHB (poly(3-hydroxybutyrate) (Bátori et al., 2018; 

Pires et al., 2022). In addition, bio-based plastics can arise from bio-derived materials by chemical 

syntheses, like the case of PLA- poly(lactic acid) and PBS- poly(butylene succinate) (Bátori et al., 2018).  

Fossil-based plastics, that have a petrochemical origin, can also be considered biodegradable, 

like PCL- poly(caprolactone), PBAT- poly (butylene adipate-co-terephthalate), and PVA- poly (vinyl alcohol) 
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(Bátori et al., 2018). These are considered biodegradable because of their degree of biodegradability 

(Ahmed et al., 2018). However, they still have a very slow rate of biodegradation (Iram et al., 2019), and 

can still form microplastics that, although less durable than non-biodegradable ones, can still pose a 

threat to the environment, (Liao & Chen, 2021). Therefore optimization and further study of these 

polymer’s biodegradability are still needed (Iram et al., 2019; Liao & Chen, 2021). 

In this study, the focus on biodegradable plastics will be PCL. 

3.2.2.1- Polycaprolactone (PCL) 

PCL is a synthetic fossil-based polyester, with high flexibility and non-toxicity (Din et al., 2020) 

that can be degraded by microorganisms either anaerobically or aerobically (Borghesi et al., 2016; Iram 

et al., 2019; Trivedi et al., 2016). It is derived from crude oil by chemical synthesis (Sankhla et al., 2020), 

more specifically derived from caprolactone by polymerization (Havstad, 2020) and it is composed of 

methylene units and ester groups (Lambert & Wagner, 2017) (Figure 3). There are two mechanisms of 

production of PCL, one by the polycondensation of a hydroxycarboxylic acid (Thakur et al., 2021) or by 

ring-opening polymerization of its monomer- ε-caprolactone (Blackwell et al., 2018; Thakur et al., 2021). 

The ring opening mechanism is the most used in industry, because it produces a polymer with high 

molecular weight and lower polydispersity (Thakur et al., 2021). 

 

PCL is a hydrophobic and partially crystalline linear aliphatic polyester with low melting 

temperature (around 60℃), and relatively low strength (Borghesi et al., 2016; Nevoralová et al., 2020; 

Tokiwa et al., 2009), low glass transition temperature (around -60℃) that make its’ processing easier 

(Borghesi et al., 2016; Lyu et al., 2019; Tokiwa et al., 2009). It has a great impact on biomedical and 

tissue applications (Nevoralová et al., 2020), due to its biocompatibility (Blackwell et al., 2018), and is 

used in blood bags, catheters, packaging material (Iram et al., 2019), sutures, drug delivery systems, 

tissue engineering, and dentistry (Havstad, 2020). It also has applications in long-term items, like 

agricultural films, fibres, aquatic weeds, and seedlings containers (Ahmed et al., 2018). Since its melting 

temperature is below 100℃ it can also be incorporated into a wide range of natural additives for food 

Figure 3: PCL monomer’s structure. Retrieved from Din et al. (2020). 
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packaging (Scaffaro et al., 2019). These applications in the food-packaging and agriculture industry are 

valuable since PCL is water and oil-resistant, non-toxic, and biodegradable (Nevoralová et al., 2020). 

It has compatibility with several other polymers (Nawaz et al., 2015), and as such, it is often 

used to make blends with bio-based biodegradable plastics such as PLA and PHA (Havstad, 2020), as 

well as starch (Nevoralová et al., 2020). These blends have been studied to improve some of PCL’s 

properties, like its dyeability, and stress-crack-resistance (Thakur et al., 2021) including its’ 

biodegradability in the environment (Nevoralová et al., 2020). 

Its’ degradation can greatly vary according to the biodegradation environment (Li et al., 2022; 

Nevoralová et al., 2020), but, due to the existence of hydrophobic -CH2 units (Thakur et al., 2021), its’ 

homopolymer degradation is slow (Nevoralová et al., 2020). Even so, biodegradation of PCL polymers 

has been observed in places like rivers, lakes, sewage sludge, farm soil, paddy soil, creek sediment, 

roadside sediment, pond sediment, and compost (Nawaz et al., 2015; Nevoralová et al., 2020). Its 

molecular weight (Nevoralová et al., 2020) and crystallinity play an important part in polymer 

biodegradation, as they also dictate its properties (Thakur et al., 2021), leading to disperse results 

between different experiments (Nevoralová et al., 2020).  

Due to its low melting temperature, it is thought that composting would be a good method for 

disposal of PCL waste since in compost the temperature reached is normally around or above 60℃ 

(Nevoralová et al., 2020; Thakur et al., 2021).  

3.3- Mechanisms of polymer biodegradation 

Biodegradation is the bio-chemical process executed by microorganisms, that leads to the 

degradation and assimilation of a certain polymer, with the production of degradation compounds 

(Alshehrei, 2017). Compared to other end-of-life treatments of plastics, like thermal and hydrothermal 

degradation techniques, the utilization of microorganisms for plastics degradation does not result in value-

added compounds, due to its’ low speed. However, the biodegradation of plastics is cheaper than the 

other methods and doesn’t emit toxic gases or hazardous compounds (Taghavi et al., 2021) even 

contributing to soil fertility, diminishing the accumulation of plastic, and reducing the expenses of waste 

management (Atanasova, Stoitsova, et al., 2021) making it an eco-friendly alternative (Taghavi et al., 

2021). 
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The biodegradability of a plastic depends on the raw material it is made of, its chemical 

composition, the structure of the final product, and the environmental conditions necessary for its 

biodegradation (Havstad, 2020). It was observed that biodegradation in aquatic environments is much 

less efficient and slower than in soil and compost, mainly due to the lower temperature and lesser 

microbial activity (Flury & Narayan, 2021). Plastic biodegradation is a complicated process that still lacks 

an exact definition and measuring techniques, as different studies use different variables’ measurements 

to evaluate the degree of biodegradability of a material. It can be evaluated by weight loss of the plastic, 

change in its mechanical and physical properties, or the percentage of carbon dioxide emission (Mohanan 

et al., 2020). It depends on various factors, like the availability of substrate, surface characteristics of the 

plastics, morphology, or molecular weight (Mohanan et al., 2020). It is normally a surface erosion process 

since it is difficult for extracellular enzyme to penetrate the polymer, making biodegradation a more 

superficial process (Kale et al., 2015). 

The mechanisms used by microorganisms to degrade the polymers can be various, but the main 

principle is the breaking down of the complex molecules into their simpler monomers, dimers, or 

oligomers (Glaser, 2019; Iram et al., 2019). The biodegradation of plastic begins with hydrolysis which 

can be an enzymatic or non-enzymatic process (Ahmed et al., 2018). Since the resulting polymers are 

smaller, they can be easily taken up by the cells and used as a nutritional source, either by anaerobic or 

aerobic mechanisms (Ahmed et al., 2018). 

On a general note, the biodegradation step, either in aerobic or anaerobic conditions, can be 

synthesized into 3 steps, biodeterioration, biofragmentation, and assimilation (Figure 4) (Iram et al., 

2019). 

Biodeterioration is the initial stage where abiotic and biotic factors affect the superficial 

degradation of the plastic, by altering the mechanical, physical and chemical properties of the polymer 

(Figure 4) (Amobonye et al., 2021; Iram et al., 2019; Jaiswal et al., 2020). There is a formation of 

carbonyl groups that are oxidized into carboxylic acids (Mohanan et al., 2020). These changes can also 

be enhanced by persistent exposure to environmental factors, like light, temperature, and even chemicals 

(Amobonye et al., 2021) so some techniques can be implemented to increase the percentage of 

biodegradation- such as chemical, thermal, photo and biological technologies (Glaser, 2019). For 

example, in thermal degradation, the polymer suffers an overheating that causes the split of the chemical 

bonds (Matjasic et al., 2020). For instance, autoclaving is a common type of thermal pre-treatment used 

in various papers (Matjasic et al., 2020). 
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This stage helps to break down the material into its’ smaller fragments and can be done by 

environmental conditions, like humidity and weather (Glaser, 2019), as well as by microbial activity 

(Figure 1) (Iram et al., 2019). Other abiotic factors, like non-ionizing radiation, temperature, wind effects, 

and atmospheric gases can make this step easier (Glaser, 2019). This stage helps speed up the 

biodegradation process because the fragmentation and erosion of the surface help accelerate the 

diffusion of oxygen and microbial enzymes (Folino et al., 2020). 

 

Biofragmentation is the phase where the microorganisms secrete their enzymes and free 

radicals, which will break down the polymers to produce their lower molecular weight fragments (Figure 

4). It can also be referred to as depolymerization (Glaser, 2019). The biodegradation process starts with 

the adhesion of microorganisms to the surface of the polymer, followed by colonization (Ahmed et al., 

2018). The addition of hydrophilic functional groups enhances the hydrophobicity of the material (Iram 

et al., 2019; Miri et al., 2022), promoting cell adhesion due to the attraction between the hydrophilic cells 

and the normally hydrophobic polymer (Wilkes & Aristilde, 2017). This would lead to surface deterioration, 

which would make the internal colonization of the microorganisms easier (Taghavi et al., 2021). Then, 

the excreted enzymes start to break down the polymers into their smaller counterparts, like monomers, 

dimers, or oligomers (Ahmed et al., 2018). These extracellular enzymes attack specific bonds or chemical 

groups on the polymer chain, however, it is implausible that they diffuse into the polymer, causing only 

superficial biodegradation, which may lead to cracks and holes (Miri et al., 2022). Amorphous regions, 

Figure 4: General representation of the main steps of polymer biodegradation under aerobic and anaerobic conditions. Adapted 
from Iram et al. (2019) and Bátori et al. (2018). 
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with greater branching, and chains with a higher number of functional groups are more easily accessible 

by enzymes, and therefore attacked first, when in comparison with crystalline regions or linear non-

reactive fragments (Iram et al., 2019; Kjeldsen et al., 2019).  

This adhesion process can include a biofilm formation by the different microorganisms of a 

microbial community (Ali et al., 2021). Biofilms are composed of functionally and phylogenetically diverse 

microbial communities that are attached to a surface and are held together to the material by the 

production and release of exopolysaccharides which act as an adhesive for further colonization (Ghosh et 

al., 2019; Glaser, 2019). Bacteria are normally the primary colonizers in biofilm formation, which leads 

to the entrapment of other microorganisms, like fungi (Atanasova, Stoitsova, et al., 2021). This results in 

a significantly different community of microorganisms compared to the surrounding environment 

(Atanasova, Stoitsova, et al., 2021). Biofilms help with the chemical and physical degradation of the 

polymer, and its formation will depend on the structure and composition of the plastic (Jaiswal et al., 

2020). As a consequence, a wider spectrum of enzymes are produced, cellular viability is increased due 

to bigger bioavailability of nutrients, and by-products do not accumulate (Ghosh et al., 2019; Glaser, 

2019). In other words, with the attack of different microbial species, included in the biofilm, a better 

breakdown of the polymer can be observed, since some will be responsible for breaking down into smaller 

molecules, others will degrade those monomers and excrete the by-products, and others will use those 

excreted wastes as feed (Shah et al., 2008). 

When the molecular size of the polymer molecules reaches 10-50 carbon atoms, the products 

can be then assimilated by the cells, starting the next phase of biodegradation-assimilation (R. Wei & 

Zimmermann, 2017) (Figure 4). This assimilation process has yet to be well elaborated, but it is thought 

that it involves active and passive transport (Amobonye et al., 2021). Some of these receptors in the cell 

membrane recognize some of these molecules and make their entry possible. The fragments that are not 

recognized by the cell, have to go through further biotransformation reactions, to produce molecules that 

can easily diffuse through the cell membrane. (Glaser, 2019; Iram et al., 2019). However, some 

fragments that are still too big to enter cells end up not being assimilated (Jaiswal et al., 2020). It was 

observed the facilitated passive transport of a degradative product, in Pseudomonas sp. DG17, when in 

high concentrations, and the energy-dependent active transport when in lower concentrations. It was also 

noted the role of membrane-bound monooxygenases and porins in the transport of degradative 

compounds (Amobonye et al., 2021). Nevertheless, the transport of these molecules inside the cell is still 
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a subject that needs more attention and study, since intracellular enzymes responsible for this transport 

remain unknown (Miri et al., 2022). 

After entering the cell, the fragments take part in diverse metabolic pathways as an energy and 

carbon source (Ahmed et al., 2018). Metabolic products with carbonyl or hydroxyl functional groups can 

enter metabolic pathways like β-oxidation or the tricarboxylic acid (TCA) cycle (Miri et al., 2022). During 

this process, various metabolites are secreted into the extracellular surroundings, like organic acids, 

aldehydes, and terpenes (Iram et al., 2019), and intracellular metabolites are hydrolysed completely, 

reaching a stage called mineralization (Iram et al., 2019). The mineralization step can occur either in 

aerobic or anaerobic conditions (Figure 4) (Iram et al., 2019) and results from the complete degradation 

of the plastic derivates, inside the cells, into oxidised metabolites (Amobonye et al., 2021). The secondary 

metabolites formed during this stage can find their way outside of the cell, where they are utilized by other 

microorganisms (Jaiswal et al., 2020). 

When oxygen is present, aerobic biodegradation happens, as it is used as a final electron 

receptor, and molecules of carbon dioxide and water are produced (Figure 4) (Glaser, 2019; Iram et al., 

2019; Leja & Lewandowicz, 2010). On the other hand, when no oxygen takes part in this process, it is 

called anaerobic biodegradation, and the final products include water, organic acids, and biogas (Figure 

4) (Ahmed et al., 2018; Glaser, 2019; Iram et al., 2019). This biogas is a mixture of methane, carbon 

dioxide, small amounts of nitrogen, ammonium, hydrogen sulphide, and water vapour (Iwańczuk et al., 

2015). Methane can be used in other processes as fuel, for example, to produce light and heat, or as a 

substrate in the manufacturing process of organic acids (Kaushal et al., 2021), so this biogas is 

considered a renewable energy source (Iwańczuk et al., 2015). Anaerobic microorganisms use other 

molecules as electron acceptors such as nitrate, iron, manganese, and carbon dioxide, to form these by-

products (Ahmed et al., 2018; Iram et al., 2019), and this form of biodegradation is an important process 

for the attenuation of contaminants in hazardous waste sites (Alshehrei, 2017).  

When comparing the two forms of biodegradation, the aerobic process tends to be more efficient, 

since respiration converts more energy (Glaser, 2019). However, in aerobic biodegradation energy stored 

as organic matter is released in the form of heat, which requires constant turnover of the biomass for its 

release, and it cannot be recovered (Bátori et al., 2018). On the contrary, in anaerobic degradation, this 

energy is largely released as methane, a renewable energy source, that can be used for other processes, 

but there is less biomass produced due to the lack of oxygen (Bátori et al., 2018). However, this type of 

biodegradation is predominantly useful for the biodegradation of biodegradable plastics that do not 
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decompose well (Flury & Narayan, 2021). In the environment, aerobic biodegradation is the type of 

biodegradation that most often happens, while anaerobic degradation happens in sediments and landfills. 

In compost and soil, biodegradation is partly aerobic (Alshehrei, 2017).  

In the environment, since plastics are not the only source of carbon, their biodegradation is 

normally very low, and the enrichment of strains that can degrade plastics is also reduced (Taghavi et al., 

2021). Nevertheless, at a laboratory scale, optimization of the medium and growth conditions can be 

accomplished to help in the limiting step of plastic biodegradation- the initial hydrolysis. These, together 

with genetic engineering to enhance the production of degrading enzymes, allow the improvement of 

microorganisms’ activity and consequently the plastic biodegradation (Atanasova, Stoitsova, et al., 2021). 

3.3.1- Factors affecting plastic biodegradation 

The efficiency of biodegradation can be affected by several factors, such as the type of 

microorganism, the pre-treatment, and the polymer characteristics. (Ahmed et al., 2018) (Figure 5).  

Microorganisms capable of biodegrading plastics have been isolated from the environment, like 

soil of a plastic dumpling site, the films of marine water, soils contaminated by crude oil, sewage sludge, 

landfills, and the gut of a variety of animals (Ru et al., 2020). It was observed better performance in 

plastic biodegradation by microbial communities rather than by isolated microorganisms (Ali et al., 2021). 

This can be explained by the cooperation that likely exists between microorganisms degrading polymers, 

that otherwise would result in a lower biodegradation efficiency due to the limited metabolic capacity of 

individual microorganisms (Ali et al., 2021; Lear et al., 2021; Taghavi et al., 2021). This way, 

microorganisms collaborate with each other, and with abiotic factors, like heat and light, to trigger a bigger 

impact on the plastic’s structural integrity (Lear et al., 2021). 

Some of the polymer characteristics that influence biodegradation are the surface characteristics 

of the plastic (hydrophobic or hydrophilic, surface area), their structure (molecular weight, mobility, 

crystallinity, type of functional group, melting temperature) (Bátori et al., 2018; Folino et al., 2020), the 

physical form of the polymer (films, powder, pellets or fibres) (Alshehrei, 2017) and the addition of 

compounds like additives, which influence the final percentage of biodegradation of a polymer (Kale et 

al., 2015) (Figure 5). 
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The molecular weight of a polymer defines many of its properties and the lower the molecular 

weight, the easier it is degraded by enzymes (Ahmed et al., 2018; Iram et al., 2019). A high molecular 

weight polymer has a lower solubility compared to a low molecular weight plastic, which makes the 

microbial attack and the consequent assimilation through the microbial membrane of the monomers an 

unfavourable and harder process (Shah et al., 2008). 

Larger surface areas lead to greater biodegradation by enzymes (Iram et al., 2019), since they 

allow the increase of microbial-colonized areas, resulting in a faster biodegradation rate (Glaser, 2019). 

The chemical structure of the polymer also directly affects the degree of biodegradation (S. H. Zeng et 

al., 2016). The addition of hydrophilic compounds or the use of amphiphilic compounds produced in 

living surfaces can facilitate the colonization and increase the biodegradation of the polymer (Ali et al., 

2021; Glaser, 2019; S. H. Zeng et al., 2016). With a higher number of hydrophilic functional groups, cell 

surface attachment is made easier, since cell surfaces are hydrophilic and are repelled by hydrophobic 

polymer surfaces (Wilkes & Aristilde, 2017). On the contrary, the presence of additives, antioxidants, and 

stabilizers in the polymers, used in the manufacturing process, will decrease the biodegradation rate 

(Kale et al., 2015). Furthermore, linear and powder polymers are more easily biodegraded than cross-

linked and branched polymer films (S. H. Zeng et al., 2016). Additionally, polar covalent bonds, like ester 

or amide bonds, compared to carbon-carbon bonds, also facilitate the biodegradation of plastics 

(Atanasova, Stoitsova, et al., 2021). 

Figure 5: Environmental factors and polymer characteristics that influence polymer biodegradation. Adapted from Ali et al., 
2021. 
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The degree of crystallinity dictates the tightness of the polymer chain and the tighter it is, the 

harder it is for the microorganisms to attach themselves to the surface of the plastic (Glaser, 2019; 

Lambert & Wagner, 2017). The degree of flexibility of the chain is higher with more amorphous chains, 

and therefore, easier for a microbial attack to happen (S. H. Zeng et al., 2016). Additionally, the more 

crystalline the polymer is, the more water and oxygen are necessary for the biodegradation process to 

initiate (Ali et al., 2021). The addition of biosurfactants can enhance the process of biodegradation 

because the addition of these specific functional groups enhances the susceptibility to microorganisms 

(Iram et al., 2019).  

Microorganisms, environmental factors like moisture, pH, temperature (Iram et al., 2019), 

salinity and the presence or absence of oxygen (Kale et al., 2015) can also affect biodegradability (Figure 

5). Sufficient water content is necessary for the basic function and survival of the microorganisms (Iram 

et al., 2019), and polymeric degradation, in certain cases, can only happen in the presence of some 

humidity (S. H. Zeng et al., 2016). A lack of water will lead to a decline in cell growth, and therefore, in 

cell metabolism, and excess moisture can cause anaerobiosis and the packing down of the substrate, 

making aerobic degradation more difficult (Grima et al., 2000). Additionally, hydrolytic activity increases 

with the increase in water content (Iram et al., 2019), and more water content can increase hydrolysis 

by generating more chain scission reactions (Ahmed et al., 2018). pH directly affects the growth of the 

microorganisms, although the optimum pH will vary from organism to organism (Ahmed et al., 2018). In 

optimal pH conditions, microbial activity will also be enhanced by humidity (S. H. Zeng et al., 2016), and 

hydrolytic reactions will be affected by changes in the pH (Iram et al., 2019).  

When comes to the effect of temperature, it can have a dual effect on biodegradation (S. H. Zeng 

et al., 2016), since it has a direct impact on the structure and functionality of the biomolecules and the 

integrity of cellular structures (Gomes et al., 2016). To a certain threshold, high temperatures can help 

enhance biodegradation, since they speed up metabolic processes and have a positive effect on microbial 

growth (S. H. Zeng et al., 2016). However, in higher temperatures, mesophilic enzyme activity will be 

reduced, but most polymers have a high melting point (ranging from 56℃ to 180℃ (Suzuki et al., 

2021)), so at that melting temperature, there’s a high chance of mesophilic enzymes being deactivated 

(Iram et al., 2019).  
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3.4- Techniques to evaluate and monitor biodegradation 

The evaluation of some characteristics, like hydrophobicity, crystallinity, functional groups, 

mechanical properties, and molecular weight distribution, allows the monitorization of the polymer’s 

biodegradation (Glaser, 2019). It can be performed through visual observation techniques, evaluation of 

changes in the physical or chemical properties of the polymer, monitoring of final electron acceptor and 

product formation (CO2/CH4 production or O2 consumption), radiolabelling, and biological tests (Alshehrei, 

2017; Glaser, 2019) (Figure 6).  

 

It is important to note that for better evaluation of biodegradation, it is recommended the usage 

of more than one method, as a way to confirm the results and identify possible discrepancies between 

them (Matjasic et al., 2020; Ruggero et al., 2019). However, even when following standardised tests for 

the evaluation of plastics’ biodegradability, the laboratory conditions do not mimic the environmental ever-

changing conditions, and therefore, the results obtained in the laboratory cannot be exactly expected in 

the natural environment (Choe et al., 2021). Consequently, the biodegradation rate of a certain plastic 

can either be slower or faster in the natural environment when compared to laboratory experiments (Flury 

& Narayan, 2021). Additionally, it is also worth noting that there needs to be minimum information about 

the experiment conditions, so different authors can more easily compare, repeat, or improve their work. 

Figure 6: Analytical techniques for monitorization of plastic biodegradation. Adapted from Atanasova, Stoitsova, et al., 2021. DMR- direct 
measurement respirometry; NDIR- nondispersive infrared sensor; GC- gas chromatograph; TCD- thermal conductivity detector; BMP- 

biochemical methane potential method; GPC- Gel permeation chromatography; XRF- X-ray fluorescence spectrometry; IR- infrared 
spectroscopy; MIR- mid-infrared spectrometry; NIR- Near infrared spectrometry; NMR- nuclear magnetic resonance; ATR-FTIR- total 

reflectance spectroscopy; TGA- thermogravimetric analysis; DSC- differential scanning calorimetry; SEM- scanning electron microscopy and 
AFM- atomic force microscopy. 
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Information like growth medium, temperature, length of the incubations, and the application or not of pre-

treatment (Matjasic et al., 2020). 

3.4.1- Gel permeation chromatography (GPC) 

Gel permeation chromatography (GPC) measures the polymer molecular weight (Ruggero et al., 

2019). Measurement of mass loss is a biodegradability index, that takes into account the decrease of the 

molecular weight, experimental mass loss, or disintegration degree of a sample (Ruggero et al., 2019). 

GPC gives precise measurements of the molecular weight distribution of a sample (Kayjhaii & Lindford, 

2020). As a drawback, it is not very sensitive, since the analysis is done on the bulk polymer, and cannot 

detect the changes that occur at the surface (Raddadi & Fava, 2019). Additionally, the formation of 

biofilms on the surface of the polymer can lead to an increase in this weight, even though biodegradation 

has been observed (Jaiswal et al., 2020). As such, and also due to the possible presence of additives in 

plastics, weight loss measurements are not a direct proof of biodegradation, especially in cases where 

the polymer is easily fragmented/disintegrated (Raddadi & Fava, 2019). For the analysis, polymers need 

to be dissolved in an organic solvent and injected into high-performance liquid chromatography (HPLC) 

column, with a cross-linked gel that leads to the separation of the molecules according to their size 

(Kayjhaii & Lindford, 2020). The degree of disintegration takes into account the percentage of particles 

that are held in those sieves (Ruggero et al., 2019). With this method qualitative data on the long-chain 

branching of the sample can be obtained, as well as the identification of the composition distribution of 

it, using the appropriate detection and analysis methods (Al-mutairi & Mousa, 2021). 

3.4.2- Thermogravimetric analysis (TGA) and Differential Scanning Calorimetry (DSC) 

Thermal analysis, the evaluation of the changes in the response to temperature is an important 

factor in polymer characterization (Kayjhaii & Lindford, 2020). For this, methods like thermogravimetric 

analysis (TGA) and differential scanning calorimetry (DSC) are normally used (Al-mutairi & Mousa, 2021). 

TGA determines the change in mass of a certain polymer when exposed to a controlled temperature (Al-

mutairi & Mousa, 2021). It is normally used as a qualitative or comparative technique (Kayjhaii & Lindford, 

2020). A decrease in the thermal stability of a polymer, after biodegradation, is an indicator of 

degradability, when compared to non-biodegraded plastic, but the presence of heat stabilizers in the 

polymer affects the result (Raddadi & Fava, 2019). DSC determines the different thermal characteristics 

of the polymer (Raddadi & Fava, 2019), like heat capacities, phase transitions, thermal stability, sample 
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composition, and purity (Al-mutairi & Mousa, 2021) as well as the glass transition temperature and the 

decomposition temperature (Kayjhaii & Lindford, 2020) It can be performed by measuring the heat flow 

through time, with an increase in temperature, or measuring the heat flow at a constant temperature, 

throughout a determined period (Al-mutairi & Mousa, 2021). Due to biodegradation, the stability of a 

polymer can decrease, causing the glass temperature to decrease (Raddadi & Fava, 2019). 

3.4.3- Spectroscopy 

The chemical changes of the polymers can be measured by various techniques. When using 

spectroscopy, one can assess the biodegradability of a polymer by changes in the plastic’s spectrum 

(Ruggero et al., 2019). It can be measured by infrared spectroscopy (IR), which allows the visualization 

of the frequency and magnitude of the graph, due to the absorption of the radiation in the wavenumber 

range of 4000-400 cm-1. The results are shown in graphics where the frequency matches the absorbed 

IR wavenumbers and is signed in the horizontal axis, while the magnitude consists of the quantity of IR, 

and corresponds to the peaks of the spectrum (Ruggero et al., 2019). Infrared spectrometry is used to 

describe a certain sample of organic waste and observe the decomposition of a material. In mid-infrared 

(MIR) spectrometry, the sample is mixed with KBr and formed into a pellet, and its reflectance measured. 

Near-infrared (NIR) works in a lower spectral range, and it’s used in the characterization of media, and 

solid bulk material. Measurements are quick and low-cost and can be done directly in the batch, by 

reflectance (Lesteur et al., 2010). Nuclear magnetic resonance (NMR), is another type of spectroscopy, 

that provides the sequence of nucleic acids of the material, normally expressed based on C, H, and O 

(Ruggero et al., 2019).  

Fourier-transform infrared spectroscopy (FTIR) allows the observation of the chemical changes in 

the polymer structure, enabling the detection of functional groups formed during the microbial attack 

(Raddadi & Fava, 2019). When there is an increase in the number of peaks, compared with the polymer 

before biodegradation, there is an increase in simple bounds, which corresponds to a breakdown of the 

more complex polymer, into simpler molecules (Ruggero et al., 2019). When the plastic has a higher 

quantity of additives, this technique becomes less effective, and biofilms in the polymer must be removed 

from its surface to not lead to misreadings of the functional groups. The removal of the biofilm will 

guarantee that the readings correspond to changes in the polymer and not to the cell debris (Raddadi & 

Fava, 2019). 
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Radiolabelling is normally used when slowly degradable materials are being studied, in a mixture 

with other carbon sources (Alshehrei, 2017). With this method, it is easier to distinguish CO2 emitted by 

the plastic from the ones exhausted from the medium (Grima et al., 2000). The carbon in the polymer is 

labelled with radioactive isotopes (14C), and if there is biodegradation, the resulting gases will be 

constituted by these radioactive isotopes (Raddadi & Fava, 2019). It is a precise method, that does not 

suffers interference from impurities or additives in the polymer (Shah et al., 2008). However, although 

non-destructive, its’ usage is limited by its’ difficult application, expensiveness and the need for qualified 

laboratories (Grima et al., 2000; Raddadi & Fava, 2019). Additionally, the waste disposal of radioactive 

waste can also become a problem (Shah et al., 2008). 

X-ray fluorescence spectrometry (XRF) analyses the elemental structure of a sample, in a quick 

non-destructive way (Kayjhaii & Lindford, 2020). Each element can emit a characteristic X-ray line 

spectrum, and this method takes advantage of that to evaluate the polymer in study. When an X-ray beam 

is directed at an element, the inner-shell electrons are ejected and substituted by outer electrons that 

release energy in the form of X-ray radiation- X-ray fluorescence. (Kayjhaii & Lindford, 2020). The resulting 

electronic configuration is unique to each element, only varying in intensity, which is dependent on the 

concentration of the element in the sample (Kayjhaii & Lindford, 2020).  

3.4.4- Biological tests 

The “clear-zone” test is a simple semi-quantitative biological test used for biodegradation 

evaluation. This compromises the use of an agar plate, where the polymer is dispersed in the agar as 

fine particles, and after inoculation with organisms the formation of a clear halo is observed, (Alshehrei, 

2017; Shah et al., 2008). If the microbes are capable of releasing extracellular enzymes that degrade the 

polymer, it is decomposed into water-soluble components that form the clear halo in the agar plate (Iram 

et al., 2019) indicating that the microorganisms are at least able to depolymerize the plastic (Alshehrei, 

2017; Shah et al., 2008). 

3.4.5- Carbon dioxide production and/or oxygen consumption 

Under aerobic conditions, microorganisms use oxygen as the final electron acceptor, producing 

carbon dioxide, as a result of the oxidation of the carbon source (Y. Zhang et al., 2022). As such, the 

measurement of CO2 production or O2 consumption (respirometry test) are two ways of evaluating plastic 

biodegradation (Alshehrei, 2017; Shah et al., 2008). These can give direct information on the bio-
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conversion of the plastic to its’ end products, being one of the most used methods for plastics 

biodegradation assessment (Alshehrei, 2017). These tests can be performed in closed- bottles, where no 

aeration occurs, or in dynamic assays, where oxygen flows throughout the test (Lesteur et al., 2010). 

These aerobic assays have an advantage over anaerobic degradability tests, because they are less time-

consuming, and can be used with different types of waste (Lesteur et al., 2010). CO2 production or O2 

consumption measurements can be performed using equipment like direct measurement respirometry 

(DMR), which evaluates the quantity of CO2 in the output gas, by using a non-dispersive infrared sensor 

(NDIR) or a gas chromatograph (GC) coupled with a thermal conductivity detector (TCD) (Ruggero et al., 

2019). Although some carbon from the polymer is assimilated for the formation of new biomass, 

respirometry tests are precise systems for biodegradation determination (Choe et al., 2021).  

3.4.6- Carbon dioxide and/or methane production 

Carbon dioxide and methane are the main gases produced by methanogenic cultures, and their 

quantification by Gas Chromatography (GC), is used to assess a polymer’s biodegradation over time 

(Alshehrei, 2017). In CO2 or CH4 measuring, the results may be expressed in the percentage of material 

biodegraded depending on the levels of transformed carbon dioxide and methane, measured with the 

biochemical methane potential method (BMP) (Ruggero et al., 2019). These levels will vary according to 

factors like the content of organic matter, pH, and temperature. Normally, the higher the organic content, 

the higher the percentage of biogas produced, and in thermophilic conditions, there is a higher 

methanogenic activity, and therefore, faster breakdown of the organic matter.  

In either anaerobic or aerobic biodegradability tests, a blank and a positive control (normally 

cellulose) are used to compare the results obtained for the polymers in study (Ruggero et al., 2019). The 

quantity of the gasses produced is corrected by subtraction of the blank assay and compared with a 

theoretical production, which is based on the amount of carbon of the polymer (Quecholac-Piña et al., 

2020). This method is normally and more easily done in smaller closed reactors. In larger reactors, 

assessment of the biodegradation is usually done by direct analysis of the physical and chemical 

characteristics of the polymer (Quecholac-Piña et al., 2020). 

3.4.7- Scanning Electron Microscopy (SEM) 

Visual analysis methods are used as a confirmation of the obtained results since it assesses the 

surface changes of the tested material. The distribution of the particle size pieces (consistency, roughness 
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of the surface, holes and cracks, discolouring, defragmentation, erosion, and/or formation of biofilms) 

(Shah et al., 2008), and other signs of microbial colonization are visualized as an indicator of 

biodegradability (Alshehrei, 2017; Ruggero et al., 2019). Corrosive degradation can be evaluated through 

SEM (Scanning Electron Microscopy), which also identifies the biofilms on the polymer’s surface (Pires 

et al., 2022). This method uses a beam of electrons that when in contact with the sample, leads to an 

image with information about the surface topography and composition of the sample (Al-mutairi & Mousa, 

2021). However, samples need to be electrically conducted, to be able to be examined by this method, 

therefore, polymers need to be covered in a conductive material, normally gold particles, or use another 

technique, like environmental scanning electron microscope (ESEM) (Kayjhaii & Lindford, 2020). The 

presence of biofilm in the polymer does not necessarily mean there is biodegradation, as microorganisms 

can use the polymer surface only as support (Raddadi & Fava, 2019). Atomic force microscopy (AFM) 

characterizes the crystal surface of the polymer. High-resolution photographs can also be used as a 

technique to report macroscopy features of biodegradation, like colour changes, size, and roughness 

(Ruggero et al., 2019). However, these visual changes cannot be interpreted as signs of metabolic 

biodegradation, only as signs of microbial attack (Alshehrei, 2017; Shah et al., 2008). 

3.5- Microorganisms involved in plastics’ biodegradation 

The fast capacity that microorganisms show to adapt their metabolism to new anthropogenic 

compounds has made them a valuable asset in the maintenance of different environmental issues 

(Amobonye et al., 2021). Due to their quicker genetic modifications, and the natural selection of mutants, 

they have been responsible for preventing the bioaccumulation of many hazardous compounds 

(Amobonye et al., 2021). Even though human exploitation of nature has created an unprecedented 

disturbance in the natural balance, microorganisms have become a big focus in science to tackle this 

problem (Amobonye et al., 2021). 

There are already several microorganisms reported to be capable of degrading plastics to a 

certain degree, due to the presence of polymer degrading mechanisms and enzymes (Kaushal et al., 

2021). Over 90 genera of bacteria and fungi with the ability to biodegrade polymers were reported, even 

if the process was very slow and not very efficient (Alshehrei, 2017). The first plastic film formation 

through colonization of microorganisms was observed in the 1970s, and since then, the number of 

biodegradability studies has increased, increasing as well as the number of microorganisms found to be 

able to degrade plastics (Miri et al., 2022; Taghavi et al., 2021).  
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Distinct species of bacteria and fungi have been discovered to be able to degrade polymers, with 

higher relevance for biodegradable polymers. Among them are dominant bacterial species like 

Pseudomonas, Comamonas, Clostridium, Butyrivibrio (Borghesi et al., 2016), Arthrobacter, 

Corynebacterium, Bacillus, and Micrococcus (Atanasova, Stoitsova, et al., 2021) and the actinomycetes 

Streptomyces, Rhodococcus and Actinomadura (Amobonye et al., 2021). Generally, the most significant 

places of biomass sources for plastics biodegradation studies are contaminated sites, like landfill and 

contaminated soil, where the microbial community of the sites is in close contact with plastic waste 

(Matjasic et al., 2020). This leads to the isolation of competent degrading microorganisms, leading to 

higher efficiency of degradation (Miri et al., 2022). 

In the study of Matjasic et al., (2020), which reviewed 145 biodegradation reports, he found that 

21 % of the studies reported the genera of Pseudomonas as an effective initiator of plastic biodegradation, 

followed by 15 % of the studies reporting Bacillus and 17 % a mixture of the two genera (Matjasic et al., 

2020). Fungi have also played an important role in plastic biodegradation, with studies showing 

Aspergillus genes as the most prominent (Amobonye et al., 2021). Other fungal species with significant 

impacts on plastic biodegradation are Fusarium solani, Alternaria solani, Spicaria spp., Geomyces 

pannorum, Phoma sp., and Penicillium spp. (Amobonye et al., 2021). Leja & Lewandowicz (2010) also 

point out genera like Phanerochaete, Thermomyces, Clodosporium, Candida and others (Leja & 

Lewandowicz, 2010). Their hyphae’ special capacity to penetrate compounds and their ability to secrete 

hydrophobins that enhance hyphal attachment has shown to be significant in the initial colonization of a 

polymer (Amobonye et al., 2021). 

Tables A1.1 to A1.6 (Appendix 1) compile most of the bacteria (more than 280) and fungi (more 

than 100) known as PE degraders. Regarding PET, more than 40 bacteria and 15 fungi are involved in 

its biodegradation (Tables A1.7 and A1.8, Appendix 1), and the microorganisms degrading PCL are over 

50 (Tables A1.9 and A1.10, Appendix 1). 

In the following sections, specific information will be given about the microorganisms that are 

considered PE, PET, and PCL degraders. 

3.5.1- Microbiology of PE biodegradation 

Various gram-negative and gram-positive bacteria can degrade PE, including genera like 

Pseudomonas, Rhodococcus, Streptococcus, and Bacillus among others (Ghatge et al., 2020). For 

instance, Phormidium lucidum and Oscillatoria subbrevis, two cyanobacteria, showed a decrease of 30 % 
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of the initial molecular weight of the polymer after 42 days (Ru et al., 2020). Taghavi et al. (2021) report 

an increase in the percentage of degradation of PE polymer (around 15 wt%) when incubated with a mixed 

culture of Pseudomonas sp. and Aspergillus niger, compared to the pure cultures (7.2 wt% and 12.4 wt%, 

respectively). Serratia marcescens was described to be able to biodegrade PE, being observed a 36 % 

weight loss after 70 days of incubation (Ru et al., 2020). Pseudomonas sp. strain AKS2 was observed to 

form biofilms in the polymer surface and degraded around 5 % of PE in 45 days (Ghatge et al., 2020). 

In terms of fungi, genera like Aspergillus, Fusarium, Penicillium, and Phanerochaete were 

reported to biodegrade PE (Ghatge et al., 2020). It is thought that fungi are more efficient at degrading 

PE than bacteria due to their ability to attach to hydrophobic surfaces (Ghatge et al., 2020). A study of 

biodegradability using soil mixed with sewage sludge, found that fungal strains Fusarium sp. AF4, 

Aspergillus terreus, and Penicillium sp. were able to form biofilms on the plastic’s surface after 10 

months, hinting at some capacity to utilize the polymer as a carbon source. that used soil mixed with 

sewage sludge (Shah et al., 2008). In another study, Fusarium sp. FSM-10 and Aspergillus sp. FSM-3 

showed good results, with a weight reduction of 8- 9 % after 60 days of incubation (Ghatge et al., 2020). 

It was observed that for PE, the upper molecular weight limit for microbial degradation was 

around 2000 Da, being considered a very important factor in the biodegradation of this polymer (Ru et 

al., 2020). 

3.5.2- Microbiology of PET biodegradation 

The most promising bacterial isolates known to be able to degrade PET, are gram-positive 

bacteria from the phylum Actinobacteria, and the most characterized genera are Thermobifida and 

Thermomonospora (Danso et al., 2019).  

Ideonella sakaiensis is a bacterium discovered in 2016, in a PET recycling factory, reported for 

its’ capacity to assimilate PET, due to the secretion of a cutinase-like enzyme (Amobonye et al., 2021; W. 

Zeng et al., 2022). Microorganisms like Bacillus licheniformis, Bacillus subtilis, Thermobifida fusca, and 

Thermomyces insolens have also shown promising results in PET biodegradation (R. Wei & Zimmermann, 

2017), and will be discussed further in section 3.6.2. 

In terms of fungi, species like Pichia pastoris and Yarrovia lipolytica have been used to study PET 

biodegradation, especially as expression systems (X. Qi et al., 2022). Fusarium oxysporum and Fusarium 
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solani have also been reported to be able to biodegrade PET, although their mechanism has yet to be 

studied (Taniguchi et al., 2019). 

3.5.3- Microbiology of PCL biodegradation 

Under laboratory conditions, strains like Pseudomonas and Streptomyces have shown promising 

activity relating to PCL biodegradation (Borghesi et al., 2016). A bacteria belonging to the genus 

Clostridium was found to biodegrade PCL under anaerobic conditions (Tokiwa et al., 2009). Another 

bacteria reported to biodegrade this polymer was Bacillus pumilus strain KT102 (Tokiwa et al., 2009)). 

In terms of fungi, species from Aspergillus and Fusarium genera were found to be among the 

number of microorganisms that can biodegrade PCL (Hosni, 2019). A fungus isolated from soil- 

Penicillium oxalicum strain DSYD05-1 was reported to be able to completely biodegrade high molecular 

weight PCL only after 10 days. Another fungus, Aspergillus sp. Strain ST-01, also isolated from soil, was 

incubated with PCL for 6 days at 50℃, and results showed it was capable of biodegrading the polymer 

under aerobic conditions (Hosni, 2019). Colonostachys roseas was also reported to efficiently degrade 

PCL, with a degradation of 52,91 % for the film after 30 days, at 28℃ (Iram et al., 2019). Another 

Penicillium sp. (strain 26-1 (ATCC 36507) has also been reported to degrade PCL. This fungus can 

assimilate unsaturated aliphatic and alicyclic polyesters, and biodegradation results on PCL showed that 

it was able to almost completely degrade it in 12 days (Tokiwa et al., 2009). New microorganisms 

belonging to the Clostridium genus were also found to degrade PCL under anaerobic conditions (Hosni, 

2019). 

3.6- Enzymes and metabolic pathways involved in plastics’ biodegradation 

Enzymes are biological catalytic proteins that can act in reactions, making the turnover of 

substrates into products a quicker and more efficient process (Kaushal et al., 2021). The main 

mechanism of action of the enzymes involved in plastic biodegradation is the 

hydrolysis/oxidation/hydroxylation of the polymer chain into oligomers and monomers (Mohanan et al., 

2020).  

It is thought that extracellular enzymes are the first to attack large, high molecular weight 

polymers (Mohanan et al., 2020), and they act in two different ways. In exo-attacks cleave the chain 

terminus and result in small oligomers or monomers products, while endo-attacks cleave along the 
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polymer chain, forming different molecular weight fragments. Normally, products from exo-attacks are 

small enough to be directly assimilated by the cell, while products from endo-attacks need further 

degradation to be assimilated (Wilkes & Aristilde, 2017). 

Esterases, lipases, depolymerases, and cutinases are members of the hydrolase family, which 

comprises the majority of the known polymer degrading enzymes (Kaushal et al., 2021). Their binding 

grooves are often extensive and adaptable to accommodate the binding of the polymer long chain, 

possessing a flat active site that facilitates the binding of the enzyme to the substrate (Chen et al., 2020). 

Additionally, because of their small size and low molecular weight, these typically extracellular enzymes 

can permeate into dense polymer structures (Chen et al., 2020). Oxygenases also play an important role 

in plastic biodegradation, since they add oxygen molecules to their chains, which leads to the creation of 

alcohol and proxyl products, that are less recalcitrant and, consequently, easier to biodegrade (Jaiswal et 

al., 2020). Hydrolases are hydrolytic enzymes that function in the presence of water, (Kaushal et al., 

2021) and are considered crucial in plastic biodegradation (Wilkes & Aristilde, 2017). Enzymes adhere 

to the surface of the plastic by hydrophobic interactions, due to the presence of a hydrophobic cleft near 

the active site of the enzymes (Kaushal et al., 2021), that increases the access of the polymer to the 

enzymes, accommodating of the polymer’s hydrophobic groups (Kaushal et al., 2021). 

Although many enzymes that can degrade polymers have been discovered, there is still a long 

path to achieve the goal of making polymers biodegradation an efficient and industrial process. One of 

the first steps to be considered is the need to enhance enzyme activity in plastics, that can be achieve by 

manipulation of enzymes. This could lead to more stable and resistant enzymes to different environments, 

and to an easier and more efficient accommodation of the polymers to their active site. Additionally, the 

fusion of enzymes together could help improve their efficiency and even accommodate more than one 

plastic at once. The microorganisms isolation processes also needs to be standardised to make results 

more uniform between experiments (Kaushal et al., 2021). In this section, the enzymes known to be 

involved in PE, PET and PCL’s biodegradation will be discussed. Additionally, information on the known 

metabolic pathways for the biodegradation of the aforementioned polymers will also be given. 

3.6.1- Biodegradation of PE 

Contrary to the number of microorganisms that have been found so far to be able to degrade PE, 

only four types of enzymes have been discovered that can attack the PE chain (Ru et al., 2020). 
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Laccases are a group of enzymes capable of catalysing the oxidation of different polyaromatic 

compounds and some non-aromatic substrates and are primarily produced and secreted by lignin-

degrading fungi (Kale et al., 2015). PE-degrading Actinomyces and ligninolytic white-rot fungus produce 

these laccases that increase the number of carbonyl groups in PE, lowering its molecular weight (Chen 

et al., 2020). This activity needs the presence of co-factors like Cu, and the presence of redox catalysts 

increases the biodegradation observed (Chen et al., 2020). The oxidation of the polymer by Rhodococcus 

ruber C208 extracellular laccase was also observed, leading to the generation of carbonyl groups and a 

decrease in the plastic molecular weight (Ru et al., 2020). 

Alkane hydroxylase (AH), was first found in Pseudomonas sp. E4 (Amobonye et al., 2021), and 

its system is comprised of 3 components, an electron-generating reductase, an electron-transporting 

small Fe-binding protein, and a membrane-bound oxygenase (non-haemic iron monooxygenase- alkB) 

(Chen et al., 2020). Although the metabolic pathway involved in this biodegradation remains unclear, the 

understanding of these mechanisms has already allowed for recombinant expression of the genes 

corresponding to three alkane hydroxylase- alkB, alkB1, and alkB2, in Escherichia coli system, with a 

30 % loss in polymer molecular weight (Chen et al., 2020). These enzymes are known to metabolize n-

alkanes compounds, a characteristic common to the species that can degrade PE (Mohanan et al., 2020).  

The pyrolytic hydrocarbons of PE can be degraded through a terminal oxidation process. It starts 

with the action of an alkaline hydroxylase (AH) that oxidases a terminal methyl group, generating a primary 

alcohol (Figure 7) (Montazer et al., 2020; Ru et al., 2020). This product then suffers further oxidation by 

alcohol dehydrogenase (AD) to form an aldehyde that is transformed into fatty acids by aldehyde 

dehydrogenase (ADL) (Figure 7) (Ru et al., 2020). These fatty acids are joined to CoA by an acetyl-CoA 

synthase and then converted to acetyl-CoA, L-β-hydroxy acyl-CoA, and trans-2-decenoyl-CoA by β-oxidation 

(Ru et al., 2020). Acetyl-CoA enters then the tricarboxylic acid cycle to generate succinic acid or 

acetoacetyl-CoA, which can be converted to PHA. The L-β-hydroxy acyl-CoA can be converted to D-β-

hydroxy acyl- CoA by isomerization, being the next step in its conversion to PHA through a PHA synthase 

(PhaC) (Ru et al., 2020). The last by-product has a more complex end pathway, that ends in its 

transformation into biosurfactants.  
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On the other hand, pyrolysis in aerobic conditions would cleave PEs’ long chain, but also 

introduce carbonyl and hydroxyl groups into its backbone, improving the bioavailability of pyrolytic 

hydrocarbons (Ru et al., 2020). This would allow its usage as a carbon source for microbial fermentation, 

producing PHA by some microorganisms (Ru et al., 2020). 

Peroxidases and reductases are also involved in the biodegradation of PE polymers (Amobonye 

et al., 2021). In specific, manganese peroxidase first screened from lignin-degrading fungi- Phanerochaete 

chrysosporium was shown to be able to decrease the polymer tensile strength and average molecular 

weight (Kale et al., 2015; Ru et al., 2020).  

Regarding reductases, it was concluded that the biodegradation of PE chains begins with the 

reduction of rubredoxin by the enzyme (that contains this rubredoxin in its constitution). That leads to the 

formation of electrons that are transported to an oxygenase, which reacts with oxygen to conduct 

hydrocarbon oligomers oxidation (Chen et al., 2020). This results in products that can then be further 

oxidized and degraded (Chen et al., 2020).  

Santacruz-ju et al., (2021) reported hypothetical pathways for PE biodegradation in aerobic 

conditions, with three different enzymes, a laccase (Lac), a manganese peroxidase (MnP), and a lignin 

peroxidase (LiP) (Santacruz-ju et al., 2021). After the initial oxidation, PE fragments become more 

Figure 7: Proposed metabolic pathway for PE biodegradation. Adapted from Ru et al. (2020). 
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hydrophilic, resulting in easier access to enzymes like lipases and esterases, that help with further 

degradation of the polymer (Jacquin et al., 2019). Manganese peroxidase and lignin peroxidase need 

H2O2 as an electron-accepting co-substrate. With MnP, the H2O2 would be cleaved into OH free radicals, 

that bind to the hydrogen water of the heme group of the enzyme and the Fe2+. After some other reactions, 

this would lead to the generation of oxymanganese free radicals, and its’ oxygen molecule would react 

with PE once the polymer enters the active site of MnP (Santacruz-ju et al., 2021). This would form the 

oxoferryl-MnP free radical complex, resulting in the cleavage of PE into several small molecules, like 

alkanes, ethyl free radicals, and ethanol. Ethanol can then be oxidised into acetic acid, entering the Krebs 

cycle. The other molecules would enter the catalytic site of the enzyme once more, breaking down and 

forming an oxymanganese free radical, causing an oxidation reaction. Otherwise, alkane free radicals 

could be oxidized to dodecanal, which in turn would be oxidised into dodecanoic acid. This compound 

would react with ethyl free radical, forming tetradecanoic acid, which would react with CoA producing 

tetradecanoyl-CoA. This molecule would then undergo β-oxidation, forming acetyl-CoA, and entering the 

Krebs cycle (Santacruz-ju et al., 2021). 

The laccase from Tinea versicolor has copper ions organized in three Cu centres- Cu1, Cu2, and 

Cu3. In PE biodegradation, it was hypothesized that the polymer would come in contact with Cu1, resulting 

in a released electron that would bind to Cu2 centres’ hydroxyl group, releasing a water molecule. With 

this, the Cu centres would form an electron flux, regulating the concentration of H2O2 in the medium. This 

would lead to OH free radicals, one of which would bind to Cu3, forming PE free radicals, and the other 

generating a water molecule (Santacruz-ju et al., 2021). The free radicals would be then homolytically 

cleaved, generating alkane free radicals, which would be oxidized by Lac into alcohols, liberating a water 

molecule. The compounds would be oxidized into aldehydes and then into carboxylic acids, which can 

enter the Krebs cycle (Santacruz-ju et al., 2021). 

The hypothetical path of PE biodegradation by LiP starts with the homolytic N-Fe3+ bond cleavage 

of the iron-porphyrin complex of the enzyme, resulting in the porphyrin π-cation free radical• H2O2. This 

leads to the breakage into two OH free radicals, where one binds to the propionic acids’ hydrogen, and 

the other to Fe3+, releasing a water molecule (Santacruz-ju et al., 2021). Then, this would form an oxyferryl 

complex, that reacts with PE, generating free radicals and releasing a water molecule. This would form 

alkane free radicals, being then oxidized into alcohols in the presence of H2O2, liberating a water molecule. 

The alcohols would then be transformed into carboxylic acids, forming the heme iron-superoxo complex 

free radicals. This would release a water molecule, with the acids entering the Krebs cycle (Santacruz-ju 
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et al., 2021). Santacruz-ju et al. (2021) also report a hypothetical pathway for biodegradation with the 

three enzymes, highlighting that MnP and LiP have higher efficiency in biodegrading PE since they have 

bigger active centres, but Lac is important since it provides the H2O2 those enzymes need (Santacruz-ju 

et al., 2021). 

In Rhodococcus rhodochrous, after the cleavage of the polymer to oligomers with 600 Da, they 

are transported into the cells by Major Facilitator Superfamily (MFS) carriers or harbouring ATP-binding 

cassettes. Then β-oxidation transforms these oxidized carboxylic molecules into acetyl CoA or propionyl 

CoA that is integrated into the normal metabolism of the microorganism (Jacquin et al., 2019). Another 

metabolic pathway for PE was described, where, in a succession of oxidations, dehydrogenations, and 

carbon-carbon bond breaking, PE is transformed into acetic acid, which is assimilated into the cells and 

integrated into the TCA cycle (Wilkes & Aristilde, 2017). 

3.6.2- Biodegradation of PET 

Carboxylesterases, lipases, esterases, and cutinases can hydrolyse PET, and its enzymatic 

hydrolysis has been observed to be based on surface erosion mechanisms (Amobonye et al., 2021; X. Qi 

et al., 2022). However, in studies reported so far, these enzymes have only been able to biodegrade a 

limited part of PET (Taniguchi et al., 2019) and most PET-hydrolysing enzymes are cutinases (Maurya et 

al., 2020; Taniguchi et al., 2019).  

Cutinases don’t have a lid covering their hydrophobic binding site, contrary to lipases, which 

results in broader binding site, allowing them to bind to a wider range of substrates (Chen et al., 2020; 

R. Wei & Zimmermann, 2017). Improving these cutinases would be the next step toward higher PET 

biodegradation, making them more stable and thermotolerant (Chen et al., 2020). One way to improve 

this enzyme is to fuse them to binding domains, like carbohydrate-binding modules (CBM) or 

polyhydroxyalkanoate binding domains (PBM) that confer the enzyme a higher affinity by having that 

hydrophobic binding domain (Mohanan et al., 2020). It was shown that the binding to hydrophobins, 

increased the depolymerization of PET by 16 times, using a cutinase, however, few cutinases have been 

discovered that can degrade the inner bulk (by at least 10 %) of this polymer (Mohanan et al., 2020). 

Because of the limited volume of the esterase binding site, they can only work on the oligomers rather 

than the entire polymer (Chen et al., 2020). 

PETase and MHETase are two well-studied enzymes that can degrade PET to some extent. They 

were first discovered through the study of Ideonella sakaiensis, which was able to grow on waste bottles 
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and degrade PET into its’ terephthalic acid and ethylene glycol monomers (Kaushal et al., 2021). These 

PET-degrading hydrolases contain disulphide bonds produced by cysteine residues, that confer thermal 

stability and the specific binding to PET (Danso et al., 2019). The PETase described from this 

microorganism has a 3-dimensional structure akin to cutinases, but with an additional disulphide bond 

(Danso et al., 2019). Both enzymes have specific roles in PET biodegradation, with PETase hydrolysing 

the conversion of the polymer to its oligomers, and MHETase hydrolysing further those oligomers into 

monomers (Figure 8) (Taniguchi et al., 2019). 

 

The metabolic pathway for Ideonella sakaiensis 201-F6 is well described (Chen et al., 2020). PET 

biodegradation starts with the cleavage of the polymer ester bond by hydrolases, resulting in incomplete 

hydrolysis products like MHET (mono(2-hydroxyethyl) terephthalate), and BHET (bis(2-hydroxyethyl) 

terephthalate). In some microorganisms, MHET is further hydrolysed into TPA (terephthalic acid) and EG 

(ethylene glycol), and BHET into MHET, TPA, and EG. TPA and EG can be then used by other non-PET-

degrading microorganisms, by entering the tricarboxylic acid cycle (TCA cycle) (Figure 9) (X. Qi et al., 

2022). 

Figure 8: Suggested PET metabolic pathway, by Ideonella sakaiensis. TPA- terephthalic acid, EG- ethylene glycol, PETase, and 
MHETase- two I. sakaiensis enzymes. Adapted from Tanigchi et al. (2019). 
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The mechanism of degradation of Ideonella sakaiensis 201-F6 starts with the secretion of 

IsPETase, which hydrolyses the ester bonds of PET to produce MHET, and small amounts of BHET and 

TPA (Chen et al., 2020; Miri et al., 2022; Mohanan et al., 2020). Some fungi were discovered to have 

this same mechanism, transforming PET into BHET and MHET (Jacquin et al., 2019). Then, these 

products are taken up by the cell and transformed into TPA by MHETase (Chen et al., 2020; Mohanan et 

al., 2020). Its crystal structures suggest a broader binding site than other PET-hydrolysing cutinases, 

making binding to larger PET molecules easier which would result in a higher preference for PET (Chen 

et al., 2020). Once within the cell and converted to TPA, these products suffer transformation by TPA 

dioxygenase (TPADO) into DCD (1,6-dihydroxycyclohexa-2,4-diene-dicarboxylate) (Ru et al., 2020). DCD 

can then be further oxidized by a dehydrogenase- TphB (1,2-dihydroxy-3,5-cyclohexadiene-1,4- 

dicarboxylate dehydrogenase) and form PCA (protocatechuate). This compound can be degraded by 3,4-

dioxygenase (PCDO), 4,5-dioxygenase, and 2,3-dioxygenase onto different cleavage pathways (Ru et al., 

2020). In one of those, it is transformed into 4-carboxy-2-hydroxymuconic which is the substrate of a 

dehydrogenase and forms 2-pyrone-4,6- dicarboxylic acid. This substrate can then enter the TCA cycle, 

being transformed into oxaloacetate and pyruvate (Figure 9) (Amobonye et al., 2021; Jacquin et al., 

2019).  

Figure 9: Proposed PET biodegradation pathway. Adapted from Miri et al. (2022) and Mohanan et al. (2020). 
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EG, the other by-product of MHET hydrolysis, can be easily degraded by acetogens, to form 

ethanol and acetaldehyde, which are then converted into acetate via acetyl-CoA (Figure 9) (Ru et al., 

2020). It was also reported the metabolism of EG into oxidation products like glycolaldehyde, glyoxal, 

glycolate, and glyoxylate (Mohanan et al., 2020).  

Pseudomonas putida KT2440 was found to not be able to use EG as its sole carbon source, but 

a laboratory isolated mutant was discovered to be able to grow on it. Comparative genomic analyses 

between the two strains revealed a regulator (GclR) that had a central role in repressing the glyoxylate 

carboligase pathway (Ru et al., 2020). As a result of overexpression of the glyoxylate carboligase and 

glycolate oxidase operons, the wild strain was able to use EG as its sole carbon source for growth 

(Mohanan et al., 2020; Ru et al., 2020).  

Fungal cutinases have also shown the capacity to partly degrade PET, and some examples reside 

in the phyla Fusarium and Humicola (Danso et al., 2019). Thermomyces insolens cutinase has shown to 

be a very active fungal hydrolase. It is known that PET’s glass transition temperature is above 65℃, and 

above this temperature, the amorphous parts of its’ chain become more flexible, facilitating the enzymatic 

attack (R. Wei & Zimmermann, 2017). The cutinase from T. insolens is thermostable, so in a study 

conducted at 70℃, for 96h, the PET in film used was almost entirely degraded, showing the high 

efficiency of this enzyme, even for the crystalline part of the polymer (R. Wei & Zimmermann, 2017). 

Additionally, an Actinomycete cutinase- TfH, from Thermobifida fusca was also reported to effectively 

degrade PET, with a weight loss of up to 50 % of low-crystallinity PET after 3 weeks at 55℃ (Ru et al., 

2020).  

A large-scale global genome and metagenome database search has been performed for PET 

hydrolases, and it identified more than 800 potential enzymes in bacterial and archaeal genomes. This 

suggests the global distribution of these enzymes through marine and terrestrial metagenomes (Danso 

et al., 2019). 

3.6.3- Biodegradation of PCL 

PCL biodegradation in nature has been observed to be attributed to extracellular enzymes like 

depolymerases- esterases, cutinases, and lipases (Lyu et al., 2019; Nawaz et al., 2015). PCL’s chemical 

structure enables biodegradation by microorganisms through the hydrolysis of the ester linkage between 

the molecules, which leads to chain scission (Borghesi et al., 2016; Nevoralová et al., 2020). This stage 

includes a non-enzymatic hydrolytic ester cleavage, that results in gradual chain scission. It is 
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autocatalyzed by the carbon end groups, of the polymer chain (Leja & Lewandowicz, 2010; Woodruff & 

Hutmacher, 2010). Then, oligomers start to diffuse from the bulk, contributing to a weight loss stage, 

and the fragmented polymer can start suffering enzymatic erosion or phagocytosis (Leja & Lewandowicz, 

2010). 

Lipases have been more extensively studied in terms of PCL biodegradation, and three lipases, 

from different microorganisms (Rhizopus delemar, Rhizopus arrhizus, and Pseudomonas PS) have been 

reported as efficient accelerators of the polymer’s biodegradation (Stamps et al., 2016). Additionally, 

esterases and lipases from other microorganisms, like, Achromobacter sp., Candida cylindracea, but also 

Rhizopus delemar, and Rhizopus arrhizus were found to degrade polymers like PCL (Ahmed et al., 2018).  

A depolymerase from Streptomyces thermoviolaceus subsp. Thermovio-laceus 76T-2 was 

discovered to be responsible for the polymer degradation (Emadian et al., 2017). Efficient degradation 

was observed by a Rhizopus delemar lipase, especially because of the polymer’s low melting temperature 

(Ahmed et al., 2018). Other examples include the complete biodegradation of the polymer by a 

Pseudomonas lipase, in just four days (Blackwell et al., 2018; Thakur et al., 2021), and the 

biodegradation of the polymer by fungal phytopathogens, where their cutinases could have acted as PCL 

depolymerases (Blackwell et al., 2018). Other studies reported that enzymatic degradation by Aspergillus 

favus and Penicillium funiculosum was faster in the polymer’s amorphous regions (Tokiwa et al., 2009). 

In a recent study, two esterases were fused, using an end-to-end fusion technique to evaluate the 

biodegradability of PCL (Kaushal et al., 2021). After overexpression in Pichia pastoris it was observed 

that, only after 6 hours of incubation, the degradability rate of the polymer was much higher than with 

the two enzymes alone (Kaushal et al., 2021). The two principal by-products of the degradation were 6-

hydroxyhexanoic acid and a small percentage of ε-caprolactone (Kaushal et al., 2021). Another recent 

study reported two novel enzymes, a cutinase and a lipase, originated from a bacteria isolated from 

activated sludge- Pseudomonas hydrolytica sp. DSWY01T. Both enzymes biodegraded PCL into 

monomers and oligomers, with the cutinase reaching 70 % of biodegradation after 3 days, and the lipase 

75 % biodegradation after 8 days, preferentially attacking the amorphous region of the polymer (Li et al., 

2022). It was also highlighted that the modes of enzymatic attack were different between the two 

enzymes, in the sense that the degradation by the cutinase was linear throughout the experiment time, 

while the lipase had a slow stage for the first three days of degradation, followed by a fast stage in the 

next 4 days. This shows that different enzymes have different degradation rates, due to different 

degradation modes (Li et al., 2022). 
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The PCL biodegradation mechanisms reported include two different processes (Thakur et al., 

2021; Woodruff & Hutmacher, 2010), through surface erosion pathways, or the degradation of poly(α-

hydroxy) esters via bulk degradation, through hydrolytic degradation (Thakur et al., 2021; Woodruff & 

Hutmacher, 2010). Surface erosion, as the name suggests, implies the degradation of the polymer 

surface by hydrolytic cleavage. When the rate of water diffusion into the bulk is slower than the rate of 

hydrolysis of the chain, the degradation of the polymer starts with surface erosion. As a consequence, 

monomers and oligomers that diffuse into the medium are produced, resulting in a thinning of the 

polymer, without disturbing the molecular weight of the inner bulk of PCL (Thakur et al., 2021; Woodruff 

& Hutmacher, 2010). This results in a big weight loss of the polymer, but little decrease in molecular 

weight. This enzymatic degradation happens more frequently at the end of the chain and in chain folds 

(Thakur et al., 2021). 

In bulk degradation, which happens when water can more rapidly diffuse into the polymer bulk, 

there is a hydrolytic chain scission that can produce a reduction in the molecular weight of the plastic 

(Figure 10) (Thakur et al., 2021; Woodruff & Hutmacher, 2010). This hydrolysis reacts randomly in the 

polymer chain (Thakur et al., 2021), and the monomers and oligomers produced would then slowly 

diffuse out of the bulk, resulting in gradual erosion of the polymer (Woodruff & Hutmacher, 2010). 

However, it is observed an increase in crystallinity, since the cleavage will mainly occur in amorphous 

regions (Thakur et al., 2021). When these by-products do not diffuse quickly enough, they start to 

accumulate in the bulk and create an acidic environment, since new carboxyl end groups keep 

accumulating. As a consequence, the internal degradation of the polymer is accelerated, in comparison 

to surface erosion, producing a polymer with a low molecular weight interior, and a high molecular weight 

surface (Thakur et al., 2021; Woodruff & Hutmacher, 2010). In higher temperature environments, where 

PCL is found to biodegrade, it is cleaved by end chain scission, while random chain scission happens at 

lower temperatures (Thakur et al., 2021). 

In a study of biodegradation of PCL in medical applications, it was observed, first, the non-

enzymatic hydrolytic cleavage of the ester groups (Figure 10) (Azimi et al., 2014), mainly in amorphous 

parts of the polymer (Thakur et al., 2021). Then, intracellular degradation would happen, after the 

crystallinity increases and the molecular weight drops to 3000 (Azimi et al., 2014). This was shown in 

the degradation by macrophages and giant cells (Azimi et al., 2014; Woodruff & Hutmacher, 2010). 

Woodruff & Hutmacher (2010) studied the biodegradation of PCL in living organisms and reported that 

high-molecular-weight polymers pose a much harder plastic to biodegrade than lower molecular weight 
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ones. This higher molecular weight implied a longer chain length and a bigger number of ester bonds 

that needed to be cleaved to produce water-soluble monomers and oligomers (Woodruff & Hutmacher, 

2010). They reported the case of an in vivo experiment in rats, wherein the first two weeks, was only 

observed a non-enzymatic bulk hydrolysis. After 9 months it was observed an implant fragmentation, 

since only then was the molecular weight reduced to 5000 g/mol, resulting in a mass loss, that 

fragmented PCL (Woodruff & Hutmacher, 2010).  

 

In another study, with low molecular weight powder, it was observed a rapid degradation and 

absorption of the polymer, by the organism, only after 13 days. The body’s macrophages and giant cells 

were able to uptake the polymer, and it was degraded in their phagosomes, resulting in a sole by-product- 

6-hydroxyl caproic acid (Figure 10). This intermediate is known to enter the citric acid cycle, together with 

Acetyl-CoA, before being eliminated from the organism (Figure 10) (Woodruff & Hutmacher, 2010). It was 

observed that the presence of polysaccharides enhances the rate of degradation of PCL by 

microorganisms (Nevoralová et al., 2020). 

Figure 10: Proposed metabolic pathway for PCL biodegradation. Adapted from Woodruff & Hutmacher (2010). 
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3.7- Plastic biodegradation under thermophilic conditions 

Thermophilic microorganisms are organisms that are able, not only to endure, but to actively 

grow in extreme conditions, more specifically, in extreme temperatures (Atanasova, Stoitsova, et al., 

2021). Most of the thermophiles are assigned to Bacteria and Archaea domains, but also to Eukarya 

(Gomes et al., 2016), although they are less appropriate for thermophilic studies since they endure lower 

temperatures compared to prokaryotes (Atanasova, Stoitsova, et al., 2021). Thermophiles grow in 

temperatures between 45℃ and 122℃, and depending on the range they can endure, they are divided 

into different groups (Atanasova, Stoitsova, et al., 2021). Hyperthermophiles have an optimal growth 

temperature above 80℃, and some typical bacterial genera of hyperthermophiles are Aquifex, 

Hydrogenobacter, and Thermotoga (Atanasova, Stoitsova, et al., 2021). 

Extreme thermophiles thrive at temperatures between 65℃ and 80℃ and some representative 

genera are Thermus and Rhodothermus. With a range of growth between 50℃ to 70℃, they are called 

obligate thermophiles, although their optimum temperature is between 55℃ and 65℃. Some examples 

are the Anoxybacillus, Brevibacilus and Geobacillus genera (Atanasova, Stoitsova, et al., 2021). Finally, 

there are facultative thermophiles that have an optimum growth temperature between 41℃ and 50℃. 

Some mesophilic microorganisms can stand temperatures below 41℃, being called thermotolerant 

because they have, however, a lower optimum temperature (Atanasova, Stoitsova, et al., 2021). The 

majority of thermophilic fungi stand in the Zygomycota and Ascomycota phyla (Gomes et al., 2016). 

The tolerance to higher temperatures is caused by an adaptation of thermophilic and 

hyperthermophilic microorganisms’ membranes, proteins, and DNA. Proteins are resistant to higher 

temperatures because of intrinsic characteristics, where their’ molecular structure suffers an increase in 

rigidity and resistance to folding (Gomes et al., 2016). The main mechanism thought to influence this 

resistance is the “hydrophobic effect” where hydrophobic residues are retained by the molecule, blocking 

contact with water. This results in a native structure that has a low tendency for unfolding. Additionally, 

the secondary structure of thermophilic proteins has a propensity to have a higher number of β-sheet 

and α-helices than mesophilic proteins (Gomes et al., 2016). Furthermore, they can also present shorter 

proteins and the involvement of heat shock proteins that assist protein folding (Atanasova, Stoitsova, et 

al., 2021). Their membranes have suffered the incorporation of branched fatty acids, which makes them 

more stable to those temperatures, and also have an active system for DNA damage repair (Atanasova, 

Stoitsova, et al., 2021). In terms of differences in their enzymes, these microorganisms have evolved to 
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produce more rigid enzymes that are resistant to proteolysis and denaturing agents (Atanasova, Stoitsova, 

et al., 2021). 

The advantages of thermophiles in biotechnological processes go from the reduction of 

contamination by mesophilic microorganisms to diminishing the viscosity of the medium, as well as 

boosting the bioavailability and solubility of organic compounds and the diffusion of substrates and 

products, which results in higher reaction rates (Gomes et al., 2016). The use of stable enzymes at higher 

temperatures results in a longer period of hydrolysis of the backbone of the polymers (Gomes et al., 

2016), and therefore, higher enzyme activity in a decreased polymer strength (Atanasova, Stoitsova, et 

al., 2021). 

3.7.1- Thermophilic microbiology of PE biodegradation 

Bacteria like Brevibacillus borstelensis and Aneurinibacillus sp. were observed to reduce PE’s 

molecular weight at 50℃ (Atanasova, Paunova-krasteva, et al., 2021). Specifically, Brevibacillus 

borstelensis strain 707 was isolated from soil and studied for its capacity to degrade LDPE, for 30 days. 

The study resulted in a reduction in gravimetric weight by 11 % and a weight loss of 30 %. FTIR analysis 

revealed a reduction in carbonyl groups, indicating bacterial degradation (Arutchelvi et al., 2008; 

Atanasova, Stoitsova, et al., 2021; Kale et al., 2015). Another study isolated Bacillus sp. BCBT21 from 

composting agricultural residues and observed about a 44 % decrease in the polymer molecular weight, 

after 30 days of incubation, at 55℃ (Atanasova, Stoitsova, et al., 2021). Skariyachan et al. (2017) 

reported degradation of LDPE and HDPE strips and pellets (by 75 % for LDPE strips, 55 % for LDPE 

pellets, 60 % for HDPE strips and 43 % for HDPE pellets) in incubation with cow dung as inoculum. The 

experiment was performed for 120 days at 55℃, and a bacterial consortium composed of Pseudomonas 

spp., Stenotrophomonas spp., Bacillus spp., and Paenibacillus spp., among others was responsible for 

that biodegradation (Skariyachan et al., 2017). 

3.7.2- Thermophilic microbiology of PET biodegradation 

PETs’ polymer chain’s amorphous sectors become more mobile at temperatures ranging from 

65℃ to 75℃. Some microorganisms that can degrade PET belong to the phylum Actinobacteria, like 

the genera Thermobifida and Thermomonospora, are all thermophilic microorganisms. Species like 

Thermobifida alba, Thermobifida halotolerans, Thermobifida fusca, and Thermomonospora curvata have 

been specifically studied (Atanasova, Stoitsova, et al., 2021). Specifically, Thermobifida fusca was able 
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to decrease the molecular weight of the polymer by 50 %, after 3 weeks of incubation at 55℃. The 

recombinant expression of T. fusca enzyme was done in Bacillus subtilis, it was reported the dominant 

presence of that enzyme in the medium, and a 97 % degradation of the amorphous part of the polymer 

after 120h of incubation at 70℃ (Atanasova, Stoitsova, et al., 2021). Additionally, it was also reported 

the degradation of PET by genetically engineered Clostridium thermocellum, at 60℃, with 60 % of 

degradation after 14 days. The bacterium was engineered to produce a thermophilic cutinase- LCC, 

resulting in better degradation than other whole-cell-base mesophilic biodegradation of PET (X. Qi et al., 

2022; Yan et al., 2021). 

3.7.3- Thermophilic microbiology of PCL biodegradation 

Several thermophilic species of microorganisms have been reported to be able to degrade PCL. 

Its melting point is around 60℃, which makes the degradation at these higher temperatures more 

efficient (Atanasova, Stoitsova, et al., 2021). In one study, 31 isolates of thermophilic polyester degrading 

actinomycetes were reported to be able to degrade PCL, as well as other plastics like PHB and PES 

(Polyethylene succinate). Some of the genera discovered were Actinomadura, Microbispora, 

Streptomyces, Thermoactinomyces and Saccharomonospora (Tokiwa et al., 2009). 

Thermophilic bacteria isolated from compost have been discovered to degrade PCL at 55℃. It 

was observed that Streptomyces thermonitrificans degraded PCL more efficiently when co-cultured with 

Bacillus licheniformis HA1, at 50℃ for 48h, being observed 70 % degradation with compost as a co-

substrate. The single culture with S. thermonitificans showed a decrease in the molecular weight of the 

plastic 72h after incubation and 35 % decomposition after 6 days of composting. Nevertheless, when co-

cultured with B. licheniformis, the degradation reached 70 % after only 48h (Atanasova, Stoitsova, et al., 

2021). In another study, complete biodegradation of PCL was observed within 6h of incubation at 45℃ 

by Streptomyces thermoviolaceus subsp. Thermoviolaceus 76T-2 (Atanasova, Stoitsova, et al., 2021).  

Thermomyces lanuginosus, isolated from compost, was reported as capable of biodegrading 

PCL, at 50℃ (Hosni, 2019). A thermophilic Bacillus sp. TT96, isolated from soil, was reported to have 

the capacity to form clear zones on PCL agar plates (Tokiwa et al., 2009). Moreover, a thermotolerant 

Aspergillus sp. strain ST-01, also isolated from soil, was reported to degrade PCL after 6 days at 50℃ 

(Tokiwa et al., 2009). 
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3.8- Taxonomic identification of microorganisms in complex microbial communities 

Microbial communities are usually highly diverse, and knowing which microorganisms have key 

functions for plastics biodegradation, is still challenging. Nevertheless, microbial ecology methodologies 

are useful to get further insights into microbial diversity and function, without the need for isolation 

(Boughner & Singh, 2016; Mishra et al., 2019). 

Most microbial ecology methods rely on the analysis of taxonomic markers, such as the 16S 

rRNA or the 18S rRNA genes, for the identification of the prokaryotic and eukaryotic microorganisms, 

respectively, that are present in microbial communities (Boughner & Singh, 2016; Phadke et al., 2017). 

The recent development of next-generation sequencing (NGS) technologies has allowed to rapidly 

sequence those genes from microbial communities and retrieve both microbial identification and relative 

abundance of the different species inside the communities (Boughner & Singh, 2016). 

Sequencing of the rRNA gene is a very efficient method for metagenomic studies, used for 

microbial identification (Sogin et al., 2006). rRNA is present in all organisms and has a constant 

functionality and a dominant concentration in the cells since is it needed for the transduction of new 

proteins (Boughner & Singh, 2016). It contains conserved regions that are similar in all prokaryotes and 

eukaryotes, and enable the usage of specific target sites for PCR primers, but also contains 9 variable 

regions that allow the differentiation between strain identification (Illumina Tecnical Support, 2013; 

Phadke et al., 2017). The information it contains in those variable regions makes it a biomarker and a 

phylogenetic marker (Boughner & Singh, 2016).  

Most of the NGS technologies used are PCR-dependent, which are based on the amplification of 

the fragment of interest to increase the signal-to-noise ratio (Phadke et al., 2017). The first step in this 

methodology is the extraction of the DNA and the isolation from cellular debris (Mishra et al., 2019). This 

happens through cell disruption, which can be performed through mechanical or chemical methods. Then 

the cell debris are separated from the genetic material, usually through centrifugation, followed by the 

separation of proteins from the nucleic acids (Phadke et al., 2017). It is necessary to take the sample 

origin and characteristics into consideration when performing DNA extraction, as some environments 

have natural nucleic acid binders or PCR inhibitors (Boughner & Singh, 2016). Then, PCR is performed 

by using specific primers to amplify the sequence of interest, like the 16S or 18S rRNA genes (Phadke et 

al., 2017) followed by one of three different approaches.  
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The first one is microbial community identification through cloning of the fragment into a cloning 

vector and its insertion in a host for prior sequencing, which can result in clone libraries (Mishra et al., 

2019). The second approach for PCR-based methods of DNA/RNA characterization is the separation by 

electrophoreses right after the PCR, which can be coupled with other techniques that allow more accurate 

differentiation of the fragments (like denaturing gradient gel electrophoresis- DGGE) (Mishra et al., 2019). 

The third methodology involves enzymatic digestion and separation by electrophoresis, also coupled with 

other techniques that give a clear identification of the microorganisms in the sample (Mishra et al., 2019). 

These techniques are relatively fast and easy to perform, comparing several samples at the same time, 

and are culture-independent (Phadke et al., 2017). 

Sequencing can be done by various methods, with Sanger Sequencing being the most common, 

but it may also be performed by Illumina MiSeq technology (Boughner & Singh, 2016). The resulting 

sequences are compared with sequences in databases, like NCBI, using sequence alignment tools like 

Blast (Mishra et al., 2019). The percentage of similarity between the sequences of interest and the results 

from the sequence alignment dictates the identity of the microorganisms in the sample. When using 

Illumina technologies, after the first PCR amplification, the samples undergo another PCR, where specific 

primers with overhang adapters are used. This enables attachment of Illumina sequencing adaptors and 

indices (also called barcodes) to the samples in study. Illumina technologies (MiSeq, HiSeq, and NextSeq) 

are the most commonly used NGS platforms (Phadke et al., 2017). 
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4. Aims 

The aim of this thesis is to test the biodegradability of two synthetic plastics (polyethylene (PE) 

and polyethylene terephthalate (PET)) and two biodegradable plastics (polycaprolactone (PCL) and 

polyhydroxy butyrate/polybutylene adipate-co-terephthalate blend (PHB/PBAT)) by natural occurring 

microbiomes, i.e., leachate and marine sediments. Additionally, the aim is to identify the most active 

microorganisms during biodegradation.  
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5. Materials and Methods 

Plastic biodegradation assays were performed under aerobic and anaerobic conditions, using 

leachate or marine sediment as inoculum, and testing different plastics- PE, PET, PCL and PHB/PBAT. 

The leachate was collected from the municipal landfill (Resulima) in Viana do Castelo and the sediment 

was collected in an estuary near Esposende. 

5.1- Biodegradation with leachate as inoculum 

The incubations with leachate as inoculum started with a first biodegradation experiment, under 

anaerobic thermophilic (55℃) conditions, which was performed to evaluate the biodegradation capacity 

of the inoculum under those conditions and to estimate the best time points to sample for the 

characterization of the microbial communities. This first experiment was conducted for about 4 months, 

testing PE and PET, PCL, and a mixture of PHB/PBAT. Additionally, control assays with volatile fatty acids 

(VFA- with 1 M of acetate, 1 M of propionate and 0,5 M of butyrate) as the sole carbon and energy source 

were performed to evaluate the anaerobic activity of the inoculum, and control assays with cellulose were 

conducted to evaluate the biodegradability activity by the inoculum, on polymeric substances. Blank 

assays were used as a negative control, containing only growth medium and leachate. 

The second biodegradation assays were performed under anaerobic thermophilic (55℃) and 

aerobic thermophilic (55℃) conditions. In both cases, PE, PET, and PCL in powder and in film were 

tested. Control assays with cellulose in powder and blank assays were performed. All assays were done 

in triplicate. The biodegradation in the anaerobic experiments was assessed by following methane 

production and in the aerobic assays, the oxygen consumption was followed over time. Methane and 

oxygen were measured by gas chromatography.  

The leachate used as inoculum in the first assay was collected at a different time than the one 

used in the second assays, although collected at the same site. 

5.1.1- First anaerobic experiment 

The leachate was transported in jerrycans from the Resulima landfill to the laboratory, where it 

was stored at 4℃ for about three days, until submission to concentration by decantation and consecutive 
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centrifugations (8000g for 10 minutes) (Figure 11). Before the start of the incubations the concentrated 

inoculum was stored at 4℃, in a closed glass bottle which was fluxed with a mixture of N2. 

 

After the concentration of the biomass, and to determine the quantity of leachate to use in the 

incubations, the VSS of the biomass was determined. This determination was done by the standard 

experimental methods for VSS determination (Appendix 2, section 2.1). It began with the cleaning of 3 

muffle filters (Figure 12), which were placed into the muffle (550℃) for about half an hour, and later, 

500 µL biomass were added to each filter (Figure 12) using a vacuum system. These were then placed 

in the oven overnight, at a temperature of 105℃ to evaporate all the water content in the samples (Figure 

12). Afterwards, the filters were cooled down at room temperature in the desiccator and weighed. The 

filters were then placed in the muffle for 2 hours, to remove the organic matter content (Figure 12), and 

later cooled down and weighed again. The VSS was calculated following Equation 1. 

Figure 11: Collected leachate. 
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𝑉𝑆𝑆 =  
(𝑊𝑒𝑖𝑔ℎ𝑡 𝑎𝑓𝑡𝑒𝑟 𝑡ℎ𝑒 𝑠𝑡𝑜𝑣𝑒 −  𝑊𝑒𝑖𝑔ℎ𝑡 𝑎𝑓𝑡𝑒𝑟 𝑡ℎ𝑒 𝑚𝑢𝑓𝑓𝑙𝑒)

𝑆𝑎𝑚𝑝𝑙𝑒 𝑣𝑜𝑙𝑢𝑚𝑒
 Equation 1 

 

After having the VSS value, the volume of biomass to be used in the experiment was calculated 

considering the desired concentration (3 g/L VSS), the volume of the medium in each vial (Vwork), and 

the resulting value of the VSS (Equation 2). 

𝑉𝑏𝑖𝑜𝑚𝑎𝑠𝑠 =  
3 (𝑔/𝐿) × 𝑉𝑤𝑜𝑟𝑘

𝑉𝑆𝑆 (𝑔/𝐿)
 Equation 2 

 

The plastic films (PE, PET, PCL, and PHB/PBAT) used were synthesized in the Polymer 

Department of University of Minho. Before the preparation of the assay, these were weighed and put 

aside in eppendorfs, until the start of the incubations. The description of the vials from the first experiment 

is described in Table A2.1 (Appendix 2). 

The anaerobic medium was prepared with KH2PO4, Na2HPO4•H2O, trace elements of H+ and OH- 

and resazurin (Appendix 2, section 2.3). After boiling the mixture, it was let to cool down, while it was 

being refluxed with N2. Once at room temperature, 5 % of the total volume of the medium of the 

Figure 12: VSS's determination of the leachate inoculum; A) filters after the wash with distilled water; B) filters with the 500µL of 

biomass; C) filters with the biomass after spending the night at 150℃; D) filters with the biomass after incubation at 550℃. 

A 

C 

B 

D 
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bicarbonate and 5 % volume of vitamins and salts solution was added to the erlenmeyer with the 

anaerobic medium. 

Afterwards, 11 mL of medium and 1,5 mL of the inoculum were added to each 25 mL bottle, 

and these were encapsulated and pressured with a mixture of N2/CO2 (80 %:20 %, vol/vol, at 1.7x105 Pa), 

and depressurized, to clean the airspace of the bottles. They were placed incubating overnight at 55℃. 

The following day, the bottles were opened, the plastics films inserted, in the vials and these were closed 

and pressured again. The controls, with just medium and biomass, were only depressurized. After that, 

0,1 mL of Na2S was added to the medium, and the bottles returned to the 55℃ incubator (Figure 13).  

 

For the first few weeks, weekly methane measurements were taken, and after that, 

measurements were only done once or twice a month. 

At the end of the incubation, the bottles were depressurized and opened, and the plastics were 

taken out. The non-biodegradable films were carefully collected and set aside, and the biodegradable 

plastics were too fragile and decomposed to be collected, so the medium was passed directly to a falcon 

tube for centrifugation. After the centrifugation at 10000 rpm for 10 minutes, the supernatant was 

separated from the pellet and frozen, for later VFA analysis. The pellet was resuspended in 400 µL RNA 

later, transferred to an eppendorf and stored frozen, for a possible later microbial community analysis.  

PE and PET plastic films collected were resuspended in a solution of phosphate-buffered saline 

(PBS) for about an hour to try and analyse the microbes that were on the surface of the films. The plastic 

films were then removed from the buffer into a new falcon and cleaned. The PBS solution was centrifuged 

for another ten minutes, and the pellet was separated from the supernatant and resuspended in RNA 

Figure 13: Vials used in the first biodegradation experiment. The 
darker powder on the walls of the vials is the leachate biomass. 
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later before freezing. The films were cleaned with distilled water, for about 15 minutes with frequent 

agitation, and 96 % alcohol for another 15 minutes, before being left to air-dry. 

For the VFA’s analysis, the supernatant of each sample was let to defreeze, and 2 mL were 

collected to an eppendorf. These were centrifuged for 10 minutes at 10 000 g, and the supernatant was 

filtered with nylon filters (13 mm in diameter and 0,22 µm of pore size). Then 160 µL were placed in 

HPLC tubes, together with 40 µL of crotonic acid, and analysed. The HPLC analysis was performed as 

described by Salvador et al. (2019), with a mobile phase with H2SO4 0,005N (0,005 M), a flow rate of 

0,6 mL/min and an oven temperature of 60℃.  

The PE and PET films collected from the incubation vials were submitted for a FTIR analysis, as 

well as the original polymers (without biodegradation), for comparative purposes. The analysis was 

performed using a 4100 Jasco spectrometer in the range of 4500-400 cm-1, with a resolution of 4 cm-1 

and averaging 16 scans. The PE film was also subjected to a SEM analysis on a NanoSEM FEI Nova 200. 

First, the samples were coated with a gold/palladium (80/20 wt. %) mixture, before being examined at 

various magnifications, and an acceleration voltage of 10000kV in second image mode. 

5.1.2- Second anaerobic experiment 

Leachate collection and preparation were done as described in section 5.1.1, except that the 

collected leachate was placed in the cold room for about a week, before concentration. 

For the second assay, PE, PET, and PCL in film (Figure 14) and in powder (Figure 15) were 

tested. The films were prepared by hot pressing of pellets, where the thickness was measured using a 

micrometre, at various points of the films formed, and the average value was calculated. The powders 

were prepared by mechanical grinding of the pellets (Figure 16), using a sieve that resulted in 1 mm 

diameter particles. These films and powders were used for the second anaerobic assay and the aerobic 

assay. Before use, the films were washed with distilled water for 15 minutes, with frequent agitation, and 

then with alcohol 96 %, for also 15 minutes. They were let to dry overnight before use.  
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Figure 14: Different polymer films used in the biodegradation experiment. On the left upper corner, is the 
PE film used, on the right upper corner the PET film, and the lower picture shows the PCL film used. 

Figure 15: Polymer powders used in the biodegradation experiments. from the 
right to the left, there is the PE, PET, and PCL powders. 
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The anaerobic assay was prepared similarly to the first assay, with minor differences. In terms of 

vials, 120 ml bottles were used instead of the 25 mL vials, and 62,5 mg of plastics in films and powder 

were weighed and added to each vial before the anaerobic medium. The amount of plastic in the 

biodegradation assays was defined with reference to the work performed by Moura et al. (2010), and the 

description of the vials from the second anaerobic experiment is described in Table A2.2 (Appendix 2). 

The anaerobic medium was prepared as described in section 5.1.1 (Appendix 2, section 2.3), 

and 45 mL were dispensed to each bottle (already containing the respective film/powder). These were 

then encapsulated and pressured with a mixture of N2/CO2 (80 %:20 %, vol/vol, at 1.7x105 Pa), and 

depressurized, to clean the airspace of the bottles. 

The vials containing the medium, the bicarbonate solution and the salts solution, were autoclaved 

for 20 min, at 120℃. After cooling, and in sterile conditions, 0,1 mL of Na2S were added to the 

bicarbonate solution, followed by the addition of 5 % volume of that solution to each vial. Then, 5 % volume 

of salts and vitamins solution was also added to every bottle. Lastly, 1,5 mL of biomass were added 

(Figure 17), (with exception of incubations with PE and PET in film which were inoculated with only 0,7 

mL, due to experimental limitations) and the vials were placed in the incubator at 55℃. Weekly methane 

measurements were taken using Gas Chromatography.  

Figure 16: Mechanical grinder used to form the 
polymer powders used in the experiments. 
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At the end of the incubations, samples were taken for further microbial community analysis and 

VFA’s analysis as described in section 5.1.1, except that the pellet resulting from the centrifugation was 

resuspended in 350 µL of phosphate-buffered saline (PBS) solution, instead of RNA later. The sampling 

for VFA analysis during the incubations was done by sampling 1,6 mL with a syringe and needle, 

centrifuged at 10000 g for 10 minutes, and the supernatant was filtered. 

5.1.3- Aerobic experiment 

For the aerobic experiment, the protocol followed was the same described in section 5.1.1. The 

leachate used was the same used in the second anaerobic experiment, although separate concentrations 

and VSS determinations were done. The inoculum, after concentration, was frequently aerated by opening 

the glass shot to maintain oxygenation. The description of the vials of this incubation is present in Table 

A2.3 (Appendix 2).  

The growth medium used was basal medium composed of 40 mL/L of solution A (28,25 g/l of 

KH2PO4, 146,08 g/L of K2HPO4), 30 mL/L of solution B (3,36 g/L of CaCl2•2H2O, 28,64 g/L of NH4Cl) 

and 30 mL/L of solution C (3,06 g/L of MgSO4•7H2O, 0,7 g/L of FeSO4 and 0,4 g/L of ZnSO4) (Moura et 

al., 2010). A volume of 49 mL of medium was added to each 120 mL bottle, as well as 1,5 mL of 

biomass. The bottles were encapsulated, and oxygen measurements were taken, using the Gas 

Chromatograph. The vials were then placed incubating at 55℃ (Figure 18), and oxygen measurements 

were taken twice a week. When the O2 levels were becoming low, the headspace was washed and new 

air injections were made, using a syringe, in a non-sterile environment. 

Figure 17: Anaerobic vials with PE, PET, PCL, and cellulose in powder and 
film, and blank assay. 
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At the end of the incubations, samples were taken and preserved for further microbial community 

analysis and VFA quantification as described in section 5.1.2. 

5.1.4- Measurement of methane production and oxygen consumption by Gas 

Chromatography 

The methane production and oxygen consumption of the samples was done using a MolSieve 

column (MS 13X, 80/100 mesh) connected to a thermal conductivity detector Bruker Scion 456 

chromatograph (Bruker, Billerica, MA) (Figure 19). The carrier gas used was argon (30 ml, min⫺1) and 

the injector and detector temperatures were set at 100℃ and 130℃, respectively (Salvador et al., 2019). 

For the methane analysis, the column temperature was set at 70℃, while for oxygen measures, the 

temperature was set at 35℃. After injection of the samples in the Gas Chromatography, the area of the 

corresponding methane or oxygen peaks was taken and transformed into mmol or mM of 

methane/oxygen in each bottle. Then, using the average of the triplicates, and taking into consideration 

the value of the blank, it was possible to determine the percentage of biodegradation that happened until 

that point.  

Figure 18: Aerobic assay vials, with PE, PET, PCL, and cellulose in film and powder, and the three blank assays. 
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The transformation of the value of the area of each peak to the concentration of methane was 

determined by calculating the mmol of methane in the syringe with sample, recurring to the average value 

of the peaks of the standard gas (with 40 % methane) and the mmol of methane in the syringe with 

standard gas (0,0083 mmol CH4) (Equation 3). Then, with the volume of headspace in each bottle it is 

possible to calculate the mmol of methane in the bottle (Equation 4). 

𝑚𝑚𝑜𝑙 𝑜𝑓 𝐶𝐻4 𝑖𝑛 𝑡ℎ𝑒 𝑠𝑦𝑟𝑖𝑛𝑔𝑒 𝑤𝑖𝑡ℎ 𝑠𝑎𝑚𝑝𝑙𝑒

=
𝑉𝑎𝑙𝑢𝑒 𝑜𝑓 𝑡ℎ𝑒 𝑎𝑟𝑒𝑎 𝑜𝑓 𝑡ℎ𝑒 𝑝𝑒𝑎𝑘 × 𝑚𝑚𝑜𝑙 𝐶𝐻4 𝑖𝑛 𝑡ℎ𝑒 𝑠𝑦𝑟𝑖𝑛𝑔𝑒 𝑤𝑖𝑡ℎ 𝑠𝑡𝑎𝑛𝑑𝑎𝑟𝑑 𝑔𝑎𝑠

𝐴𝑣𝑒𝑟𝑎𝑔𝑒 𝑜𝑓 𝑠𝑡𝑎𝑛𝑑𝑎𝑟𝑑 𝑔𝑎𝑠
 

Equation 3 

 

𝑚𝑚𝑜𝑙 𝑜𝑓 𝐶𝐻4 𝑖𝑛 𝑡ℎ𝑒 𝑏𝑜𝑡𝑡𝑙𝑒 =
𝑉𝑜𝑙𝑢𝑚𝑒 𝑜𝑓 ℎ𝑒𝑎𝑑𝑠𝑝𝑎𝑐𝑒 × 𝑚𝑚𝑜𝑙 𝑜𝑓 𝐶𝐻4𝑖𝑛 𝑡ℎ𝑒 𝑠𝑒𝑟𝑦𝑛𝑔𝑒

𝑆𝑎𝑚𝑝𝑙𝑒𝑑 𝑣𝑜𝑙𝑢𝑚𝑒 𝑖𝑛 𝑡ℎ𝑒 𝑠𝑒𝑟𝑦𝑛𝑔𝑒 (0,5 𝑚𝐿)
 

Equation 4 

The determination of oxygen in the bottles is a similar procedure to the determination of methane 

but knowing that the air sample used as standard gas has 21 % of oxygen. Then, following Equation 3, 

and 4, it is possible to determine the oxygen in the vials. The addition of more oxygen to the vials was 

also taken into consideration in the calculations of the oxygen consumed.  

With the biodegradability results and the theoretical methane production, it was possible to 

predict the percentage of polymer that was biodegraded for the duration of the incubations. First, using 

Figure 19: Gas Chromatographer used in methane and oxygen measurements. 
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the chemical formula of each plastic and the total conversion into carbon dioxide and methane (Appendix 

2, Table A2.4), it is possible to dictate the number of moles of methane produced. For example, knowing 

that PE formula is C2H4, its total conversion into those compounds will be 𝟐𝑪𝟐𝑯𝟒 + 𝟐𝑯𝟐𝑶 → 𝑪𝑶𝟐 +

𝟑𝑪𝑯𝟒 . This means that for each PE molecule 1,5 moles of CH4 are produced. Then, taking into 

consideration the mass of polymer used in the assays (15,6 or 62,5 mg) and the molar mass of the 

plastic, it is possible to determine the number of moles of plastic in the bottle. Using the moles of CH4 

per molecule of plastic, and the number of moles of the plastic in the bottle, the theoretical methane can 

be determined (Appendix 2, Table A2.5). 

With the theoretical value of methane produced, and the results obtained in the experiment, it is 

possible to determine the percentage of degradation, using Equation 5. 

𝐵𝑖𝑜𝑑𝑒𝑔𝑟𝑎𝑑𝑎𝑡𝑖𝑜𝑛 (%)  =
(𝑟𝑒𝑎𝑙 𝑣𝑎𝑙𝑢𝑒 − 𝑏𝑙𝑎𝑛𝑘 𝑣𝑎𝑙𝑢𝑒) × 100

𝑡ℎ𝑒𝑜𝑟𝑒𝑡𝑖𝑐𝑎𝑙 𝑣𝑎𝑙𝑢𝑒
 

Equation 5 

 

The same calculations were made for oxygen consumption, using the conversion of the reaction 

of each polymer with oxygen, producing carbon dioxide and water (Appendix 2, Table A2.6). This will lead 

to the theoretical oxygen consumption needed to degrade the polymers completely (Appendix 2, Table 

A2.7). Then, using Equation 6, the percentage of degradation of each polymer is calculated. 

5.1.5- Microbial community analysis 

The frozen biomass samples were left to defreeze at room temperature, and DNA extraction was 

done using the FastDNA® SPIN Kit for Soil (MP Biomedicals, Solon, OH). The methodology followed was 

the one recommended by the kit, with some small alterations. After using the FastPrep® System for 40 

seconds, the samples were put in ice for 30 seconds (to help with cell lysis) and homogenized in the 

system two more times. Additionally, after the following centrifugation and saving the catch tube with the 

eluted DNA, a new volume of DES was added to the SPIN filter, in a new catch tube, and placed into the 

thermoblock once again, to guarantee that the majority of the extracted DNA is eluted. 

Following this extraction, the samples were measured in the Nanodrop equipment, to quantify 

the DNA (Phadke et al., 2017). The DNA samples were stored in the fridge overnight, until the PCR. The 

PCR was performed on the extracted DNA sample, using 24 µL of premix (with 5 µL of buffer, 0,5 µL of 

primer forward F-U968 and 0,5 µL of primer reverse R-1401 (Table 2), 0,5 µL of Taq polymerase and 
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18,5 µL of PCR water) and 1 µL of DNA sample. After the PCR, a gel electrophoresis (1 % agarose (w/v) 

stained with safe green (NZYtech, Portugal)) was run to evaluate the results.  

Table 2: Primers used in the microbial community analysis, its’ correspondent sequence, and the source where they were first used 

Primers Sequence Reference 

F-U968 5’-CGC CCG GGG CGC GCC CCG GGC GGG GCG GGG 

GCA CGG GGG GAA CGC GAA GAA CCT TAC-3 

(Nübel et al., 1996) 

R-1401 5’-CGG TGT GTA CAA GAC CC-3’ (Nübel et al., 1996), 

515F 5’-GTGCCAGCMGCCGCGGTAA-3’ (Caporaso et al., 2011). 

806R 5’-GGACTACHVGGGTWTCTAAT-3’ (Caporaso et al., 2011). 

EUK1391F 5’-GTACACACCGCCCGTC-3’ (Stoeck et al., 2010) 

EUKBR 5’-TGATCCTTCTGCAGGTTCACCTAC3’ (Stoeck et al., 2010) 

 

Before sending the samples for sequencing, the DNA was precipitated with ethanol. The extracted 

DNA was placed in a new eppendorf, adding a third of the DNA extracted volume of 3M of Sodium Acetate 

(pH 5,2). With soft flicks to the eppendorf, the mixture was homogenized, and 2,5 times the total volume 

of DNA of 100 % ethanol was added to the mixture. After homogenization, the samples were left overnight 

at -20℃. The samples were centrifuged for 20 minutes at 4℃, at maximum speed, and the supernatant 

was discarded. The pellet was then washed with 70 % cold ethanol, with enough volume to cover the DNA 

sample (around 100 µL), and homogenized. Afterwards, the samples were centrifuged at 4℃ for 5 

minutes, and the ethanol was carefully removed from the eppendorf. Finally, the samples were left to air-

dry with the lid open and kept in the fridge until being sent for sequencing.  

Prokaryotic and eukaryotic community analysis was performed, following the protocol described 

by Salvador et al. (2019) (Supplementary material, pages 19-20), with the difference in the primers used 

in the first amplification, that were 515F and 806R for prokaryotic community amplification and 

EUK1391F and EUKBR for the eukaryotic community (Table 2). The sequencing results were filtered by 

removing the identified microorganisms which had a relative abundance lower than 0,01 % and that did 

not suffer a 10-fold increase compared to the inoculum. Finally, because prokaryotes have a variable copy 

number of the 16S gene in their genome (Louca et al., 2018), normalization was performed, taking into 

consideration the number of copies for each prokaryote. This enabled the determination of a more realistic 

value of the percentage of the microorganisms in the sample. 
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5.2- Biodegradation with marine sediment 

The marine sediment was collected from an estuary in Esposende (kept at 4℃ until use) and 

used as inoculum in both aerobic and anaerobic assays performed at mesophilic temperatures. The 

anaerobic assays were performed under methanogenic and sulphate-reducing conditions. The plastics 

PE, PET and PCL were added in powder, and the salinity of the surrounding water was measured by using 

a ConsortTM C3010 (Fisher Scientific, USA). First, the sediment was incubated at 37℃, in saline 

conditions, to assure the total consumption of possible subtracts that may have been present in the 

sample. The inoculum used in the aerobic assay was incubated under aerobic conditions (in an 

erlenmeyer with a cotton cap, to allow oxygen flow) and with 20 g/L of NaCl, while the anaerobic assays 

were incubated under anaerobic conditions (in a closed shot with an atmosphere of N2/CO2 (80 %:20 %, 

vol/vol, at 1.7x105 Pa)) and 10 g/L of NaCl. The difference in the salinity in aerobic and anaerobic assays 

is justified by the fact that methanogenic microorganisms cannot stand high concentrations of salt in the 

medium (Riffat & Krongthamchat, 2006; S. Wang et al., 2017). After two nights of this incubation at 

37℃, the biodegradability assays were prepared. First, VSS determination was performed according to 

section 5.1.1, and the powders were weighed and placed in the corresponding vial.  

The basal medium for the aerobic experiment was prepared as described in section 5.1.3, with 

the addition of 20 g/L of NaCl. Then, 45,6 mL of medium were dispensed in 120 mL bottles, followed 

by 4,4 g of sediment. The bottles were encapsulated and pressurised with atmospheric air. Oxygen was 

measured with GC, and the bottles were incubated at 30℃ with agitation at 150 rpms.  

For the anaerobic experiments, the same anaerobic medium used in section 5.1.2 was prepared, 

with the supplement of 10g/L of NaCl. Then, 45 mL of anaerobic medium was dispensed in 120 mL 

vials, together with 4,54 g of sediment. The bottles were closed and supplemented with 1mM of Na2S 

and pressurized with a mixture of N2/CO2 (80 %:20 %, vol/vol, at 1.7x105 Pa). Additionally, the sulphate-

reducing assays were supplemented with 20 mM of sodium sulphate. Besides the occasional methane 

production measurements, sulphide measures using the KIT LCK 653 were performed, to evaluate the 

sulphate consumption by the biomass. For that, about 0,1 mL of medium was collected from the vials 

with a syringe and needle and immediately immersed in a solution of 20 g/L of zinc acetate and 2 ml/L 

of acetic acid. Then the protocol described in the kit was followed. Anaerobic experiments were performed 

at 37℃ and 105 rpm. 
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6. Results and discussion 

Different results could be obtained in the different assays regarding the biodegradability of the 

plastics. Insights on PCL biodegradation by leachate and sediment microbiomes could be obtained, as 

PCL could be degraded in almost all the tested conditions (Figures 23, 24 and 30 and Tables 4, 5, 7 and 

8). The blend of PHB/PBAT was also degraded by the leachate (Figure 20 and Table 7), however, in the 

majority of the incubations with PET and PE, no biodegradation occurred, as evaluated by the methane 

produced (in the methanogenic experiment) or the oxygen consumed (in the aerobic experiment). The 

exception was the first anaerobic experiment with PE in film, in which the methane production determined 

in the assay was higher than the one in the control assay (without PE) (about 5% after 180 days). However, 

no differences in the chemical structure of PE and PET films were detected, after analysis by FTIR (Figure 

21) and no evidence was shown in the SEM analysis performed on the PE film after incubation (Figure 

22). The incubations done with sediment showed promising results for the biodegradation of PCL under 

aerobic and sulphate-reducing conditions, while under anaerobic conditions biodegradation was 

happening at a slower rate (Figure 30 and Table 7 and 8). These differences between experiments were 

due to the different origin/microbial composition of the inoculum and to the incubation conditions that 

favoured the development of different microorganisms. For instance, under aerobic conditions the growth 

of aerobic microorganisms was favoured, under methanogenic conditions, anaerobic bacteria and 

methanogens became dominant, and under sulphate-reducing conditions, sulphate-reducing bacteria 

were in advantage over other bacteria. This divergence in the microbial composition in the different 

incubations was clear in the assays with PCL, in which the taxonomic identification of the microorganisms 

was assessed (section 6.1.4). Indeed, Archaea were highly abundant in the methanogenic experiment 

(23 %), while in the aerobic experiment their abundance was drastically reduced (0,07 %). Details on the 

consumption of oxygen, production of methane or sulphide during the incubation of the plastics in 

different conditions, and on the microbial communities developed during the assays with PCL will be 

given in the following subsections. 
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6.1- Experiments with leachate as inoculum 

6.1.1- First anaerobic experiment- biodegradability results 

Around 50 mL of inoculum leachate were obtained after concentration resulting in 7,67 ± 0,411 g 

VSS/L. To perform 20 assays (Table A2.1), 1,5 mL of inoculum were added to each vial, resulting in a 

final VSS concentration in the incubations of 0,92 g VSS/L (Table A3.1, Appendix 3). This value is lower 

than the reference value to perform biodegradability tests under methanogenic conditions which are 3 g/L 

of VSS(Coates, Coughlan, et al., 1996; Colleran et al. 1992). 

The curves of methane production during the incubation are shown in Figure 20. The methane 

produced in the control assay, which contains no polymer, is due to the consumption of residual 

substrates present in the leachate inoculated. Since there is no other carbon or energy source added in 

the assays containing plastics, the difference in the methane produced in the plastic-containing assays 

and in the control assay, corresponds to the consumption of the polymers by the microorganisms. The 

percentages of biodegradation of the carbon sources in this experiment, i.e., PE, PET, PCL, PHB/PBAT, 

and cellulose are presented in Table 3. 

 

 

Figure 20: Methane production curves from the first anaerobic incubation, for 80 days of incubation. Average values of 
methane production for the assays with PE, PET, PCL, the blend of PHB/PBAT, cellulose, and blank assay, and 

respective standard deviation. 
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Table 3: Values of theoretical methane production expected, of the methane produced without the contribution of the blank assay, in the 
first anaerobic experiment, and percentage of biodegradation of the triplicates of each polymer/compound studied, and respective 

standard deviation 

Polymer/carbon 
and energy source 

Theoretical CH4 (mmol) 
expected from complete 

biodegradation of the 
added carbon source 

CH4 produced (without the 
contribution of the methane 

measured in the blank 
assay) (mmol) 

Biodegradation 
(%) 

PE 0,823 0,029 2,22 ± 1,91 

PET 0,401 0,010 2,49 ± 1,40 

PCL 0,536 0,014 11,65 ± 12,71 

PHB/PBAT 0,439 0,098 23,77 ± 0,22 

Cellulose 0,284 0,140 51,02 ± 1,51 

 

It is possible to observe a higher methane production, and therefore, a higher percentage of 

biodegradation for the biodegradable compounds, which are the cellulose, and the blend PHB/PBAT, 

where the microbial degradative activity happens mostly in the first 20 to 30 days of incubation (Figure 

20). Although PCL is also a biodegradable plastic, surprisingly, its percentage of biodegradation was 

negligible and so were the percentages of biodegradation obtained for the synthetic plastics PE and PET. 

These incubations were extended until 180 days (Figure A3.1, Appendix 3), but still methane production 

did not increase considerably, except for the PE assays, that presented a methane production at the 180th 

day corresponding to 5,1 ± 1,89 % biodegradation (data not shown). These results suggest that neither 

the synthetic plastics PE and PET nor the biodegradable plastic PCL could be efficiently biodegraded by 

the inoculum sludge. Nevertheless, this inoculum showed high activity towards cellulose and PHB/PBAT. 

Maximum methane production from cellulose was achieved in the first 20 days of incubation, 

showing almost no lag phase preceding methane production (Figure 20). This means that the microbial 

community needed very few days to adapt to the new substrate and start to biodegrade it (Massardier-

Nageotte et al., 2006). After that peak, the curve of cumulative methane production started to decrease. 

This was most likely due to loss of pressure because of the frequent headspace sampling, which is 

particularly relevant because of the small headspace volume (12,5 mL). Yagi et al. (2009) reported similar 

results of gas production for their sample with cellulose in powder while using anaerobic sludge as 

inoculum at 55℃. They observed a quick increase in gas production in the first 20 days, followed by a 

prolonged phase of constant gas production (Yagi et al., 2009). Because of this behaviour of methane 

production, a high percentage of biodegradation was expected, and similar results have been reported. 

Wataru (2015) described the biodegradation of cellulose by landfill leachate at 35℃ of 32,4 % after 90 

days of incubation (Wataru, 2015). It is worth noting, however, that these percentages of biodegradation, 
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originate from approximations of direct transformation of the polymer/compound into CO2 and CH4 

(Appendix 2, section 2.6), which in reality does not happen since part of the carbon is used in other 

metabolisms, like new biomass formation (Choe et al., 2021). 

The blend of PHB/PBAT had a similar behaviour to cellulose, i.e., a quick increase of methane 

production that reached a peak around the 18th day of incubation. However, there was an initial lag phase 

slightly longer (Figure 20) which may indicate a higher period of adaptation of the microbial community 

to redirect their metabolism for the blend’s biodegradation (Massardier-Nageotte et al., 2006), or to adapt 

to the growth conditions imposed (Yagi et al., 2009). In terms of percentage of biodegradation, the results 

obtained for this blend was 23,77 ± 0,22 %, but the complete theoretical biodegradation of PHB alone is 

around 53,2 %. Since this polymer is easier to attack than PBAT (Tabasi & Ajji, 2015), the biodegradation 

observed is most likely due to PHB and not PBAT. However, to confirm this theory, additional analysis 

would have to be performed, to identify the nature of the polymer that was left to biodegrade. Tabasi & 

Ajji (2015) studied biodegradation in compost of PHB/PBAT blend and concluded that there existed a 

selectivity of biodegradation for the more biodegradable polymer in the blend, in that case, of PHB in 

comparison with PBAT (Tabasi & Ajji, 2015). The blending of the two components improved the 

biodegradability results of PBAT in film (R. Qi et al., 2021; Tabasi & Ajji, 2015). Liao & Chen (2021) 

reported a 6,8 % weight loss for PBAT film in soil, after 6 months, and García-depraect et al. (2022) 

observed no significant biodegradation for the tested PBAT in aerobic and anaerobic aqueous conditions. 

PCL is considered a biodegradable plastic (Borghesi et al., 2016; Iram et al., 2019; Trivedi et al., 

2016), with a few biodegradation studies that reported good biodegradability results (Borghesi et al., 

2016; Cho et al., 2011; Hosni, 2019; Ishigaki et al., 2004; Mandic et al., 2019; Nakasaki et al., 2006; 

Nawaz et al., 2015; Yagi et al., 2013, 2014), therefore, the results here obtained were not expected. The 

assays with PCL showed a similar behaviour to the experiments with the non-biodegradable plastics-PE 

and PET (Figure 20 and Table 3). It showed a slightly higher methane production in the first 60 days, 

with a constant production from then on (Figure 20). This pattern matches the methane production of 

the non-biodegradable plastics, where the production went on for about 60 days of incubation, with a 

slight increase until the 150th day (Figure A3.1, Appendix 3). It is difficult to understand why this conversion 

of PCL to methane was so low, especially taking into consideration that in the second anaerobic 

experiment and aerobic experiment, performed also with leachate, PCL showed high biodegradation 

results (103,34 ± 18,06% for PCL in powder 100,53 ± 0,23% for PCL in film in the anaerobic experiment, 

98,53 ± 6,37 % for PCL in powder and 67,58 ± 33,79 % for PCL in film for the aerobic experiment) 
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(Figure 23 and 24). Some factors that could have influenced this result are the microbial communities of 

the leachate that did not have the metabolic machinery to degrade the polymer, or even that, due to the 

low VSS value, there were not enough microorganisms for significant biodegradation. Nevertheless, 

biodegradation happens when the right conditions for the microorganism’s activity are met (Choe et al., 

2021), which may imply that some condition in the PCL bottles was inhibiting the action of the 

microorganisms. Additionally, it has been reported that chemical factors heavily influence the initial stages 

of PCL biodegradation (Ishigaki et al., 2004), which could mean that there may have been some chemical 

compound in the medium that influenced this step. Furthermore, anaerobic biodegradation of PCL has 

shown highly varying results throughout the literature (Federle et al., 2002), so different results between 

experiments can be expected. For that reason, although many studies present good results for PCL 

biodegradation, there are still some that report low biodegradation percentages. In a study with leachate 

at 38℃, under anaerobic conditions and landfill simulation, it was reported no significant mineralization 

of the powdered PCL tested (Federle et al., 2002). They reported poor biodegradation results, only with 

some degradation after the 200th day of incubation (Federle et al., 2002). One explanation given for these 

results is the very slow acclimatization of the microbial community to the PCL, and that they may have 

preferred to consume the municipal solid waste in the sample than the polymer (Federle et al., 2002). 

This reasoning could also be applied in the present work, where the microbial community could have 

needed more time to change their metabolism to biodegrade the polymer, and in the meantime, the 

microorganisms that survived the conditions applied preferred to feed on the substrate that existed in the 

leachate than PCL. Another explanation given in the mentioned article, for this slow biodegradation, was 

that PCL undergoes slow hydrolysis (Federle et al., 2002). However, this last reasoning is refuted by the 

results obtained in the second anaerobic experiment, because PCL was rapidly and efficiently degraded 

by the microorganisms, demonstrating a short lag phase (Figure 23). Nevertheless, since the inoculum 

used in this first assay was different from the one used for the second experiments, it could imply that 

older leachate (used in the second experiment) may present more suitable microorganisms that can 

degrade polymers, explaining this big difference in the results obtained.  

For PE and PET, in the literature, in a study with leachate at 35℃, PET samples showed a 

cumulative gas production similar to the blank of the experiment, resulting in no biodegradation (Wataru, 

2015). Another study with anaerobic sludge at 55℃ also reported no biogas release for the unmodified 

PET film (Hermanová et al., 2015). Studies conducted in landfill conditions with PE show very poor 

biodegradation results, where only partial degradation processes were observed (Xochitl et al., 2021). 

The same was noted with anaerobic sludge (Iwańczuk et al., 2015). It was hypothesized that higher 
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oxygen levels in landfill conditions could be a driver for PE fragmentation, having, therefore, an impact on 

its biodegradation (Quecholac-Piña et al., 2020; Xochitl et al., 2021). If that was the case for the 

experiments of this work, better biodegradation of PE in the aerobic experiment would have been observed 

(Figure 24), which was not the case. When calculating the percentages of biodegradation, PE and PET 

showed similar low results, since the methane production was almost identical to the production detected 

in the blank assay (Figure 20 and Table 3). However, the final biodegradation of PE, after 180 days 

reached 5,1 ± 1,89 % (data not shown). PCL had a slightly higher percentage of biodegradation (Table 

3), but also a very high standard deviation. This happened because there was a replica with a much 

higher methane production, while in the other two almost no methane was produced. Other studies 

performed at mesophilic temperatures showed no PCL mass loss and no significant biogas production 

from the experiment (Massardier-Nageotte et al., 2006). Xochitl et al. (2021) showed that PCL 

biodegradation at 55℃ can vary greatly, from no biodegradation to very high biodegradation percentages 

(80 % of biodegradation in 50 days) (Xochitl et al., 2021).  

No VFAs were detected at the end of the incubations with PE, PET, PCL, PHB/PBAT and cellulose. 

In the incubation performed with the VFA mixture as the sole carbon and energy source only residual 

amounts of acetate could be detected by HPLC (about 1% of the acetate present in the beginning of the 

incubation) (data not shown). This shows that the inoculum presents both fatty acid degrading activity 

and methanogenic activity. 

6.1.1.4- Polymer analysis of films before and after biodegradation  

Comparison of FTIR analysis on PE and PET films collected from the vials after 180 days of 

incubation, and the same polymers without incubation, did not show any changes in the chemical 

structure of the films, more specifically, in the functional groups of the polymers (Figure 21). However, 

that does not mean that cleavage of the molecules/biodegradation did not occur since the analysis was 

performed in some areas of the film and not the complete film. To verify that no change in the functional 

groups occurred, additional analysis, like molecular mass analysis, would be needed (Al-mutairi & Mousa, 

2021; Ruggero et al., 2019). The differences observed in the transmittance between curves can be 

explained by the higher saturation of the film, which is due to the film being thicker. Therefore, those 

differences only tell that the second replica of PE and the first replica of the PET in film are thicker films.  
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For PE, the peak at around 1469 cm-1 is a common peak of all PE films, which is due to the -CH2 

bending vibration of the polymer chain (Hou et al., 2022). Other common peaks of PE compounds are 

shown in Table A3.2 (Appendix 3). For PET films, if degradation was observed, peaks at 2958 cm-1, 

1713 cm-1, 1089 cm-1, 888 cm-1, 730 cm-1 and 710 cm-1 would suffer alterations, being indicative of the 

formation of ester, carboxyl or alcohol bonds (Roberts et al., 2022).  

SEM analysis was only performed in the PE in film since in PE incubations methane production was 

higher than in the control assay, with a biodegradation percentage of 5,13 % ± 1,89 % at the end of the 

180 days (data not shown). This analysis was performed on the replica that showed better results (7,0% 

of biodegradation based on methane production), and on the original PE film that was not submitted to 

microbial incubation (Figure 22 and Appendix 3- Figure A3.2). 

A 

B 

Figure 21: FTIR analysis of the PE and PET in film from the first anaerobic experiment that were not subjected to 
biodegradation, and the triplicates that suffered biodegradation; A) FTIR spectrum of the original PE film, and the 

triplicates of the biodegradability tests; B) FTIR spectrum of the original PET in film and the triplicates of the 
biodegradability test. 
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The original film presents a clear and smooth surface (Figure 22, A and B), with some minor 

imperfections most likely due to the extrusion process. The tested film, which was subjected to 

biodegradation, does not appear to have any characteristic topography of microbial colonization on either 

side of the film (Figure 22 C and D). If considerable biodegradation had occurred, some holes, pits or 

other types of erosion would be visible (Ghatge et al., 2020). This does not seem to be the case with the 

tested film since the irregularities observed should most likely be related to the formation of the film. 

Nevertheless, it is also worth noting that the analysis of the film was done to a specific point, meaning 

that there could be other parts of the film that have clearer evidence of a microbial attack. Additionally, 

this technique is not the most sensitive for film topography changes, so other techniques would be 

necessary to verify if any surface alteration was provoked by microbial attack. Techniques like AFM 

(atomic force microscopy) and measure of contact angle, that are more susceptible to topography 

changes in the polymer surface (Al-mutairi & Mousa, 2021), like rugosity and even chemical structure 

(De Campos et al., 2012; Kotova et al., 2021). 

 

Figure 22: SEM images of the PE original film (A and B) and the tested film (C and D), after 180 days of incubation; A) side A of the 
original film in 200x magnification; B) side B of the original film with 500x magnification; C) side A of the film used in the 

biodegradability tests, with 200x magnification; D) side B of the film used in the biodegradability test, with 500x magnification. 

A 

D C 
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6.1.2- Second anaerobic experiment- biodegradability results 

The second anaerobic experiment was performed with a leachate inoculum containing 45,60 ± 

0,43 g VSS/L (Table A3.3, Appendix 3), which corresponds to a VSS concentration in the vials of 1,4 g/L 

(with exception of the assays with PE and PET in film which were performed with 0,65 VSS/L).  

The average values of the thickness of the polymer films used show similar results for PE and 

PET, i.e., 0,064 ± 0,026 mm and 0,081 ± 0,022 mm, respectively. On the other hand, PCL film were 

thicker, presenting 0,241 ± 0,051 mm. This was because thinner PCL films were harder to manipulate 

during the incubation preparation. 

The results show that PCL (in film and in powder) and cellulose were completely converted to 

methane under thermophilic conditions (Figure 23). On the other hand, incubations with PE and PET 

showed similar methane production to the blank assay (Figure 23), indicating that these polymers were 

not converted to methane under the conditions tested (Appendix 3, Figure A3.3). 

 

Figure 23: Methane production curves from the second anaerobic experiment with polymers in film and in powder, for 60 days of 
incubation. Average values of methane production for the assays with PE, PET, PCL, cellulose, and blank and respective standard 

deviation; PCL film replicas are demonstrated in separate, and cellulose in film only has one replica. 

These results were completely different from the ones obtained in the first experiment, in which 

PCL was almost not degraded. One factor that might have contributed to this difference was the 

sterilization of the polymers at 120℃, for 20 minutes, which is a thermal pre-treatment (Matjasic et al., 

2020). With this in mind and taking into consideration that PCL’s melting transition temperature is 60℃ 

(Borghesi et al., 2016), these better results for PCL biodegradation could be due to this pre-treatment 

applied. Nevertheless, a lag phase of around 13 days was observed, showing the need for microbial 
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adaptation to the new substrate (Massardier-Nageotte et al., 2006). After the lag phase, the 

biodegradation proceeded, and all the PCL was converted to methane in 39 days (after 52 days from the 

beginning of the incubation) (Figure 23 and Table 4).  

Table 4: Values of theoretical methane production expected, of the methane produced without the contribution of the blank assay in the 
second anaerobic experiment, and percentage of biodegradation of the triplicates of each polymer/compound studied, and respective 
standard deviation. The values for the PE and PET in film samples are not considered correct (*) since the volume of biomass is lower 

than the one in the blank. ND- not detected 

Polymer/carbon and 
energy source 

Theoretical CH4 (mmol) 
expected from complete 

biodegradation of the 
added carbon source 

CH4 produced (without 
the contribution of the 

methane measured in the 
blank assay) (mmol) 

Biodegradation (%) 

PE powder 3,60 0,072 1,57 ± 1,52 

PE film (*) 3,43 0,100 2,68 ± 1,92 

PET powder 1,74 0,030 2,32 ± 2,86 

PET film (*) 1,63 -0,534 ND 

PCL powder 2,23 1,957 103,34 ± 18,06 

PCL film 2,10 2,075 100,53 ± 0,23 

Cellulose powder 1,24 1,289 94,56 ± 17,25 

Cellulose film 1,201 1,279 100 

 

Studies with thermophilic sludge, at 55 ºC, showed no lag phase preceding methane production 

but PCL in film was not completely degraded (less than 60% of biodegradation in 49 days of incubation) 

(Šmejkalová et al., 2016). This inexistence of lag phase could be due to the composition of the microbial 

community used or even to the concentration of the biomass, i.e., there being more microorganisms 

and/or more active for the hydrolysis of the polymer. They further highlighted that since biological 

hydrolysis is the limiting step of biogas production, different susceptibilities to hydrolysis of the polymers 

will lead to different anaerobic degradation profiles (Šmejkalová et al., 2016). This could explain the big 

difference between the first anaerobic experiment to the second, meaning that the film used in the first 

experiment was less susceptible to hydrolysis (maybe because of not suffering pre-treatment) which 

resulted in poorer results of biodegradation. A study on the biodegradation of PCL in powder in 

thermophilic conditions with an inoculum from an anaerobic waste treatment facility (Jin et al., 2022) 

reported an initial lag phase of 11 days, followed by a quick increase in methane production for 10 days, 

and a plateau phase after the 28th day (Jin et al., 2022). The slight differences in methane production 

from the mentioned study to this work could be related to the difference in the powder size and quantity 

of powder used, as they reported a significant difference in the speed of degradation of the pellet PCL 
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tested, stating that this difference in times of biodegradation could be connected to the size of the polymer 

(Jin et al., 2022).  

In terms of percentage of biodegradation Jin et al. (2022) also observed similar biodegradation 

results for the tested powder to the ones obtained in this study (Jin et al., 2022). They reported 

biodegradation of PCL in powder of 92,3 % under thermophilic conditions, also stating an almost complete 

degradation after 60 days (Jin et al., 2022). Additionally, Yagi et al. (2013) reported an 80 % 

biodegradation of PCL in powder in thermophilic conditions after 60 days, using anaerobic sludge as 

inoculum (Yagi et al., 2013). For PCL in film, Šmejkalová et al. (2016) reported only 60 % biodegradation 

after 150 days (with anaerobic sludge) but mention that PCL is reported as practically biodegraded in 

thermophilic anaerobic incubations (Šmejkalová et al., 2016). Xochitl et al. (2021) described an 80 % 

biodegradation in 50 days at 55℃ but in the same work, also describes insignificant biodegradation 

values, stating that these variations happen without a visible pattern for temperature or incubation 

duration (Xochitl et al., 2021). Although no significant differences were observed for the biodegradation 

related to methane production for the assays with PCL in film and in powder, in theory, it would be 

expected higher biodegradation for the powder, because it has a higher surface area which leads to higher 

availability of the polymer to the microorganisms (Choe et al., 2021; Lesteur et al., 2010). 

Cellulose was a good control substrate since it was easily degraded by the leachate microbiome. 

The majority of cellulose was converted in the first 20 days of incubation (Figure 23), something also 

verified in the first experiment (Figure 22), although with a different behaviour after that point. While in 

the first anaerobic experiment the methane production becomes constant (Figure 22), in the second 

experiment, methane increases until the 55th day of incubation. This was observed in the assays with 

cellulose in film and in powder (Figure 23). In terms of the percentage of biodegradation, cellulose in film 

was completely degraded, while cellulose in powder reached 94,56 ± 17,25 % biodegradation (Table 4). 

Yagi et al. (2009) reported an 80 % biodegradation of cellulose in powder in just 14 days, with 

biodegradation of 93 % at the end of the 80 days of incubation, using anaerobic sludge as inoculum (Yagi 

et al., 2009). 

Regarding PE and PET in film, although their comparison to the blank is not so accurate, since 

these assays were performed with less inoculum leachate, there are not many differences between the 

methane production in the blank and in PE and PET incubations, suggesting that conversion of the 

polymers to methane was negligible. Indeed, no significant biodegradation was expected in short-term 

incubations, due to the recalcitrant nature of these polymers (Hermanová et al., 2015; Wataru, 2015). 



90 
 

For the powders, the methane production was also very similar to the blank, which means that the activity 

measured is most likely from the residual nutrients in the leachate, and not from the biodegradation of 

the polymer. Selke et al. (2015) tested the biodegradation of PE and PET in film under simulated 

thermophilic (50℃) anaerobic landfill conditions, with anaerobic sludge, and also observed no difference 

between the biogas production of the films in comparison to the blank (Selke et al., 2015). They 

performed this incubation for 500 days, and even at the end of the incubation, biogas production did not 

show a significant difference between the blank (Selke et al., 2015).  

The percentage of biodegradation calculated also points out to the conclusion that no 

methanogenic biodegradation occurred since biodegradation percentages were 1,57 ± 1,52% for PE in 

powder, and 2,32 ± 2,86 % for PET in powder (Table 4). A study with anaerobic sludges from the sewage 

plant, showed no biodegradation for the low-density polyethylene, justifying their results with the fact that 

polyolefins need activation by the introduction of hydroxyl groups, to suffer biodegradation by the 

microorganisms (Iwańczuk et al., 2015). Despite the poor results obtained and so far cited from the 

literature, some studies report good biodegradation of low molecular weight polyethylene, but the trend 

for those studies seems to be the use of specific microorganisms or microbial consortia that are efficient 

PE degraders (Nowak et al., 2011; R. Qi et al., 2021; Skariyachan et al., 2017). For PET, studies with 

sludge in anaerobic thermophilic conditions also did not show biodegradation of the polymer with no 

modifications (Hermanová et al., 2015; Selke et al., 2015), which shows how difficult it is for PET to be 

degraded, without additional changes to its structure. 

Something that was observed and that could have influenced the biodegradation of these non-

biodegradable polymers, is the floating of the polymer films (Appendix 3, Figure A3.4) and powder, which 

could potentially result in less surface area available. Especially regarding PE, the powder would more 

easily stick to the walls of the vials, away from the medium, and therefore less available for the 

microorganisms (Šmejkalová et al., 2016). One way to solve this issue would be the continuous agitation 

of the bottles. Additionally, another issue was observed in the PET bottles, as normally, all anaerobic 

growth mediums had a darker characteristic colour no matter the time of incubation. However, PET 

bottles had an almost translucid anaerobic medium, which was observed only in these vials (Appendix 3, 

Figure A3.5), although it is not known why or even if it had an impact on biodegradability. Nevertheless, 

it was not expected high biodegradation for PET, since in the literature, with leachate (at 35℃) no 

biodegradation was observed (Wataru, 2015). 
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By comparing the two different anaerobic experiments, it is interesting to see that the thermal 

pre-treatment applied to the second experiment (and probably allied to a more efficient microbial 

community regarding PCL biodegradation) seemed to have a big impact on PCL’s biodegradation, but no 

effect on the biodegradability of the non-biodegradable plastic, especially considering LDPE’s melting 

temperature is below 120℃ (around 105-116℃) (Suzuki et al., 2021). 

No VFA’s were detected, at the end of the experiment, meaning that in some incubations, like 

the ones with PE and PET, no VFAs were produced, or if they were (for instance in the assays with PCL 

and cellulose), they were completely consumed, and therefore not detected. No polymer characterization 

was performed on the films of these assays as neither PE nor PET in film showed significant results to 

make the characterization worthwhile, and PCL films were completely biodegraded. 

6.1.3- Aerobic experiment- biodegradability results 

The aerobic experiment was prepared with a concentrated leachate with 30,20 ± 0,33 g VSS/L, 

resulting in assays with 1,5 mL of leachate and 0,92 g/L of VSS (Appendix 3, Table A3.4). 

The oxygen consumption of the assays (Figure 24) showed an almost complete biodegradation 

of PCL in powder (98,53 ± 6,37 %) and for one of the replicas of PCL in film (100%), followed by cellulose 

(70,88 ± 10,09 %) and the remaining PCL replicas, with more than 65% biodegradation (Table 5). 

Similarly, to the anaerobic experiments, the non-biodegradable polymers, PE, and PET had an oxygen 

consumption similar to the blank assay (Figure 24), showing that the oxygen consumed was not a result 

of the biodegradation of the polymer. To preserve the microbial communities of the biodegradability 

assays for later taxonomic identification, PCL and cellulose assays were sampled around the 50th day of 

incubation. The remaining experiments were left incubating, however, no significant differences in the 

methane production and the values of the percentage of biodegradation after the 56th day (Figure 24 and 

Appendix 3-Figure A3.6). 

The calculation of the biodegradation percentages was performed considering 56 days of 

incubation (Table 5).  
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Table 5: Theoretical oxygen consumption expected, of the measured oxygen consumption without the contribution of the blank assays and 
the consequent percentage of biodegradation and standard deviation. ND_ not detected 

Polymer/carbon 
and energy source 

Theoretical O2 (mmol) 
expected from 

complete 
biodegradation of the 
added carbon source 

O2 consumed (without 
the contribution of the 

oxygen measured in the 
blank assay) (mmol) 

Biodegradation (%) 

PE powder 7,21 -0,20 ND 

PE film 6,87 -0,05 ND 

PET powder 3,49 
0,07 1,95 ± 8,25 

PET film 3,31 
-0,16 ND 

PCL powder 4,37 
4,30 98,53 ± 6,37 

PCL film 4,20 
2,00 67,58 ± 33,79 

Cellulose 2,49 1,76 70,88 ± 10,09 

 

A considerable difference between the three tested replicas for PCL in film was observed (Figure 

24), which is why it was decided to present the triplicates separately, rather than the average value. It 

was observed that the third replica (PCL 3f) showed a much quicker oxygen consumption before the 20th 

day of incubation, while the other two replicas kept consuming oxygen at a much slower rate. Only after 

40 days, they started to consume more oxygen (Figure 24), probably corresponding to the beginning of 

the polymer biodegradation. After the 70th day of incubation, it was possible to observe a higher oxygen 

consumption (Appendix 3, Figure A3.6), which may indicate that only after 70 days these microorganisms 

started to actively produce the machinery to aerobically biodegrade PCL (García-depraect et al., 2022). 

Figure 24: Oxygen consumption curves from the aerobic experiment with films and powder for 56 days of incubation. 
Average values of methane production of the assay with PE, PET PCL, cellulose, and blank and respective standard 

deviation; the replicas for PCL are presented separately. 

0

10

20

30

40

50

60

70

80

90

0 10 20 30 40 50 60

O
2

co
ns

um
pt

io
n 

(m
M

)

Time (days)

PE film PET film PCL film-1
PCL film-2 PCL film 3 PE powder
PET powder PCL powder Cellulose powder



93 
 

Although this big difference between the three replicas was not expected, it is a normal phenomenon to 

have different results from experiments performed under the same conditions (Choe et al., 2021). When 

comparing the third replica to the literature, Massardier-Nageotte et al. (2006) also observed similar 

results for PCL, but in a much shorter period. They observed a lag phase of only one day, with a quick 

increase in BOD until the 18th day, followed by a stationary phase until the end of the incubation (28th 

day). However, they performed incubations at 30℃, with a non-specified inoculum (Massardier-Nageotte 

et al., 2006). On the other hand, García-depraect et al. (2022) reported similar results for the biogas 

production curve of PCL biodegradation with activated sludge, with a lag phase lasting 11-13 days, 

followed by a quick biogas production. The PCL tested was in powder form and at 25℃ (García-depraect 

et al., 2022). For PCL in powder, the oxygen consumption only seemed to have differentiated from the 

blank after the 25th day of incubation, which was later compared to the results with the film (Figure 24). 

In simulated compost conditions, the results for PCL also showed a similar curve and percentage of 

biodegradation. They reported a 30-day lag phase, followed by an almost linear growth of the 

biodegradation curve (Pradhan et al., 2010). In a study with soil, and soil + leachate, PCL carbon dioxide 

emission was observed to be below the blank used in both experiments, but it was detected that the 

addition of the leachate to the soil promoted surface changes while inhibiting the evolution of the carbon 

dioxide (Campos et al., 2011). 

In terms of the percentage of biodegradation (Table 5), PCL in powder reached almost a complete 

degradation (98,53 ± 6,37%), while the average value of the film was around 67,58 ± 33,79%. This result 

and high standard deviation is explained by the difference in biodegradation of the three replicas, clearly 

seen in the oxygen consumption graph (Figure 24 and Appendix 3, Table A3.5) Nevoralová et al. (2020) 

described a quick complete biodegradation of the PCL tested, under thermophilic (58℃) composting 

conditions after 60 days, referring that at that temperature, the crystalline parts of the polymer are an 

easier target for microbial enzymes, because PCL melting temperature is around 60℃ (Nevoralová et 

al., 2020). In another experiment simulating aerobic composting conditions, PCL in powder reached 60 % 

biodegradation after 180 days, showing a slow evolution (Pradhan et al., 2010), similar to the first replica 

of the PCL in film tested in this work. Additionally, low values of PCL biodegradation have also been 

reported, where Massardier-Nageotte et al. (2006) reported 34,8 % biodegradation for PCL in film, after 

28 days at 30℃, showing how diverse these results can be. Comparing results with the second anaerobic 

experiments, PCL in powder was biodegraded similarly in aerobic conditions for a similar time of 

incubation, while PCL in film did not. However, if only the third replica is considered, then aerobic 

degradation of PCL presents slightly better results than the anaerobic one. 
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For cellulose, after the first few days of incubation, a higher consumption than the blank was 

observed showing a constant oxygen consumption from then on (Figure 24). Selke et al. (2015) also 

reported a very similar behaviour of carbon dioxide production with the sample with cellulose, in simulated 

aerobic compost conditions, with anaerobic sludge at 58℃. They demonstrated an almost linear increase 

in gas production throughout the incubation time but show a bigger difference between the sample and 

the blank (Selke et al., 2015). Castro-aguirre et al. (2017) conducted a study in simulated composting 

conditions at 58℃ and reported varying results of cumulative carbon with cellulose. They performed the 

same biodegradation tests at different times and demonstrated that, in the same incubation conditions, 

biodegradation can vary greatly (Castro-aguirre et al., 2017). They stated that similar cumulative gas of 

two different samples resulted in different percentages of mineralization due to the blank, which also 

behaved differently throughout the experiment (Castro-aguirre et al., 2017). In a study with compost at 

58℃, the biodegradation curve shown for cellulose makes it seem that the results obtain in the present 

work are only the exponential phase of oxygen consumption, and that a stationary phase would soon be 

observed since the stationary phase observed in the study started after the 60 th day of incubation (Weng 

et al., 2011). Regarding the percentage of biodegradation, around 70 % of the compound was degraded 

(Table 5), which was less than for PCL in powder, and almost the same for the average value of the PCL 

in film. However, given the time of incubation, it can be considered a good result, since Selke et al. (2015) 

also reported 50 % mineralization of the cellulose tested in simulated aerobic compost conditions, at 

58℃, after 50 days and about 70 % only after 140 days (Selke et al., 2015). 

In terms of non-biodegradable polymers, incubations with both PE and PET in film had a lower 

oxygen consumption than the blank (Figure 24), which implies that no biodegradation occurred, as the 

oxygen consumed was a consequence of the consumption of residual substrates in the leachate. A study 

under simulated compost conditions, at 58℃, showed a lower carbon dioxide evolution of PE and PET 

in film in comparison to the blank, concluding that non-biodegradable films in industrial aerobic 

composting processes would be unaffected (Selke et al., 2015). Furthermore, they also tested films that 

were subjected to UV treatment to lower their molecular weight, stating that CO2 production was also not 

different from the blank. This means that even a molecular weight reduction would not make aerobic 

biodegradation under composting conditions more efficient (Selke et al., 2015). Castro-aguirre et al. 

(2017) conducted a study in simulated compost conditions at 58℃ and observed different behaviours of 

cumulative carbon dioxide, from PE in film. With the same conditions, but with incubations starting at 

different times, PE showed low mineralization values, and even some negative ones, that were explained 

to be related to less availability of the carbon in the film to the microorganisms (Castro-aguirre et al., 
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2017). For the powders, on the 56th day, PET showed a slightly higher value of oxygen consumption than 

the blank, while PE consumption was lower (Figure 24). Castro-aguirre et al. (2017) also report a negative 

value of mineralization for the PE in powder tested in simulating composting (58℃) conditions, stating 

that this could be due to a physical barrier of the film, which limits the availability of carbon to the 

microorganisms (Castro-aguirre et al., 2017). As a consequence of these oxygen consumption values, 

most of these non-biodegradable polymers showed no results of biodegradation. Selke et al. (2015) 

reported low mineralization percentages for the PE in film and in powder tested, in simulated composting 

conditions, with anaerobic sludge at 58℃ (Selke et al., 2015). In the case in study, an issue observed 

that could have influenced the biodegradation was the floating of the films and powder (Appendix 3, Figure 

A3.7), which together with the lower availability of the carbon in the polymer, makes the plastic less 

available to the microorganisms (Castro-aguirre et al., 2017; Šmejkalová et al., 2016). Many studies 

focussing on the biodegradation of non-biodegradable plastic highlight the importance of longer periods 

of incubation, that allow the adaptation of the microorganisms to the substances (Massardier-Nageotte et 

al., 2006). Studies that occurred for more than 6 months showed better results in polymer changes and 

isolation of microorganisms (Matjasic et al., 2020), proving that longer incubations in these conditions 

may help the ability of these microorganisms for biodegrading plastics. 

Because new oxygen injections were not made in the first week of incubation, some bottles 

started to present anaerobic activity, due to the low concentration of dissolved oxygen. Therefore, on the 

second measurement made to evaluate the oxygen consumed, it was possible to observe methane peaks, 

that hinted at that activity. Additionally, the bottles with higher methane concentration started to present 

a darker colour of the growth medium, compared to the other bottles, which was characteristic of the 

anaerobic incubations (Appendix 3, Figure A3.8). Although this production of methane decreased 

throughout the incubation time, some assays, like the ones with PCL (in film and in powder) and cellulose 

(Figure 25) still produced some quantity in the first few days of incubation.  

The third replica of PCL, besides having the highest oxygen consumption, was also the replica 

with more methane production, which seemed to have reached its peak around the 40th day of incubation 

(Figure 25). The second replica showed an increasing methane production until the 35th day, after which 

methane stopped being detected by the GC. The first replica showed very few points of detection of 

methane, where the concentration increased from the first to the second measure, and then again from 

the third to the fourth (Figure 25). PCL’s powder triplicates had very different concentrations detected, 

with higher production in the second replica (PCL 2) (Figure 25). This activity, like before, was first 
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observed due to a darkening of the medium, which diminished to a lighter colour throughout the 

incubation, and the consecutive oxygen injections. With cellulose, the methane production seemed to 

accompany the oxygen consumption (Figure 25), which allows the assumption that there was 

simultaneous degradation of the compound by aerobic and anaerobic activities. Nevertheless, the oxygen 

consumed was in higher concentrations than the methane produced, which means that aerobic 

degradation was predominant. In terms of the standard deviation of the methane curve, although the 

three replicas had similar behaviour for methane production the curves were in different concentration 

ranges, which explains the higher standard deviation. 

Although the methane production in this experiment was unexpected, it is not an uncommon 

phenomenon. At the beginning of the incubation, oxygen was quickly consumed by the microorganisms 

resulting in a low concentration of dissolved oxygen in the medium, and anaerobic microorganisms have 

already been reported to survive such micro-aerophilic conditions (Wagner, 2017), even though oxygen 

was toxic for them (M. T. Kato et al., 1993; Pedizzi et al., 2016). It was reported that some archaea, 

described as strictly anaerobic, could endure small oxygen concentrations for short periods (Wagner, 

2017), withstanding periods of up to 48 hours in those conditions, without dying (M. T. Kato et al., 1993). 

Additionally, the resulting products of the degradation of cellulose, H2, CO2 and acetate, are used as 

substrates by the anaerobic microorganisms to produce the methane detected. This, together with being 

at the bottom of the biofilm where oxygen is even less available (M. T. Kato et al., 1993), enables them 

to grow and produce methane (Wagner, 2017). Moreover, there is also the possibility of existing some 

facultative bacteria, that under these lower oxygen concentrations, resolve to anaerobic activity to survive 

(M. T. Kato et al., 1993).  

No VFAs were detected in the aerobic assays. 
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Figure 25: Values of oxygen consumption and methane production of the replicas with PCL in film, PCL in powder, cellulose and 
blank assays from the aerobic experiment, in an incubation time of 56 days: A) Replica number 1 of PCL in film, with the respective 
methane production; B) Replica number 2 of PCL in film, and respective methane production; C) Replica number 3 of PCL in film, 
and the respective methane production; D) Average value of PCL in powder and blank oxygen consumption, triplicates of PCL in 
powder and blank methane production E) Average value of cellulose and blank oxygen consumption and methane production. 
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6.1.4- Taxonomic analysis of the microbial communities degrading PCL under aerobic 

and anaerobic conditions 

The concentration of the DNA isolated from the samples collected from the aerobic and anaerobic 

experiments with PCL, as well as from the inoculum leachate are presented in Table 6. Almost no DNA 

could be eluted in the first elution, but high concentrations of DNA were quantified in the second elution. 

The DNA collected in the first and second elutions were merged, before the precipitation step. 

Table 6: DNA quantity of the samples extracted for sequencing (ng/µL), from the first and second elution with DES water. ND- Not 
detected. Samples tested were two of the triplicates of PCL in powder assays of the aerobic experiment, and two from the secondary 

anaerobic experiment, as well as the leachate inoculum 

Sample First elution  

DNA (ng/µL) 

Second elution DNA 

(ng/µL) 

Aerobic PCL 2 powder  ND 140,6 

Aerobic PCL 3 powder 40,5 207,2 

Anaerobic PCL 1 powder ND 175,9 

Anaerobic PCL 3 powder ND 236,4 

Leachate Inoculum ND 103,7 

 

The extracted DNA was submitted to PCR amplification to verify if it was amplifiable prior to 

sending it for Illumina sequencing. All DNA samples were amplified with primers targeting the bacterial 

16S rRNA gene (Figure 26), indicating the presence of bacteria. The negative control, having no band, 

confirms that the PCR went well, and no impurities were present in the reagents and materials used.  

 

 

The sequencing results showed significant differences between the different samples (Appendix 

4, Figure A4.1, A4.2 and A4.3 and Table A4.1 and A4.2), with the anaerobic community having the 

greatest number of Archaea microorganisms (23 %) in comparison to the other samples (aerobic- 0,07 % 

Archaea, inoculum-0,2 % Archaea), with 76 % being Bacteria and 0,5 % sequences that did not match 

1 2 3 4 5 6 8 7 9 10 12 11 13 14 15 

Figure 26: Electrophoresis gel that resulted from the PCR analysis of the studied samples. From left to right, there’s the DNA 
ladder, 1-aerobic PCL 2p, 2-aerobic PCL 3p, 3-anaerobic PCL 1p, 4-anaerobic PCL 3p, 5-inoculum, 6-sample unrelated to this 

work, 7-sample unrelated to this work 2, 8-aerobic PCL 1p with dilution 1:10, 9- aerobic PCL 2p with dilution 1:10, 10- 
anaerobic PCL 1p with dilution 1:10, 11-anaerobic PCL 3p with dilution 1:10, 12- inoculum with dilution 1:10, 13- sample 

unrelated to this work with dilution 1:10, 14- sample unrelated to this work with dilution 1:10, 15- negative control. 
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any other sequence in the database used. The inoculum presented a high abundance of Bacteria (99 %) 

and the aerobic sample showed some surprising results, as 61 % of the sequences did not significantly 

match any other sequence in the database used. This high percentage is thought to be small fragments 

of the microorganism’s genome, but that did not code for any identifying sequence or even parts of the 

genome of eukaryotic microorganisms in the sample. The rest of the aerobic microbial community was 

assigned to Bacteria (39 %). However, after the data analysis was performed, the percentage of these 

sequences that did have a match in the database was not considered in the calculations. The relative 

abundances of the microorganisms identified in the PCL incubation performed under aerobic conditions 

are shown in Figure 27. 

 

In the aerobic community, it is possible to observe a predominance of microorganisms from the 

Bacteria domain. The two most abundant bacteria- Coprothermobacter and Bacillus, were described as 

PCL biodegrades in the literature  (Atanasova, Stoitsova, et al., 2021; Jin et al., 2022; Tokiwa et al., 

2009). In terms of fungi, all the fungi described were not reported in any PCL biodegradation study but 

were described as being able to biodegrade other polymers, like PU (for Exophiala degrader (Liu et al., 

2021; Magnin et al., 2020)), PHB and PVC (for Penicillium expansum (Gowda & Shivakumar, 2015; 

Pardo-Rodríguez & Zorro-Mateus, 2021; Urbanek et al., 2022), polycarbonate (PC) and 

Figure 27: Relative abundance of the microorganisms given by the 16S amplicon sequencing of the PCL 
incubation performed under aerobic conditions, represented by a krona plot, after removing the contribution of the 

sequences that received no annotation. Bacteria account for 99,7 % of the community, and Archaea (in blue) 
account for only 0,3 % of the community. 
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polyhexamethyleneguanidine (PHMB) (for Geotrichum candidum (Srikanth et al., 2022; Swiontek et al., 

2019) and PBS (for Mucor recemosus (Hosni, 2019)).  

The most predominant prokaryote in this sample is Coprothermobacter sp., with a 65 % relative 

abundance. This is a gram-negative, rod-shaped, thermophilic bacteria, that is reportedly found in strictly 

anaerobic conditions. It is known due to its proteolytic properties, being an effective degrader in anaerobic 

thermophilic digesters. It also has acidogenic functions and has been found to be one of the most 

predominant bacteria in petroleum reservoirs, hinting at a capacity to degrade hydrocarbons (Jin et al., 

2022). It was stated that it forms a syntropy association with methanogenic bacteria (Liczbiński et al., 

2022), like species from the Methanothermobacter genus, that was also found to exist in this sample. 

This Archaea is a strictly thermophilic hydrogenotrophic methanogen (Kato et al., 2008), and was found 

with an abundance of 72 %, in the 0,3 % of Archaea organisms in this aerobic sample. Various studies 

have reported the syntrophic association of these two bacteria (Jin et al., 2022; Sasaki et al., 2011), 

however, they were observed only in anaerobic thermophilic conditions. This arises the question of how 

these anaerobic bacteria survived for so long in aerobic conditions, especially the methanogen 

Methanothermobacter. Some explanations could be in the reasons already described in section 6.1.3, 

that the initial low concentrations of oxygen could allow the survival of some microorganisms that are 

nominated strictly anaerobic, but that have been observed to survive to low concentrations of oxygen for 

some periods (M. T. Kato et al., 1993; Wagner, 2017). However, it is curious that these microorganisms 

managed to survive for almost three months in an environment with intermittent additions of oxygen, 

especially after the first 20 days, when the oxygen concentration in the bottles became higher and more 

stable. Even if they were protected in the biofilm formed, they would have been in contact with some 

significant dissolved oxygen concentration, in the last days of incubation. Still, they have been reported to 

be involved in PCL degradation, but under anaerobic conditions (Jin et al., 2022). 

In addition to Coprothermobacter, a Bacillus sp. (with 5 % relative abundance), and some 

microorganisms belonging to the Deltaproteobacteria Class (with 7 % of relative abundance) were the 

most abundant taxonomic groups. Bacillus strains have been frequently reported as PCL degraders. 

Bacillus pumilus strain KT102 in mesophilic conditions (Tokiwa et al., 2009), and in thermophilic 

conditions (Atanasova, Stoitsova, et al., 2021; Tokiwa et al., 2009) are some of the examples reported 

as PCL degraders. Tiago et al (2004) conducted a study of mesophilic and thermophilic (50℃) 

degradation of PCL, using sewage sludge as inoculum, and reported a thermophilic degradation of the 

polymer of only Bacillus genus microorganisms (Tiago et al., 2004). 
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Due to the high percentage of unidentified sequences in the 16S rRNA gene sequencing in the 

aerobic assay, 18S rRNA amplicon sequencing was also performed, and microorganisms from different 

kingdoms could be identified (because the primer pair utilized targeting the 18S rRNA can amplify also 

some 16S rRNA sequences). Various microorganisms assigned to Bacteria (83 % of the matches in the 

sequencing) were identified, as well as Eukaryota (0,03 %) and Fungi (0,7 %). Additionally, some matches 

were observed for the Plantae kingdom (3 %), which are most likely seeds or organic waste that were 

present in the leachate since it sits in open pools at the landfill site. One match for a nematode was 

observed (Panagrolaimus sp.). Sequences that did not significantly match any other sequence in the 

database were still present in about 13 %. Aerobic PCL degrading cultures were observed at the 

microscope and besides the pool of unrecognisable microorganisms, some structures very similar to 

nematode eggs were observed (data not shown). 

From this 18S sequencing, only the hits assigned to eukaryotes and fungi were explored. In terms 

of fungi, the results are shown in Figure 28 and for the Eukaryota, in (Appendix 4, Figure A4.4). The most 

abundant fungi belong to the Ascomycota phylum (77 % of the total fungi community), followed by the 

Mucor genus (21 %), and the Basidiomycota phylum (2%).  

Inside the Ascomycota phylum, Exophiala sp. is the most abundant (41 %), followed by 

Penicillium expansum (17 %) and Geotrichum sp. (7 %). Other known fungi that belong to this phylum are 

Penicillium species, Aspergillus and Pichia (Figure 28). Exophiala compromises a genus of black yeast 

and has been isolated from the environment, animal tissues, plants, arsenic mine soil and deep-sea 

sediment. Some are even human pathogens. Exophiala sp. in specific has been described as capable of 

degrading benzene, toluene and xylenes (C. Zhang et al., 2019). The action of this fungus on PCL 

biodegradation did not appear documented yet, however, it is considered a PU (a non-biodegradable 

polymer) degrader (Liu et al., 2021; Magnin et al., 2020). Penicillium expansum is more commonly 

known as blue-rot fungus that attacks postharvest fruit with lesions (Luciano-rosario et al., 2020). It was 

not found a direct impact on PCL biodegradation for this species, however, it is known that this genus is 

highly correlated to the biodegradation of polymers, especially biodegradable polymers, including PCL 

(Antipova et al., 2018). This species in particular has been documented to degrade PHB (Gowda & 

Shivakumar, 2015; Urbanek et al., 2022), and grow on a medium with PVC (Pardo-Rodríguez & Zorro-

Mateus, 2021). 
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Geotrichum candidum is also a postharvest rot fungus of fruits and vegetables, but can also 

colonize human skin (Keene et al., 2019). No data was found in the literature that hinted at its action on 

PCL biodegradation, however, it was described as having some degrading properties for other plastics, 

like polycarbonate (PC) (Srikanth et al., 2022) and polyhexamethyleneguanidine (PHMB) (Swiontek et al., 

2019). In terms of Mucor microorganisms, the most abundant is Mucor recemosus (18 %). It’s also a 

fungus commonly observed in rotten food (Botha & Botes, 2014), and it can infect immunocompromised 

people (Myoken et al., 2002). Again, no evidence in the literature was found that showed its ability to 

biodegrade PCL, however, some studies report degradation for other polymers, like PVC (Pardo-Rodríguez 

& Zorro-Mateus, 2021), PBS (polybutylene succinate) (Hosni, 2019) and even crude petroleum by-

products (Adedotun & Oluyode, 2005). 

The identified Eukaryota in the sample had very little relative abundance (0,03 %). Only four 

matches occurred, Cholamonas cyrtodiopsidis with 47 % abundance, Colpodella sp. with 13 %, Anurofeca 

sp. with 20 % and a microorganism that was not possible to classify at the genus and species taxonomy, 

but that belongs to the Eimeriidae family (with 20 % abundance) (Appendix 4, Figure A4.4). 

Figure 28: Relative abundance of the microorganisms assigned to Fungi given by the 18S 
amplicon sequencing of the PCL incubation performed under aerobic conditions, represented 

by a krona plot. 
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For the anaerobic sample and the inoculum, only 16S amplicon sequencing was performed. The 

krona plot from the sequencing of the anaerobic sample is shown in Figure 29.  

 

In the anaerobic assays, Archaea are the predominant domain of the community, although 

methanogenesis results from sequential metabolic reactions between fermentative Bacteria and 

methanogenic Archaea (S. Kato et al., 2008). In this domain, all the microorganisms with a higher relative 

abundance (Methanosaeta, Coprothermobacter and Methanothermobacter) were reported in PCL 

biodegradation studies, except for Caloramator which was only described as participating in the 

biodegradation of plant biomass (Ahlert et al., 2016; Hatmaker et al., 2019). 

The predominant microorganism in the anaerobic sample was Methanothermobacter sp., a 

methanogenic prokaryote that has an abundance of 55 % in the sample. As stated previously, this 

microorganism is a thermophilic hydrogenotrophic methanogen, that is highly studied in thermophilic 

anaerobic digesters. Hydrogen is its’ primary energy source (S. Kato et al., 2008) that it uses for methane 

production (Liczbiński et al., 2022).  

Figure 29: Relative abundance of the microorganisms given by the 16S amplicon sequencing of the PCL incubation performed 
under anaerobic conditions, represented by a krona plot, after removing the contribution of the sequences that received no 

annotation. Bacteria (in blue) account for 34 % of the community, and Archaea (in reddish) account for only 64 % of the 
community. 
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Methanosaeta sp. accounts for about 5 % of the prokaryotes in the anaerobic sample. This 

archaea is also a methanogen with acetoclastic activity and CO2-reducing methanogenesis (Carr et al., 

2017). However, in the literature, it appears both in studies conducted in thermophilic and mesophilic 

conditions and even in different environments. One study reported its presence in deep-sea marine 

sediment collected from Antarctica (Carr et al., 2017), another in a treatment system for wastewater with 

a high organic load from coffee processing (Suárez et al., 2018) and another in a microbial community 

of a petroleum reservoir (Kobayashi et al., 2012). Because it only has acetoclastic and CO2-reducing 

activity, it is not reported as a PCL biodegrader, however, it has been reported in a PCL biodegradation 

study, in mesophilic conditions (Yagi et al., 2014).  

In the Bacteria domain, Coprothermobacter sp. is the most abundant (17 %), followed by 

Caloramator sp. (11 %).  

Coprothermobacter sp. was also found in the aerobic sample, and the literature reports its 

presence in anaerobic digesters, in thermophilic conditions, like sewage sludge, slaughterhouse waste, 

and cattle manure treatment facilities, among others (Liczbiński et al., 2022). It was reported an increase 

of hydrolysis in the digesters with this bacterium because it is known that it promotes an association with 

methanogens, by producing hydrogen (Liczbiński et al., 2022) and simplifying interspecies hydrogen 

transfer (Jin et al., 2022). This molecule is used by methanogens, like Methanothermobacter, as an 

energy source (Liczbiński et al., 2022). This association between Methanothermobacter and 

Coprothermobacter has been reported before (Sasaki et al., 2011) where it was stated an increase in 

methane production, in cell number, a decrease in protein content (which is Coprothermobacter main 

substrate) and lower concentration of hydrogen (meaning the Methanothermobacter consumed it for 

methane production) in the co-culture with both microorganisms than in the mono-culture with 

Coprothermobacter (Sasaki et al., 2011). This association was also observed in a study of the 

biodegradation of bioplastics, where one of the polymers studied was PCL (Jin et al., 2022). It was stated 

that Coprothermobacter had an involvement in the fermentation and hydrolysis of PCL, in thermophilic 

conditions, and that its abundance and efficiency were highly correlated with the presence of 

Methanothermobacter (Jin et al., 2022). This association hints at the fact that not all the most abundant 

microorganisms reported have a direct influence on PCL’s biodegradation. Some can only be consuming 

the by-product of the ones that attack PCL, which seems to be the case of Methanothermobacter 

regarding Coprothermobacter. 
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Caloramator is a genus of rod-shaped, strictly anaerobic thermophilic bacteria, that have been 

isolated from different thermal biotopes, and even methanogenic sludge (Hatmaker et al., 2019). In the 

literature, this microorganism does not appear to be related to PCL biodegradation, only to the 

degradation of plant biomass (Ahlert et al., 2016; Hatmaker et al., 2019). 

At last, the results from the sequencing of the microbial community of the inoculum are shown 

in (Appendix 4, Figure A4.5). The results show that from the 72 % of Bacteria, Bacillus sp. is the most 

predominant (27 %), followed by a microorganism in the Actinobacteria genus (19 %), another in the 

Thermotogae genus (12 %) and finally another in the Thermoanaerobacterales (10 %). Bacillus is a genus 

commonly found in landfills, especially in soil (Szulc et al., 2022), and Actinobacteria are a phylum of 

gram-negative bacteria, that are present in aquatic and terrestrial environments. They produce some 

mycelium, like fungi, and can reproduce by sporulation. Most microorganisms in this phylum are aerobic 

and mesophilic, but there are some exceptions in terms of anaerobic and thermophilic microorganisms 

(Barka et al., 2016). In terms of their presence in landfills, studies have been conducted and found a 

higher abundance of the phylum in soil than in the leachate (Szulc et al., 2022), existing in the leachate, 

nevertheless (Remmas et al., 2017). Thermotogae phylum compromises anaerobic thermophilic and 

mesophilic bacteria, which are gram-negative (Bhandari & Gupta, 2014), and are found in leachate, 

thriving in more thermophilic conditions (Zhao et al., 2021). Thermoanaerobacterales genus belongs to 

the Clostridia class. The Clostridia class compromises anaerobic and aerotolerant microorganisms, 

present in landfill soil (Gu et al., 2022) and leachate (Burrell et al., 2004). 

In terms of Archaea, the taxonomic information retrieved from the samples was not enough to 

classify the prokaryotes more than their domain. They still, however, account for a considerable 

abundance in the sample. This percentage shows that, when in anaerobic conditions, the microbial 

community from the leachate, tends to increase in the number of Archaea prokaryotes, and when in 

aerobic conditions, this abundance decreases significantly. 

From the data analysis performed, there were microorganisms which were not detected in the 

inoculum but were identified with very high abundances in the aerobic and anaerobic assays. For the 

aerobic sample, these microorganisms included Coprothermobacter sp. (with a relative abundance of 

65 %), Chlatococcus sp. (with a relative abundance of 3,12 %) and organisms from the 

Deltaproteobacteria class (with a relative abundance of 7,12 %). In the anaerobic sample, the 

microorganisms were Methanothermobacter sp. (with a very high relative abundance of 55,43%), 
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Methanosaeta sp. (with a relative abundance of 5,50 %), Caloramator sp. (with a relative abundance of 

11,13 %) and Coprothermobacter sp. (with a relative abundance of 17,04 %). 

6.2- Experiments with marine sediment 

VSS determination with marine sediment was done separately for the aerobic experiment and for 

the two anaerobic incubations. In the aerobic incubation, 4,40 ± 0,0001 g (Appendix 5, Table A5.1,) of 

sediment was dispersed, and for the anaerobic experiments 4,45 g ± 0,0001 g, were placed in each vial 

(Appendix 5, Table A5.2) to get a VSS concentration of 3 g VSS/L. 

The results for oxygen consumption, and methane and sulphide production are shown in Figure 

30.  

 

No methane production was observed for the sulphate-reducing experiment. Biodegradation in 

these conditions works similarly to anaerobic methanogenic biodegradability, but sulphate works as the 

electron acceptor, producing hydrogen sulphide, carbon dioxide and water as final products (Eubeler, 

Figure 30: Curves from the experiments with marine sediment as inoculum, for 70 days of incubation; A) Average value of oxygen 
consumption (mM) of the samples with PE, PET, PCL and blank of the aerobic experiment; B) Average values of methane production 

(mM) of the samples with PE, PET, PCL and blank from the anaerobic methanogenic experiment; C) Average values of sulphide 
production (mg/L) of the samples with PE, PET, PCL and blank of the anaerobic sulphuric experiment. 
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2010). The last value of oxygen consumption and methane production observed were used to calculate 

the percentage of biodegradation of the plastics in the aerobic (Table 7) and anaerobic methanogenic 

assays (Table 8), respectively.  

Table 7: Theoretical oxygen consumption expected, measured oxygen without the contribution of the blank assay, and percentage of 
biodegradation of the tested plastics- PE, PET and PCL for the aerobic experiment with marine sediment 

Polymer/carbon 
and energy source 

Theoretical O2 
(mmol) expected 
from complete 

biodegradation of 
the added carbon 

source 

O2 consumed 
(without the 

contribution of the 
oxygen measured 
in the blank assay) 

(mmol) 

Biodegradation (%) 

PE powder 6,69 0,09 1,33 ± 0,37 

PET powder 3,26 0,08 2,87 ± 5,79 

PCL Powder 4,11 1,98 48,09 ± 2,75 

 

In the aerobic assay, results show that PCL had an oxygen consumption lower than the blank 

until the 20th day of incubation, which may indicate that microorganisms were still adapting their organism 

to the new substrate. After that, until the 60th day, oxygen consumption was the same as the blank, and 

only after that point did the production start to be higher (Figure 30), indicating that only after that point, 

real biodegradation of the polymer started to occur. With PE and PET, until the 70th day of incubation, 

oxygen consumption was the same as the blank assay (Figure 30). As shown by the oxygen consumption 

profile, PCL shows a high percentage of biodegradation (Table 7), raising some good prospects for the 

biodegradation of biodegradable plastics in estuary environments. In the literature, different 

biodegradation percentages are present for PCL in marine environments. This is mostly because tests 

are performed in different environments, from artificial seawater to coastal sediment (in laboratory and 

sea) and static river sediment, which varies greatly in their microbial community. Even coastal sediments 

from different seas present a varying microbial community (G. X. Wang et al., 2021). G. X. Wang et al. 

(2021) reported a 32 % weight loss of PCL in seawater after 52 weeks, while at the same time verifying 

a 14 % weight loss in static river water, and 12 % in laboratory static water (G. X. Wang et al., 2021). 

Narancic et al. (2018) tested the biodegradation of PCL under an aerobic marine environment and 

anaerobic aquatic digestion. In the aerobic experiment, they observed about 40 % biodegradation of PCL 

after 56 days (Narancic et al., 2018), showing higher biodegradation in less time than the one presented 

in this work, but allowing to conclude that PCL shows good biodegradation results in marine environments 

(Narancic et al., 2018; Suzuki et al., 2021).  
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The anaerobic results with marine sediment were not as satisfactory as the ones observed for 

the aerobic experiment. PCL’s lag phase lasted until the 20th day of incubation, with a high production of 

methane after, that lasted until the 55th (Figure 30). PE and PET showed no differences in methane 

production compared to the blank, indicating that this production was due to the consumption of the 

possible substrates in the sediment, and not the polymer’s biodegradation. In terms of percentages of 

biodegradation, this mimics methane production, showing very low percentages for the three polymers 

(Table 8), especially compared to the results of the aerobic experiment. Even PCL, which seemed to 

present better methane production, only shows around 4 % of biodegradation. One hypothesis that could 

explain these results, especially because of the long lag phase compared to the aerobic experiment, was 

that estuary microbial communities do not have many methanogenic microorganisms, since estuary 

zones are more in contact with air, and only occasionally are submerged under water. Additionally, since 

methanogens do not seem to thrive well under salinity conditions (Riffat & Krongthamchat, 2006; S. Wang 

et al., 2017), maybe the salt concentration in the medium may be inhibiting the microorganism’s activity. 

Nevertheless, the behaviour could change with extended incubation times. In the literature, it appears 

that poor anaerobic biodegradation of polymers with marine microbial communities is frequent. Narancic 

et al. (2018) observed only 2,1 % of biodegradation of PCL in anaerobic aquatic digestion, after 56 days 

(Narancic et al., 2018).  

Table 8: Theoretical methane production expected, measured methane production without the contribution of the blank, and percentage of 
biodegradation for the assays with PE, PET and PCL, from the methanogenic experiments with marine sediment 

Polymer/carbon 
and energy source 

Theoretical CH4 
(mmol) expected 
from complete 

biodegradation of 
the added carbon 

source 

CH4 produced 
(without the 

contribution of the 
oxygen measured in 

the blank assay) 
(mmol) 

Biodegradation (%) 

PE powder 3,35 0,011 0,34 ± 0,04 

PET powder 1,63 0,004 0,26 ± 0,77 

PCL powder 2,06 0,078 3,81 ± 0,40 

 

For the sulphide production, on the 18th day of incubation, all the polymers seemed to have 

started to produce more sulphide than the blank, but on the last measure, only PCL showed a higher 

sulphide concentration than the blank (Figure 30). This means that the microorganisms needed about 

58 days to adapt their metabolism for the degradation of the polymer, as only after that did the sulphide 

production increase drastically. Apparently, no big differences can be observed for the production of 

sulphide in the PE and PET assays, until the 70th of incubation, and PCL shows a difference of 
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212,67 mg/L of sulphate reduction compared to the blank, indicating PCL biodegradation under 

sulphate-reducing conditions. The sulphide production means that sulphates are being used as final 

electron acceptors in the biodegradation chain, indicating biodegradation of the plastics, particularly PCL. 

Sulphate reducing microorganisms have been reported to be efficient in the biodegradation of petroleum 

hydrocarbons (Coates, Anderson, et al., 1996; Machel, 2001; Y. Wei et al., 2018), like n-alkanes and 

polycyclic aromatic hydrocarbons (PAHs) (Alexandre, 2015; K. Zhang et al., 2019). Zhang et al. (2019) 

observed the fastest biodegradation of n-alkanes and PAHs in sulphate-reducing conditions, reporting a 

half-life of 49,51 and 58,74 days, respectively. Although no reports were found on the sulphate-reducing 

biodegradation of PCL, this ability of sulphate-reducing bacteria to biodegrade petroleum hydrocarbons 

hints at the ability to biodegrade this polymer. Additionally, it has been reported that some methanogens 

can be outcompeted by sulphate-reducing bacteria when competitive substrates are used and that in 

tidal-flat sediment, where methanogenic activity only occurs after sulphate depletion (Mckew et al., 2013). 

This explains why methanogenic activity was not observed in the experiments described. However, Mckew 

et al. (2013) reported the coexistence of methanogenic and sulphate-reducing activity in the intertidal 

sediments, which may mean that methane production can still be observed in the current experiment 

further ahead. 

6.3- Final remarks 

As a final note, with this work, it was possible to conclude that marine sediment has presented 

promising results for aerobic mesophilic and sulphate-reducing biodegradation, while anaerobic 

biodegradation did not present good results so far. Reports of polymer biodegradation on methanogenic 

conditions with marine sediment also do not show good results (Narancic et al., 2018), and literature on 

the biodegradation in sulphate-reducing conditions is scarce.  

In terms of the biodegradation of the polymers, according to the current knowledge, PE seems 

to have a better percentage of biodegradation when in contact with specific microbial consortiums, or 

single microorganisms (R. Qi et al., 2021; Ru et al., 2020; Skariyachan et al., 2017), like Pseudomonas 

and Bacillus (Matjasic et al., 2020). Pre-treatments like UV-radiation, chemical oxidizing agents, and 

thermo-oxidation, seem to have a big impact on polymer biodegradation (Ru et al., 2020), and 

thermophilic conditions also seemed to result in higher biodegradation for PE (Skariyachan et al., 2017). 

However, most studies under simulated conditions with naturally occurring microbial consortiums do not 

seem to result in high biodegradation rates for these non-biodegradable polymers (Hermanová et al., 
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2015; Wataru, 2015). This was observed in the current work, where neither of the tested experiments 

showed biodegradation rates higher than 5 %. This indicates that the collected leachate under 

thermophilic anaerobic and aerobic conditions is not an appropriate biomass source for PE 

biodegradation, with the same being observed with marine sediment. However, long periods of incubation 

in these natural conditions seem to benefit biodegradation (Matjasic et al., 2020). The same was observed 

for PET, where no significant biodegradation was observed for the incubations performed. In the literature, 

higher biodegradation percentages have been observed when in contact with specific microorganisms 

(Amobonye et al., 2021; Danso et al., 2019; W. Zeng et al., 2022), and with higher incubations 

temperatures (Atanasova, Stoitsova, et al., 2021; W. Zeng et al., 2022).  

PCL biodegradation is extremely influenced by temperature, due to the polymer melting 

temperature (60℃), and composting conditions seem to be the most efficient for its degradation 

(Nevoralová et al., 2020), reaching values of 70% only after 48 hours (Atanasova, Stoitsova, et al., 2021). 

Thermophilic anaerobic conditions also seem to benefit the polymer biodegradation (Šmejkalová et al., 

2016), with high results also observed in aerobic conditions (Massardier-Nageotte et al., 2006; 

Nevoralová et al., 2020). Nevertheless, results seem to vary greatly between different experiments, and 

even experiments with the same conditions (Massardier-Nageotte et al., 2006; Xochitl et al., 2021). This 

work showed that leachate as inoculum in thermophilic anaerobic and aerobic conditions appears to be 

adequate for biodegradation studies with PCL. 
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7. Conclusions and future perspectives 

Leachate and marine sediment have the potential to biodegrade PCL. In this work, it was shown 

that PCL can be biodegraded in anaerobic and aerobic thermophilic conditions, in about 50 days, by a 

leachate inoculum, but also by a marine sediment in aerobic and sulphate-reducing conditions. However, 

the more recalcitrant polymer, PE, and PET, apparently were not biodegraded, although in the first 

anaerobic experiment with leachate, methane production seems to indicate that some biodegradation 

happened. Further tests would be needed to take that conclusion with certainty. Taxonomic analysis of 

the PCL samples from the aerobic and anaerobic assays showed that Coprothermobacter and 

Methanothermobacter had a higher impact on PCL, in both assays. They were previously described as 

syntrophic microorganisms that collaborated with each other, with the ability to biodegrade PCL. 

As future perspectives, more and longer assays need to be performed to better evaluate the 

biodegradation of the polymers, especially when it comes to non-biodegradable plastics. First, the period 

of incubation should be prolonged, adding some agitation to the vials, to allow the mixing of the 

films/powders to the medium. Then, it would be interesting to test different pre-treatment (like UV-

treatment, thermos-oxidation) and additives to the polymers, and even different temperature conditions 

during incubation. Additionally, it would be necessary to better evaluate the biodegradation by studying 

the films’ topography, using other techniques like AFM or measure of contact angle. At last, a more 

extensive study of the microbial community, especially to understand their interaction with polymers, and 

the enzymes and metabolic pathways that may be involved in biodegradation. For this, metagenomics 

and other omics studies could be used to understand the expression of genes during biodegradation of 

plastics. 
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Appendices 

Appendix 1- Microorganisms known to biodegrade PE, PET, and PCL 

Table A1.1: Bacteria reported as PE biodegraders, and information on the isolation source, possible enzymes involved in the 
biodegradation and the biodegradation conditions 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- 
Achromobacter 

denitrificans 
- - (Amobonye et al., 2021) 

- 
Achromobacter 

xylosoxidans 
- - 

(Ahmed et al., 2018; 
Jacquim et al., 2019) 

- 
Acinetobacter 

baumannii 
- - 

(Amobonye et al., 2021; 
Jacquim et al., 2019) 

Municipal 
landfill 

Acinetobacter 
baumannii 

- 
Incubation time- 30 days, 
37℃, no pre-treatment, 

biomass production 
(Montazer et al., 2020) 

Municipal 
landfill 

Acinetobacter 
bumannii 

- 
Biomass production after 30 

days 
(Zhang et al., 2022) 

- 
Acinetobacter 
haemolyticus 

Alkane 
hydroxylases 

- (Mohanan et al., 2020) 

Contaminated 
site 

Acinetobacter 
johnsonii 

- - (Matjasic et al., 2020) 

- Acinetobacter pittii 
Alkane 

hydroxylases 
- (Mohanan et al., 2020) 

- 
Acinetobacter pittii 

IRN19 
- - (Mohanan et al., 2020) 

- Actinobacter spp - - (Alshehrei, 2017) 

- Aneurinibacillus sp. - 
Molecular weight reduction at 

50℃ 
(Atanasova, Paunova-
krasteva, et al., 2021) 

Dumped soil 
area 

Arthobacter defluvii - 
Incubation time- 1 month, PE 
bags, weight loss- 20 %-30 % 

(Montazer et al., 2020) 

Dumpsites 
Arthrobacter sp. 

GMB5 
- 

Incubation time- 30 days, 
reduction of 12–15 % in 

plastic weight 
(Ali et al., 2021) 

Contaminated 
site 

Arthrobacter spp. - - (Matjasic et al., 2020) 

- 
Arthrobacter 

viscosus 
- - (Nowak et al., 2011) 

- 
Bacillus 

amyloliquefaciens 
- - 

(Amobonye et al., 2021; 
Jacquim et al., 2019; 
Nowak et al., 2011) 

Dumped soil 
area 

Bacillus 
amyloliquefaciens 

- 
Incubation time- 1 month, PE 
bags, weight loss 20 %-30 % 

(Montazer et al., 2020) 

Solid waste 
dumped 

Bacillus 
amyloliquefaciens 

- 
Incubation time- 60 days, 

LDPE, degradation 11 %-16 % 
(Montazer et al., 2020) 
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Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- 
Bacillus 

amyloliquefaciens 
- 

Incubation time 60 days, 
11 % weight loss 

(Taghavi et al., 2021) 

Contaminated 
site 

Bacillus aquimaris - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus 
boroniphilus 

- - (Matjasic et al., 2020) 

- Bacillus borstelensis - 20 % weight reduction (Ali et al., 2021) 

- Bacillus cereus - - 
(Amobonye et al., 2021; 

Nowak et al., 2011) 

- Bacillus cereus - 36 % weight reduction (Ali et al., 2021) 

- Bacillus cereus - 
Incubation time 40 days, 

1,6 % weight loss 
(Taghavi et al., 2021) 

- Bacillus cereus - - 
(Amobonye et al., 2021; 

Matjasic et al., 2020) 

Soil Bacillus cereus - 
7 %-10 % mineralization after 

90 days 
(Zhang et al., 2022) 

- 
Bacillus cereus 

VASB1/TS 
- - (Matjasic et al., 2020) 

- Bacillus circulans - 
Incubation time 45 days, 

2,33 % weight loss 
(Taghavi et al., 2021) 

Contaminated 
site 

Bacillus drentensis - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus firmu - - (Matjasic et al., 2020) 

- Bacillus gottheilii - 
Incubation time 40 days, 

6,2 % weight loss 
(Taghavi et al., 2021) 

Contaminated 
site 

Bacillus idriensis - - (Matjasic et al., 2020) 

- 

Bacillus 
licheniformis, 
Lysinibacillus 

fusiformis 

- 
2,97 % weight loss after 1 

month 
(Zhang et al., 2022) 

Contaminated 
site 

Bacillus luciferensis - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus marisflav - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus 
megaterium 

- - (Matjasic et al., 2020) 

Soil 
Bacillus 

megaterium 
- 

7 %-10 % mineralization after 
90 days 

(Zhang et al., 2022) 

Soil 

Bacillus 
megaterium, 

Bacillus subtilis, 
Bacillus cereus (MIX 

together) 

- 

Incubation time- 90 days, 
45℃, photo-degraded 

oxobiodegradable PE, 7 %- 
10 % mineralization 

(Montazer et al., 2020) 
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Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- Bacillus mixture - Incubation time 90 days (Taghavi et al., 2021) 

Contaminated 
site 

Bacillus muralis - - (Matjasic et al., 2020) 

- Bacillus mycoides - - 
(Jacquim et al., 2019; 
Nowak et al., 2011) 

- Bacillus mycoides - 
Incubation time 60 days, 
10,5-11,3 % weight loss 

(Taghavi et al., 2021) 

Contaminated 
site 

Bacillus mycoides - - (Matjasic et al., 2020) 

- Bacillus pumilus - - (Nowak et al., 2011) 

Pelagic water Bacillus pumilus - 
Incubation time- 1 month, PE 

bags, weight loss- 1,5 %-
1,75 % 

(Montazer et al., 2020) 

- Bacillus pumilus - 
Incubation time 30 days, 

1,5 % weight loss 
(Taghavi et al., 2021) 

Contaminated 
site 

Bacillus pumilus - - (Matjasic et al., 2020) 

- 
Bacillus pumilus 

M27 
- - (Jacquim et al., 2019) 

Pelagic water 
Bacillus pumilus 

M27 Bacillus 
subtilis H1584 

- 
Incubation time- 30 days, PE 

bags, 1,5 %-1,75 % weight 
loss 

(Montazer et al., 2020) 

Contaminated 
site 

Bacillus simplex - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus sp - - (Matjasic et al., 2020) 

Waste coal, a 
forest and an 

extinct 
volcano crater 

Bacillus sp. - 

Incubation time- 225 days, 
modified PE, reduction of 

mechanical properties- 98 %, 
no weight loss 

(Montazer et al., 2020) 

- Bacillus sp. - - 
(Amobonye et al., 2021; 

Matjasic et al., 2020; 
Zhang et al., 2022) 

Composting 
agricultural 
residues 

Bacillus sp. 
BCBT21 

- 
Molecular weight decrease of 
44 %, after 30 days at 55℃ 

 

Gut of 
waxworm 

Bacillus sp. YP1 - Incubation time- 60 days (Ru et al., 2020) 

- Bacillus sp. YP1 - 
Incubation time 28 days, 

10,7 % weight loss 
(Taghavi et al., 2021) 

- Bacillus sp. YP1 - - (Mohanan et al., 2020) 

- Bacillus sphaericus - - (Jacquim et al., 2019) 

- Bacillus sphaericus - 
Incubation time 365 days, 

3,5-10 % weight loss 
(Taghavi et al., 2021) 
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Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

Shallow water 
ocean 

Bacillus sphericus - 

Incubation time- 1 year, 
HDPE and LDPE, untreated 
(biodegradation 3,5 %-10 %) 
and heat treated (9 %- 10 %) 

(Montazer et al., 2020) 

Soil Bacillus subtilis - 
7 %-10 % mineralization after 

90 days 
(Zhang et al., 2022) 

Pelagic water Bacillus subtilis - 
Incubation time- 1 month, PE 

bags, weight loss of 1,5 %-
1,75 % 

(Montazer et al., 2020) 

- Bacillus subtilis - 
Incubation time- 30 days, 

biosurfactants, unpretreated, 
9,26 % weight loss 

(Montazer et al., 2020) 

Dumped soil 
area 

Bacillus subtilis - 
Incubation time- 1 month, PE 
bags, weight loss- 20 %-30 % 

(Montazer et al., 2020) 

- Bacillus subtilis - 
Incubation time 30 days, 

9,26 % weight loss 
(Taghavi et al., 2021) 

- Bacillus subtilis - 
Incubation time 60 days, 
17,7-23,1 % weight loss 

(Taghavi et al., 2021) 

- Bacillus subtilis - 
Incubation time 30 days, 

1,75 % weight loss 
(Taghavi et al., 2021) 

Contaminated 
site 

Bacillus subtilis - - (Matjasic et al., 2020) 

- Bacillus subtilis - 
9,26 % weight loss after 30 

days 
(Zhang et al., 2022) 

- Bacillus subtilis - 
22 % weight loss after 1 

month 
(Zhang et al., 2022) 

- 
Bacillus 

thuringiensis 
- - 

(Jacquim et al., 2019; 
Nowak et al., 2011) 

- 
Bacillus 

thuringiensis 
- Incubation time 9 days (Taghavi et al., 2021) 

- 
Brevibaccillus 
borstelensis 

- - (Kale et al., 2015) 

Waste 
Disposal site 

Brevibacillus - 
40,5 % weight loss after 3 

weeks 
(Zhang et al., 2022) 

- 
Brevibacillus 
borstelensis 

- 
Incubation time- 90 days, 

50ªC irradiated LDPE, 17 % 
weight loss 

(Ahmed et al., 2018; Bahl 
et al., 2021; Jacquim et 

al., 2019; Montazer et al., 
2020) 

Coastal 
regions 

Brevibacillus 
borstelensis 

- 
Incubation time- 30 days, 
11,4 % weight reduction 

(Ali et al., 2021) 

- 
Brevibacillus 
borstelensis 

- - 
(Iram et al., 2019; Shah 

et al., 2008) 

- 
Brevibacillus 

borstelensis 707 
- 

Incubation time 30 days, 
11 % weight loss 

(Taghavi et al., 2021) 

- 
Brevibacillus 
parabrevis 

- - (Jacquim et al., 2019) 
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Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

Waste 
disposal site 

Brevibacillus sp. - 
Incubation time- 3 weeks, 

Pretreated PE, 37,5 % weight 
loss 

(Montazer et al., 2020) 

- 
Brevibacillusborstel

ensis 
- - (Iram et al., 2019) 

- Brevibacterium sp. - - (Matjasic et al., 2020) 

Wastewater 
activated 

sludge soil 

Chryseobacterium 
gleum 

- 
Incubation time- 1 month, 

UV-radiated LLDPE 
(Montazer et al., 2020) 

- Citrobacter sp. - - (Matjasic et al., 2020) 

- Comamonas sp. - - 
(Jacquim et al., 2019; 
Mohanan et al., 2020) 

Plastic debris 
in soil 

Comamonas sp. - 
Incubation time- 90 days, 

non-treated LDPE, changing 
in chemical properties 

(Montazer et al., 2020) 

Contaminated 
site 

Comamonas sp. - - (Matjasic et al., 2020) 

Contaminated 
site 

Comamonas 
testosteroni 

- - (Matjasic et al., 2020) 

Plastic debris 
in soil 

Delftia sp. - 
Incubation time- 90 days, 

non-treated LDPE, changing 
in chemical properties 

(Montazer et al., 2020) 

- Delftia sp. - - 
(Jacquim et al., 2019; 
Mohanan et al., 2020) 

Contaminated 
site 

Delftia sp. - - (Matjasic et al., 2020) 

- Diplococcus sp. - - (Matjasic et al., 2020) 

Gut of 
waxworm 

Enterobacter 
asburiae YT1 

- - (Ru et al., 2020) 

- 
Enterobacter 
asburiae YT1 

- - 
(Jacquim et al., 2019; 
Mohanan et al., 2020) 

- Enterobacter sp. - - 
(Amobonye et al., 2021; 

Matjasic et al., 2020) 

- Enterobacter sp. D1 - 
Change in chemical and 

surface properties, 14 days 
incubation 

(Zhang et al., 2022) 

Pelagic water 
Kocuria palustris 

M16 
- 

Incubation time- 30 days, PE 
bags, 1 % degradation 

(Montazer et al., 2020) 

- 
Kocuria palustris 

M16 
- - (Jacquim et al., 2019) 

- Kosakonia sp. - - (Matjasic et al., 2020) 

- 
Lysinibacillus 

fusiformis 
- 

21,9 % weight loss at 25℃ 

and pH 3,5 
(Ali et al., 2021) 



132 
 

Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- 
Lysinibacillus 

fusiformis 
- - 

(Amobonye et al., 2021; 
Matjasic et al., 2020) 

- 
Lysinibacillus 

fusiformis VASB-
14/WL 

- - (Matjasic et al., 2020) 

- 
Lysinibacillus 
xylanilyticus 

- - (Jacquim et al., 2019) 

- 
Microbacterium 

paraoxydans 
- 

Incubation time- 2 months, 
pre-treated LDPE, 61 % 

weight loss 
(Montazer et al., 2020) 

- 
Microbacterium 

paraoxydans 
- - (Jaiswal et al., 2020) 

- 
Microbacterium 

paraoxydans 
- 

Incubation time 2 months, 
biodegradation verified by 

FTIR of 61,0 % 
(Kale et al., 2015) 

Marine pulp 
mill wastes, 
rich in lignin 

Microbulbifer 
hydrilyticus IRE-31 

- 

Incubation time- 30 days, 
morphological changes on 

plastic surface, ketone 
groups formed 

(Ali et al., 2021) 

- Micrococcus luteus - - (Nowak et al., 2011) 

- 
Micrococcus luteus 

IRN20 
- - (Mohanan et al., 2020) 

- Micrococcus lylae - - (Nowak et al., 2011) 

- Micrococcus sp. - - (Matjasic et al., 2020) 

- Moraxella sp. - - (Matjasic et al., 2020) 

- 
Nocardia asteroides 

GK 
- 

Surface and structural 
changes after 6 months 

(Zhang et al., 2022) 

- Nocardia asteroids - - (Zhang et al., 2022) 

- Nocardiopsos sp. - - (Amobonye et al., 2021) 

Domestic 
sewage water 

Oscillatoria 
subbrevis 

- 
30 % of the initial weight of 

tested PE over a 42-day 
period 

(Ru et al., 2020) 

- 
Paenibacillus 

macerans 
- - (Nowak et al., 2011) 

Contaminated 
site 

Paenibacillus 
woosongensis 

- - (Matjasic et al., 2020) 

Domestic 
sewage water 

Phormidium 
lucidum 

- 
30 % of the initial weight of 

tested PE over a 42-day 
period 

(Ru et al., 2020) 

Petroleum 
contaminated 

beach soil 

Pseudomonas 
aeroginosa 

- 
Incubation time -80 days, 

LMWPE, 40,8 % weight loss 
(Montazer et al., 2020) 

- 
Pseudomonas 

aeruginosa 
- 80 % weight loss (Jaiswal et al., 2020) 
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Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- 

Pseudomonas 
aeroginosa, 

Pseudomonas 
putida, 

Pseudomonas 
siringae 

- 
Incubation time- 120 days, 
Untreated PE, degradation 

9 %-20 % 
(Montazer et al., 2020) 

- 
Pseudomonas 

aeruginosa 
- 

Incubation time 120 days, 
20 % weight loss 

(Taghavi et al., 2021) 

- 
Pseudomonas 

aeruginosa 
- 

Incubation time 30 days, 7,3-
8,5 % weight loss 

(Taghavi et al., 2021) 

- 
Pseudomonas 

aeruginosa 
Alkane 

hydroxylases 
 (Mohanan et al., 2020) 

- 
Pseudomonas 

aeruginosa 
- 

Incubation time 2 months, 
biodegradation verified by 

FTIR of 50,5 % 
(Kale et al., 2015) 

Contaminated 
site 

Pseudomonas 
aeruginosa 

- - (Matjasic et al., 2020) 

- 
Pseudomonas 

aeruginosa (ATCC 
15692) 

- - (Jacquim et al., 2019) 

- 
Pseudomonas 

aeruginosa ATCC 
Alkane 

hydroxylases 
- (Mohanan et al., 2020) 

Contaminated 
site 

Pseudomonas 
aeruginosa E7 

- - (Matjasic et al., 2020) 

- 
Pseudomonas 

aeruginosa PAO1 
- - (Mohanan et al., 2020) 

- 
Pseudomonas 

aeruginosa PAO1 
(ATCC 15729) 

- - (Jacquim et al., 2019) 

Contaminated 
site 

Pseudomonas 
alcaligenes 

- - (Matjasic et al., 2020) 

Municipal 
landfill 

Pseudomonas 
citronellolis 

- 
Incubation time- 4 days, 

LDPE, 17,8 % weight loss 
(Montazer et al., 2020) 

- 
Pseudomonas 

citronellolis 
- - (Jacquim et al., 2019) 

- 
Pseudomonas 

citronellolis 
- 

Incubation time 4 days, 
17,8 % weight loss 

(Taghavi et al., 2021) 

- 
Pseudomonas 

citronellolis 
Alkane 

hydroxylases 
- (Mohanan et al., 2020) 

- 
Pseudomonas 

fluorescens 
- - (Nowak et al., 2011) 

- 
Pseudomonas 

fluorescens 
- 

Incubation time 30 days, 7,8-
7,9 % weight loss 

(Taghavi et al., 2021) 

- 
Pseudomonas 

fluorescens 
Alkane 

hydroxylases 
- (Mohanan et al., 2020) 



134 
 

Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- 
Pseudomonas 

oleovarans 
Alkane 

hydroxylases 
- (Mohanan et al., 2020) 

Contaminated 
site 

Pseudomonas 
plecoglossicida 

- - (Matjasic et al., 2020) 

- 
Pseudomonas 

putida 
- 

Incubation time 120 days, 
9 % weight loss 

(Taghavi et al., 2021) 

- 
Pseudomonas 

putida 
Alkane 

hydroxylases 
- (Mohanan et al., 2020) 

- 
Pseudomonas 

putida 
- 

30 % weight loss after 1 
month 

(Zhang et al., 2022) 

- 
Pseudomonas 

putida 
Alkane 

hydroxylases 
- (Mohanan et al., 2020) 

- 
Pseudomonas 
putida IRN22 

- - (Mohanan et al., 2020) 

- 
Pseudomonas 
putida KT2440 
(ATCC 47054) 

- - (Jacquim et al., 2019) 

- Pseudomonas sp. - 
Incubation time 30 days, 

20,54 % weight loss 
(Taghavi et al., 2021) 

Mangrove soil Pseudomonas sp. - 
Incubation time- 1 month, 
PE, 20,54 % weight loss 

(Montazer et al., 2020) 

Beach soil 
contaminated 
with crude oil 

Pseudomonas sp. - 
Incubation time- 80 days, 
37℃ LMWPED, 4,9 %- 

28,6 % CO2 production 
(Montazer et al., 2020) 

Garbage soil Pseudomonas sp. - 
Incubation time- 6 months, 

PE bags, 37,09 % weight loss 
(Montazer et al., 2020) 

- Pseudomonas sp. - 
Incubation time- 2 months, 

Pretreated LDPE 50,5 % 
weight loss 

(Montazer et al., 2020) 

Waste 
disposal site 

Pseudomonas sp. - 
Incubation time- 3 weeks, 

Pretreated PE, 40,5 % weight 
loss 

(Montazer et al., 2020) 

Contaminated 
site 

Pseudomonas sp. -  (Matjasic et al., 2020) 

Mangrove soil Pseudomonas sp. - 
20,54 % weight loss after 1 

month 
(Zhang et al., 2022) 

Waste 
Disposal site 

Pseudomonas sp. - 
37,5 % weight loss after 3 

weeks 
(Zhang et al., 2022) 

Garbage soil Pseudomonas sp. - 
37,09 % weight loss after 6 

months 
(Zhang et al., 2022) 

- Pseudomonas sp. - 
Incubation time- 40 days, 

weight loss- 28,6 % in 
sterilized compost conditions 

(Wilkes et al., 2017) 

- 
Pseudomonas sp. 

AKS2 
Hydrolase - (Wilkes et al., 2017) 
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Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- 
Pseudomonas sp. 

E4 
Alkene 

monooxygenase 
- 

(Amobonye et al., 2021; 
Wilkes et al., 2017) 

- 
Pseudomonas sp. 

E4 
Alkane 

hydroxylase 
- 

(Atanasova, Stoitsova, et 
al., 2021) 

Dumpsites 
Pseudomonas sp. 

GMB7 
- 

Incubation time- 30 days, 
reduction of 12–15 % in 

plastic weight 
(Ali et al., 2021) 

Soil Pseudomonas spp. - 
Incubation time- 180 days, 
reduction of 24,2 % weight 

(Ali et al., 2021) 

Water and soil Pseudomonas spp. - 

Incubation time- 90 days, 
weight reduction of 35-40 %, 
production of extracellular 

lipase observed 

(Ali et al., 2021) 

- 
Pseudomonas 

syringae 
- 

Incubation time 120 days, 
11,3 % weight loss 

(Taghavi et al., 2021) 

- 
Pseudomonas 

syringae 
- - (Mohanan et al., 2020) 

- 
Pseudomonas 

syringae DC3000 
(ATCC 10862) 

- - (Jacquim et al., 2019) 

Contaminated 
site 

Pseudomonas 
thivervalensis 

- - (Matjasic et al., 2020) 

- Rahnella aquatilis - - (Nowak et al., 2011) 

- 
Rhodococcus 
rhodochrous 

- Incubation time 240 days (Taghavi et al., 2021) 

- 
Rhodococcus 
rhodochrous 
ATCC29672 

- - (Kale et al., 2015) 

- 
Rhodococcus 
rhorocuros 

- 
Incubation time- 6 months, 
27℃ degradable PE, 60 % 

mineralization 
(Montazer et al., 2020) 

- 
Rhodococcus 
rhorocuros 

- 

Incubation time - 6 months, 
PE containing prooxidant 

additives, different amounts 
of mineralization 

(Montazer et al., 2020) 

- 
Rhodococcus 
rhorocuros 

- 
Surface and structural 

changes after 6 months 
(Zhang et al., 2022) 

- 
Rhodococcus 

rubber 
Laccase 

Incubation time- 30 days, 
weight loss- 2,5 % 

(Ahmed et al., 2018; 
Amobonye et al., 2021; 

Ru et al, 2020) 

Treated PE 
Rhodococcus 
rubber C208 

- 
Incubation time 56 days, 

7,5 % weight loss 
(Taghavi et al., 2021) 

PE 
agricultural 
waste in soil 

Rhodococcus ruber - 
Incubation time- 4 weeks, 
Treated LDPE, 8 % weight 

loss 
(Montazer et al., 2020) 

PE 
agricultural 
waste in soil 

Rhodococcus ruber - 
Incubation time- 60 days, 

LDPE, 0,86 % weight 
loss/week 

(Montazer et al., 2020) 



136 
 

Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

PE 
agricultural 
waste in soil 

Rhodococcus ruber - 

Incubation time- 30 days, 
LDPE, 1,5 %-2,5 % weight 

loss, 20 % reduction in 
molecular weight 

(Montazer et al., 2020) 

- Rhodococcus ruber - - 

(Bahl et al., 2021; 
Jacquim et al., 2019; Kale 
et al., 2015; Shah et al., 

2008) 

- Rhodococcus ruber 
Alkane 

hydroxylases 
- (Mohanan et al., 2020) 

- Rhodococcus ruber Laccase - 
(Atanasova, Stoitsova, et 

al., 2021) 

- 
Rhodococcus ruber 

strain C208 
- - 

(Kale et al., 2015; 
Matjasic et al., 2020,) 

Waste 
disposal site 

Rhodococcus sp. - 
Incubation time- 3 weeks, 

pre-treated PE, 33 % weight 
loss 

(Montazer et al., 2020) 

Three forest 
soil 

Rhodococcus sp. - 
Incubtation time- 30 days, 

LDPE coitainting prooxidant 
additives, adhesion 

(Montazer et al., 2020) 

- 
Rhodococcus sp. 

TMP2 
Monoxygenase - 

(Atanasova, Stoitsova, et 
al., 2021) 

Waste 
Disposal site 

Rhodococcus spp.  33 % weight loss after 3 
weeks 

(Zhang et al., 2022) 

- Rodococcus rubber Phenol oxidases - (Mohanan et al., 2020) 

- Sebaldella termitidis  - (Matjasic et al., 2020) 

Ground soil 
Serratia 

marcescens 
- 

Reached 36 % in an 
incubation period of 70 days 

(Ru et al., 2020) 

Soil 
Serratia 

marcescens 
- 

Incubation time- 70 days, 
36 % weight loss 

(Ali et al., 2021) 

- Serratia sp. - - (Zhang et al., 2022) 

- Staphylococci - - (Matjasic et al., 2020) 

Various soil 
environment 

Staphylococcus 
arlettae 

- 
Incubation time- 30 days, PE, 

13,6 % weight loss 
(Montazer et al., 2020) 

- 
Staphylococcus 

arlettae 
- 

13,6 % weight loss after 30 
days 

(Zhang et al., 2022) 

- 
Staphylococcus 

cohnii 
- - (Nowak et al., 2011) 

- Staphylococcus sp. - - (Matjasic et al., 2020) 

- 
Staphylococcus 

xylosus 
- - (Nowak et al., 2011) 

Contaminated 
site 

Stenotrophomonas 
maltophilia 

- - (Matjasic et al., 2020) 

- 
Stenotrophomonas 

pavanii 
- - (Amobonye et al., 2021) 
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Table A1.1 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- 
Stenotrophomonas 

pavanii 
- - (Amobonye et al., 2021) 

- 
Stenotrophomonas 

sp. 
- - 

(Jacquim et al., 2019; 
Mohanan et al., 2020) 

Contaminated 
site 

Stenotrophomonas 
sp. 

- - (Matjasic et al., 2020) 

Solid waste 
dump site 

Stentrophomonas 
pavanii 

- 
Incubtation time- 56 days, 

modified LDPE, degradation 
by FTIR 

(Montazer et al., 2020) 

Plastic debris 
in soil 

Stentrophomonas 
sp. 

- 
Incubation time- 90 days, 

non-treated LDPE, changing 
in chemical properties 

(Montazer et al., 2020) 

- Streptococcus sp. - - (Matjasic et al., 2020) 

- 
Streptomyces 

albogriseolus LBX-2 
- - (Matjasic et al., 2020) 

- 
Streptomyces 

badius 
- - (Zhang et al., 2022) 

- 
Streptomyces 
badius 252 

- - (Ali et al., 2021) 

- 
Streptomyces 

setonii 
- - (Zhang et al., 2022) 

- 
Streptomyces 
setonii 75Vi2 

- - (Ali et al., 2021) 

Nile River 
Delta 

Streptomyces sp. - 

Incubation time- 1 month, 
30℃ heat treated 

degradabel PE bags, slight 
weight loss 

(Montazer et al., 2020) 

- Streptomyces sp. - - 
(Amobonye et al., 2021; 
Shah et al., 2008; Zhang 

et al., 2022) 

Soil Streptomyces spp. - 
Incubation time- 180 days, 
reduction of 46,7 % weight 

(Ali et al., 2021) 

- 
Streptomyces 
viridosporus 

- 
Weight loss, 4-8 weeks of 
incubation- heat and UV 

treted PE 
(Zhang et al., 2022) 

- 
Streptomyces 

viridosporus T7A 
- - (Ali et al., 2021) 

- Tremetesversicolor Laccase - (Iram et al., 2019) 
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Table A1.2: Bacteria reported as LDPE biodegraders, and information on the isolation source, possible enzymes involved in the 
biodegradation and the biodegradation conditions 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- 
Acinetobacter 

baumannii 
- - (Ghatge et al., 2020) 

Contaminated 
site 

Acinetobacter pitti - - (Matjasic et al., 2020) 

- 
Acinetobacter pittii 

IRN19 
- - (Mohanan et al., 2020) 

- 
Acinetobacter sp. 

351 
Hydrolase - (Jaiswal et al., 2020) 

Contaminated 
soil 

Acinetobacter 
ursingii 

- - (Munir et al., 2018) 

Mediterranean 
Sea 

Alcanivorax 
borkumensis 

- 
Incubation time- 7 days, 

weight loss- 3,5 % 
(Ru et al., 2020) 

Contaminated 
site 

Alcanivorax 
borkumensis 

- - (Matjasic et al., 2020) 

Sewage 
treatment 
plants and 

waste 
management 

landfills 

Aneurinibacillus sp. - - (Zhang et al., 2022) 

- 
Arthrobacter 
globiformis 

- - (Matjasic et al., 2020) 

- 
Arthrobacter 

oxydans 
- - (Matjasic et al., 2020) 

- 
Arthrobacter 
paraffineus 

- - 
(Ghatge et al., 2020; 
Matjasic et al., 2020; 
Zhang et al., 2022) 

- 
Arthrobacter 

viscosus 
- - (Ghatge et al., 2020) 

- 
Aspergillus 
japonicas 

- - (Jaiswal et al., 2020) 

- Aspergillus terreus - - (Jaiswal et al., 2020) 

- 
Bacillus 

amyloliquefaciens 
- - (Ghatge et al., 2020) 

Solid waste 
Bacillus 

amyloliquefaciens 
BSM-1 

- 
11 % weight loss after 60 

days 
(Zhang et al., 2022) 

Solid waste 
Bacillus 

amyloliquefaciens 
BSM-2 

- 
16 % weight loss after 60 

days 
(Zhang et al., 2022) 

Contaminated 
site 

Bacillus cereus - - (Matjasic et al., 2020) 

- Bacillus cereus - - 
(Matjasic et al., 2020; 
Ghatge et al., 2020; 
Zhang et al., 2022) 
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Table A1.2 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

Marina water 
Bacillus cereus 

BF20 
- - (Ru et al., 2020) 

- Bacillus circulans - - (Ghatge et al., 2020) 

- 
Bacillus 

halodenitrifcans 
- - 

(Ghatge et al., 2020; 
Zhang et al., 2022) 

Solid waste 
dump site 

Bacillus 
licheniformis 

- - (Zhang et al., 2022) 

- Bacillus mycoides - - (Ghatge et al., 2020) 

Contaminated 
site 

Bacillus niacini - - (Matjasic et al., 2020) 

- Bacillus pacificus - - (Zhang et al., 2022) 

Contaminated 
site 

Bacillus 
pseudomycoides 

- - (Matjasic et al., 2020) 

- Bacillus pumilus - - (Zhang et al., 2022) 

Pelagic waters 
Bacillus pumilus 

M27 
- 

1,5 % weight loss after 30 
days 

(Zhang et al., 2022) 

Contaminated 
site 

Bacillus safensis - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus sp. - - (Matjasic et al., 2020) 

- Bacillus sp. - 
Incubation time 60 days, 

10,7 % weight loss 
(Miri et al., 2022) 

- Bacillus sp. - 
Elongation at brake of 98 % in 
their mechanical properties, 
incubation time 225 days 

(Zhang et al., 2022) 

Contaminated 
site 

Bacillus sp. ISJ55 - - (Matjasic et al., 2020) 

Landfill soil 
Bacillus sp. strain 

SM1 
- 

18,9 % weight loss after 180 
days 

(Zhang et al., 2022) 

Gut of 
waxworm 

Bacillus sp. YP1 - 
Incubation time 60 days, 

weight loss- 6 %- 11 % 
(Ru et al., 2020) 

- Bacillus sp. YP1 - 
10,7 % weight loss after 60 

days 
(Zhang et al., 2022) 

- Bacillus sp. YP2 - - (Matjasic et al., 2020) 

- Bacillus sphericus - - 
(Ghatge et al., 2020; 
Matjasic et al., 2020) 

Shallow 
waters of 

ocean 
Bacillus sphericus - 

19 % weight loss in thermal 
treated LDPE 

(Zhang et al., 2022) 

Marina water 
Bacillus sphericus 

Alt 
- 

Incubation time- 180 days, 
weight loss- 2,5 %-10 % 

(Ru et al., 2020) 

- Bacillus spp. - - (Matjasic et al., 2020) 

Garbage soil Bacillus spp. - - (Munir et al., 2018) 
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Table A1.2 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

Contaminated 
site 

Bacillus subtilis - - (Matjasic et al., 2020) 

Marina water 
Bacillus subtilis 

H1584 
- 

Incubation time- 30 days, 
weight loss- 1,75 % 

(Ru et al., 2020) 

Pelagic waters 
Bacillus subtilis 

H1584 
- 

1,75 % weight loss after 30 
days 

(Zhang et al., 2022) 

- 
Bacillus subtilis 

MTCC 9447 
- - (Matjasic et al., 2020) 

- 
Bacillus 

thuringienesis 
- - (Ghatge et al., 2020) 

Contaminated 
site 

Bacillus toyonensis - - (Matjasic et al., 2020) 

Garbage soil 
Bacillus 

weihenstephanensis 
- - (Munir et al., 2018) 

- Bacilus pumilus - - (Ghatge et al., 2020) 

Soil 
Brevibaccillus 

borstelensis strain 
707 

- 
Incubation time 30 days, at 

50℃, 30 % molecular weight 

reduction 
(Kale et al., 2015) 

Soil 
Brevibaccillus 

borstelensis strain 
707 

- 

Gravimetric weight loss 11 %, 
molecular weight loss 30 % 
after 30 days, in branched 

LDPE 

(Zhang et al., 2022) 

Contaminated 
site 

Brevibacillus 
borstelensis 

- - (Matjasic et al., 2020) 

- 
Brevibacillus 
borstelensis 

- - (Ghatge et al., 2020) 

- Brevibacillus sp. - - (Jaiswal et al., 2020) 

Sewage 
treatment 
plants and 

waste 
management 

landfills 

Brevibacillus sp. - - (Zhang et al., 2022) 

- 
Burkholderia 

cepacia 
- - (Munir et al., 2018) 

- 
Cellulosimicrobium 

funkei 
- - (Ali et al., 2021) 

Contaminated 
site 

Cellulosimicrobium 
funkei 

- - (Matjasic et al., 2020) 

Wastewater 
activated 

sludge soil 

Chryseobacterium 
gleum EY1 

- - (Zhang et al., 2022) 

Contaminated 
site 

Citrobacter 
amalonaticus 

- - (Matjasic et al., 2020) 

- Comamonas sp - - (Zhang et al., 2022) 
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Table A1.2 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

The gut of 
mealworms 
(Tenebrio 
molitor) 

Citrobacter sp. and 
Kosakonia sp. 

- 
49,0 ± 1,4 % of the ingested 

PE was converted to CO2 and 
40,1 ± 8,5 % Mn decrease 

(Zhang et al., 2022) 

- Delftia sp. - - (Zhang et al., 2022) 

Contaminated 
site 

Delftia 
tsuruhatensis 

- - (Matjasic et al., 2020) 

Garbage soil Diplococcus spp. - - (Munir et al., 2018) 

- 
Enterobacter 

asburiae 
- - (Matjasic et al., 2020) 

Gut of 
waxworm 

Enterobacter 
asburiae YT1 

- 
Incubation time 60 days, 

weight loss- 6 %- 11 % 
(Ru et al., 2020) 

- 
Enterobacter 
asburiae YT1 

- 
6,1 % weight loss after 60 

days 
(Zhang et al., 2022) 

- 
Enterobacter 
cloacae AKS7 

- - (Matjasic et al., 2020) 

Soil Enterobacter sp. - 
Incubation time- 120 days, 
reduction of 81 % in weight 
for LDPE strips and pellets 

(Ali et al., 2021) 

- Enterobacter spp. - - (Matjasic et al., 2020) 

Contaminated 
site 

Escherichia coli - - (Matjasic et al., 2020) 

- Escherichia coli - - (Munir et al., 2018) 

Contaminated 
site 

Klebsiella sp. - - (Matjasic et al., 2020) 

Pelagic waters 
Kocuria palustris 

M16 
- 1 % weight loss after 30 days (Zhang et al., 2022) 

The gut of 
yellow 

mealworm 
(Tenebrio 
molitor) 

Lactobacillus and 
Mucispirillum 

- - (Zhang et al., 2022) 

- 
Lysinibacillus 

macroides 
- - (Ali et al., 2021) 

Contaminated 
site 

Lysinibacillus 
macroides 

- - (Matjasic et al., 2020) 

Landfill soils 
Lysinibacillus 
xylanilyticus 

- 

29,5 % mineralization for UV-
radiated films; 15,8 % 

mineralization for non-UV-
treated films 

(Zhang et al., 2022) 

- 
Microbacterium 

paraoxydans 
- - 

(Ghatge et al., 2020; 
Matjasic et al., 2020) 

- 
Microbacterium 

paraoxydans 
- 

61,0 % weight loss after 2 
months 

(Zhang et al., 2022) 
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Table A1.2 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

Marine pulp 
mill wastes 
rich in lignin 

Microbulbifer 
hydrolyticus IRE 

- - (Zhang et al., 2022) 

- 
Micrococcus 

luteous 
- - (Ghatge et al., 2020) 

Contaminated 
site 

Micrococcus luteus - - (Matjasic et al., 2020) 

- 
Micrococcus luteus 

IRN20 
- - (Mohanan et al., 2020) 

- Micrococcus lylae - - (Ghatge et al., 2020) 

Waste dumps 
and farmlands 

Micrococcus sp. - - (Zhang et al., 2022) 

- Moraxella spp - - (Munir et al., 2018) 

- Nocardia asteroids - - (Ghatge et al., 2020) 

Contaminated 
site 

Ochrobactrum 
intermedium 

- - (Matjasic et al., 2020) 

Contaminated 
site 

Ochrobactrum 
oryzae 

- - (Matjasic et al., 2020) 

Contaminated 
site 

Ochrobactrum 
pseudintermedium 

- - (Matjasic et al., 2020) 

Domestic 
sewage water 

Oscillatoria 
subbrevis 

- Incubation time- 42 days (Ru et al., 2020) 

Contaminated 
site 

Oscillatoria 
subbrevis 

- - (Matjasic et al., 2020) 

- 
Paenibacillus 

macerans 
- - (Ghatge et al., 2020) 

Contaminated 
site 

Paenibacillus sp. - - (Matjasic et al., 2020) 

- Paenibacillus spp. - - (Matjasic et al., 2020) 

Soil Pantoea sp. - 
Incubation time- 120 days, 
reduction of 38 % in weight 
for LDPE strips and pellets 

(Ali et al., 2021; Jaiswal et 
al., 2020) 

- Pantoea spp - - (Matjasic et al., 2020) 

Domestic 
sewage water 

Phormidium 
lucidum 

- Incubation time- 42 days (Ru et al., 2020) 

Contaminated 
site 

Phormidium 
lucidum 

- - (Matjasic et al., 2020) 

- Proteus spp. - - (Matjasic et al., 2020) 

- 
Pseudomonas 

aeroginosa 
- 

11 % weight loss after 120 
days 

(Zhang et al., 2022) 

Contaminated 
site 

Pseudomonas 
aeruginosa 

- - (Matjasic et al., 2020) 
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Table A1.2 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

Contaminated 
soil 

Pseudomonas 
aeruginosa 

- - (Munir et al., 2018) 

- 
Pseudomonas 

aeruginosa 
- - (Ghatge et al., 2020) 

- 
Pseudomonas 

aeruginosa 
- 

50,5 % weight loss after 2 
months 

(Zhang et al., 2022) 

Waste dumps 
and farmlands 

Pseudomonas 
aeruginosa 

- - (Zhang et al., 2022) 

- 
Pseudomonas 

aeruginosa ATCC 
15692 

- - (Matjasic et al., 2020) 

- 
Pseudomonas 

aeruginosa PAO1 
- 

20 % weight loss after 120 
days 

(Zhang et al., 2022) 

- 
Pseudomonas 

aeruginosa PAO1 
ATCC 15729 

- - (Matjasic et al., 2020) 

Contaminated 
site 

Pseudomonas 
aeruginosa SKN1 

(ID: 9702593) 
- - (Matjasic et al., 2020) 

Municipal 
landfill 

Pseudomonas 
citronellolis 

- 
17,8 % weight loss after 4 

days 
(Zhang et al., 2022) 

Contaminated 
site 

Pseudomonas 
citronellolis 
EMBS027 
KF361478 

- - (Matjasic et al., 2020) 

Contaminated 
soil 

Pseudomonas 
fluorescens 

- - (Munir et al., 2018) 

- 
Pseudomonas 

fluorescens 
- - (Ghatge et al., 2020) 

- 
Pseudomonas 
mucidolens 

- - (Zhang et al., 2022) 

Contaminated 
site 

Pseudomonas 
putida 

- - (Matjasic et al., 2020) 

- 
Pseudomonas 

putida 
- 

9 % weight loss after 120 
days 

(Zhang et al., 2022) 

- 
Pseudomonas 
putida IRN22 

- - (Mohanan et al., 2020) 

- 
Pseudomonas 
putida KT2440 
ATCC 47054 

- - (Matjasic et al., 2020) 

- 
Pseudomonas 
putida LS46 

- - (Mohanan et al., 2020) 

- 
Pseudomonas 

putida MTCC 2445 
- - (Matjasic et al., 2020) 

- 
Pseudomonas 

siringae 
- 

11,3 % weight loss after 120 
days 

(Zhang et al., 2022) 
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Table A1.2 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

Waste 
dumping soil 

Pseudomonas sp. 
AKS2 

- 
Incubation time- 45 days, 

weight loss- 5 % 
(Ru et al., 2020) 

- 
Pseudomonas sp. 

AKS2 
- 

Incubation time- 45 days, 
degradation 5± 1 % 

(Jaiswal et al., 2020) 

- 
Pseudomonas sp. 

AKS2 
- - (Ghatge et al., 2020) 

- 
Pseudomonas sp. 

AKS2 
- 

1,65 mg/day degradation 
rate, 12 days incubation time 

(Zhang et al., 2022) 

- 
Pseudomonas sp. 

E4 
- - (Jaiswal et al., 2020) 

Beach soil 
contaminated 
with crude oi 

Pseudomonas sp. 
E4 

- - (Zhang et al., 2022) 

Contaminated 
site 

Pseudomonas spp. - - (Matjasic et al., 2020) 

- Pseudomonas spp. - - (Matjasic et al., 2020) 

- 
Pseudomonas 

stutzeri 
- - (Jaiswal et al., 2020) 

Contaminated 
site 

Pseudomonas 
stutzeri 

- - (Matjasic et al., 2020) 

- 
Pseudomonas 
stutzeri MTCC 

2643 
- - (Matjasic et al., 2020) 

- 
Pseudomonas 

syringae DC 3000 
ATCC 10862 

- - (Matjasic et al., 2020) 

- Rahnella aquatilis - - (Ghatge et al., 2020) 

Landfill soil 
Ralstonia sp. strain 

SKM2 
- 

18,9 % weight loss after 180 
days 

(Zhang et al., 2022) 

- 
Rhodococcus 
rhodochrous 

- - 
(Ghatge et al., 2020; 

Mohanan et al., 2020) 

Soil of 
disposal site 

Rhodococcus ruber 
C208 

- 
Incubation time- 30 days, 

weight loss- 4 % 
(Ru et al., 2020) 

- 
Rhodococcus ruber 

C208 
- 

Rate of degradation 
0,86 %/week 

(Jaiswal et al., 2020) 

- 
Rhodococcus ruber 

C208 
- - (Ghatge et al., 2020) 

PE 
agricultural 
waste in soil 

Rhodococcus ruber 
C208 

- 
8 % weight loss after 30 days 

incubation, in UV-treated 
LDPE 

(Zhang et al., 2022) 

PE 
agricultural 
waste in soil 

Rhodococcus ruber 
C208 

- 
0,86 % weight loss per week, 

for 60 days 
(Zhang et al., 2022) 

PE 
agricultural 
waste in soil 

Rhodococcus ruber 
C208 

- 
1,5-2,5 % weight loss after 30 

days, branched LDPE film 
(Zhang et al., 2022) 
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Table A1.2 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

Three forest 
soil Waste 

Rhodococcus sp. - - (Zhang et al., 2022) 

Contaminated 
site 

Spingobacterium 
multivorum 

- - (Matjasic et al., 2020) 

- 
Staphylococcus 

cohnii 
- - (Ghatge et al., 2020) 

- 
Staphylococcus 

epidermidis 
- - 

(Ghatge et al., 2020; 
Zhang et al., 2022) 

Contaminated 
site 

Staphylococcus sp. - - (Matjasic et al., 2020) 

Garbage soil 
Staphylococcus 

spp. 
- - (Munir et al., 2018) 

- 
Staphylococcus 

xylosus 
- - (Ghatge et al., 2020) 

Contaminated 
site 

Stenotrophomonas 
humi 

- - (Matjasic et al., 2020) 

Contaminated 
site 

Stenotrophomonas 
maltophilia 

- - (Matjasic et al., 2020) 

Contaminated 
site 

Stenotrophomonas 
pavanii CC18 

- - (Matjasic et al., 2020) 

- 
Stenotrophomonas 

spp. 
- - (Matjasic et al., 2020) 

Solid waste 
dump site 

Stentrophomonas 
pavanii 

- - (Zhang et al., 2022) 

Contaminated 
site 

Streptococcus - - (Matjasic et al., 2020) 

Garbage soil 
Streptocococcus 

spp. 
- - (Munir et al., 2018) 

- 
Streptomyces 

badius 
- - (Jaiswal et al., 2020) 

- 
Streptomyces 
viridosporous 

- - (Jaiswal et al., 2020) 

- Streptomyces setnii - - (Jaiswal et al., 2020) 

 

Table A1.3: Bacteria reported as HDPE biodegraders, and information on the isolation source, possible enzymes involved in the 
biodegradation and the biodegradation conditions 

Isolated source Bacterium Enzymes Biodegradation conditions References 

Soil 
Achromobacter 

xylosoxidans 
- 

Incubation time- 150 days, 
weight loss- 9.38 % 

(Ru et al., 2020) 

Contaminated 
site 

Achromobacter 
xylosoxidans PE-1 

- - (Matjasic et al., 2020) 
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Table A1.3 (continued) 

Isolated source Bacterium Enzymes Biodegradation conditions References 

Contaminated 
site 

Acinetobacter sp. - - (Matjasic et al., 2020) 

- Aneurinibacillus sp. - - (Zhang et al., 2022) 

- Arthrobacter paraffineus - - (Ghatge et al., 2020) 

- Arthrobacter sp. - - 
(Ghatge et al., 2020; 
Jaiswal et al., 2020) 

- Arthrobacter sp. - 
12 % weight loss after 30 

days 
(Zhang et al., 2022) 

Plastic waste 
dumpsite 

Arthrobacter sp. GMB5 - 
Incubation time- 30 days, 
weight loss- 12 % -15 % 

(Ru et al., 2020) 

Contaminated 
site 

Arthrobacter sp. GMB5 - - (Matjasic et al., 2020) 

- Aspergillus flavus - - (Jaiswal et al., 2020) 

Contaminated 
site 

Bacillus 
amyloliquefaciens 

- - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus aryabhattai - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus cereus - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus licheniformis - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus pumilus - - (Matjasic et al., 2020) 

- Bacillus sp. BCBT21 - - (Jaiswal et al., 2020) 

- Bacillus sphericus - - (Ghatge et al., 2020) 

Shallow waters 
of ocean 

Bacillus sphericus - 
9 % weight loss with 

thermal treated HDPE 
(Zhang et al., 2022) 

- Bacillus spp. - - (Matjasic et al., 2020) 

Contaminated 
site 

Bacillus subtilis - - (Matjasic et al., 2020) 

- Bravibacillus sphericus - - (Matjasic et al., 2020) 

- 
Brevibacillus 

borstelensis KY49486 
- - (Matjasic et al., 2020) 

- Brevibacillus sp. - - (Zhang et al., 2022) 

- 
Comamonas 
acidovorans 

- - (Jaiswal et al., 2020) 

- 
Klebsiekka pneumonia 

CH001 
- - (Jaiswal et al., 2020) 

- Klebsiella pneumonia - - (Ghatge et al., 2020) 

Wastewater 
Klebsiella pneumonia 

CH001 
- 

18,4 % weight loss after 
60 days 

(Zhang et al., 2022) 
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Table A1.3 (continued) 

Isolated source Bacterium Enzymes Biodegradation conditions References 

Contaminated 
site 

Klebsiella pneumoniae 
CH001 

- - (Matjasic et al., 2020) 

Contaminated 
site 

Leucobacter sp. - - (Matjasic et al., 2020) 

Contaminated 
site 

Micrococcus sp. - - (Matjasic et al., 2020) 

- Nocardia asteroids - - (Ghatge et al., 2020) 

- Paenibacillus spp - - (Matjasic et al., 2020) 

- 
Penicillium oxalicum 

NS4 
- - (Jaiswal et al., 2020) 

- 
Pseudomonas 

aeruginosa 
- 

Incubation time 2 months, 
weight loss 50.5 % after 

pre-treatments 
(Wilkes et al., 2017) 

Contaminated 
site 

Pseudomonas 
aeruginosa 

- - (Matjasic et al., 2020) 

- 
Pseudomonas 

fluorescen 
- - (Matjasic et al., 2020) 

- 
Pseudomonas putida 

S3A 
- - (Jaiswal et al., 2020) 

- Pseudomonas sp. - - (Ghatge et al., 2020) 

- Pseudomonas sp. - 
15 % weight loss after 30 

days 
(Zhang et al., 2022) 

- Pseudomonas sp. AKS2 - 
Incubation time- 45 days, 

weight loss of 5 % 
(Wilkes et al., 2017) 

Plastic waste 
dumpsite 

Pseudomonas sp. 
GMB7 

- 
Incubation time- 30 days, 
weight loss- 12 % -15 % 

(Ru et al., 2020) 

Contaminated 
site 

Pseudomonas sp. 
GMB7 

- - (Matjasic et al., 2020) 

- Pseudomonas spp. - - (Matjasic et al., 2020) 

- 
Rhodococcus 
rhodochrous 

- - (Ghatge et al., 2020) 

- Rhodococus sp. - - (Jaiswal et al., 2020) 

- Serratia marcescens - - (Matjasic et al., 2020) 

Contaminated 
site 

Staphylococcus sp. - - (Matjasic et al., 2020) 

- Stenotrophomonas spp. - - (Matjasic et al., 2020) 

Soybean - Peroxidase - (Ru et al., 2020) 
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Table A1.4: Fungi reported as PE biodegraders, and information on the isolation source, possible enzymes involved in the biodegradation 
and the biodegradation conditions 

Isolated 
source 

Fungi Enzymes Biodegradation conditions References 

- Amycolaptosis sp. 
Manganese 
peroxidase 

- (Iram et al., 2019) 

- Aspergillus awamori - - (Montazer et al., 2020) 

- Aspergillus clavatus - - (Amobonye et al., 2021) 

- Aspergillus flavus - - 

(Alshehrei, 2017; Jacquim 
et al., 2019; Kale et al., 
2015; Montazer et al., 

2020; Shah et a., 2008; 
Zhang et al., 2022) 

- Aspergillus flavus Laccase - (Amobonye et al., 2021) 

- Aspergillus flavus - 
Incubation time of 28 days, 

3,9 % of weight loss 
(Taghavi et al., 2021) 

- Aspergillus flavus - 
Incubation time of 100 days, 

5,5 % of weight loss 
(Taghavi et al., 2021) 

Plastic 
buried in soil 

Aspergillus flavus - 
Efficiently broke down PE 

after 2 months 
(Santacruz-ju et al., 2021) 

Soil 
Aspergillus flavus and 

Aspergillus 
tubingensis 

- 

Incubation time-30 days, 
biofilm formation, weight 
loss, and HDPE surface 

modification 

(Ali et al., 2021) 

- Aspergillus fumigatus -  (Amobonye et al., 2021) 

- Aspergillus fumigatus - 
Incubation time of 30 days, 

2,49 % of weight loss 
(Taghavi et al., 2021) 

- Aspergillus glaucus - - (Jacquim et al., 2019) 

- Aspergillus glaucus - 
Incubation time of 30 days, 

28,8 % of weight loss 
(Taghavi et al., 2021) 

Soil Aspergillus japonicas - 
Incubation time- 30 days36 % 

loss of LDPE weight 
(Ali et al., 2021) 

- Aspergillus japonicas - 
Incubation time of 30 days, 

11,11 % of weight loss 
(Taghavi et al., 2021) 

- Aspergillus niger - - (Jacquim et al., 2019) 

- Aspergillus niger - 
Incubation time of 30 days, 

17,35 % of weight loss 
(Taghavi et al., 2021) 

- Aspergillus niger - 
Incubation time of 30 days, 

4,32 % of weight loss 
(Taghavi et al., 2021) 

- Aspergillus niger - 
Incubation time of 30 days, 

5,8 % of weight loss 
(Taghavi et al., 2021) 

Plastic 
buried in soil 

Aspergillus niger - - (Santacruz-ju et al., 2021) 

- Aspergillus nomius - - (Amobonye et al., 2021) 

- Aspergillus oryzae - - (Amobonye et al., 2021) 

- Aspergillus oryzae - 
Incubation time 3 months, 

47,2 % weight loss 
(Kale et al., 2015) 
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Table A1.4 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- Aspergillus oryzae - 36 % weight reduction (Ali et al., 2021) 

- Aspergillus sp. - - 
(Jacquim et al., 2019; 
Montazer et al., 2020; 
Sankhla et al., 2020) 

- Aspergillus sydowii - - (Amobonye et al., 2021) 

- Aspergillus sydowii - 
Efficient biodegradation after 

60 days incubation 
(Santacruz-ju et al., 2021) 

- 
Aspergillus sydowii 

PNPF15/TS 
- - (Miri et al., 2022) 

- Aspergillus terreus - - (Amobonye et al., 2021) 

- Aspergillus terreus - 
Efficient biodegradation after 

60 days incubation 
(Santacruz-ju et al., 2021) 

- 
Aspergillus terreus 

AF5 
- - (Shah et a., 2008) 

- 
Aspergillus terreus 

MANGFI/WL 
- 28,4 % weight loss (Miri et al., 2022) 

Plastic 
buried in soil 

Aspergillus versicolor - - (Santacruz-ju et al., 2021) 

- Aspergillus versicolos - 
Incubation time of 90 days, 

40,6 % of weight loss 
(Taghavi et al., 2021) 

Plastic 
buried in soil 

Chaetomium 
globosum 

- - (Santacruz-ju et al., 2021) 

- Chaetomium globsum La and MnP - (Kale et al., 2015) 

- Chaetomium sp. - - (Jacquim et al., 2019) 

Plastic 
buried in soil 

Chrysonilia setophila - - (Santacruz-ju et al., 2021) 

- 
Cladosporium 

cladosporioides 
- - 

(Montazer et al., 2020; 
Zhang et al., 2022) 

- 
Cladosporium 

cladosporoide ATCC 
20251 

- - (Kale et al., 2015) 

- 
Curvularia 

senegalensis 
- - (Sankhla et al., 2020) 

Landfill soil Fusarium falciforme - - (Zhang et al., 2022) 

Plastic 
buried in soil 

Fusarium oxysporum - 
Efficiently broke down PE 

after 2 months 
(Santacruz-ju et al., 2021) 

Landfill soil Fusarium oxysporum - - (Zhang et al., 2022) 

Plastic 
buried in soil 

Fusarium solani - - (Santacruz-ju et al., 2021) 

- Fusarium sp. - - (Montazer et al., 2020) 

Soil Fusarium sp. - 
Incubation time- 30 days36 % 

loss of LDPE weight 
(Ali et al., 2021) 

- Fusarium sp. AF4 - - (Shah et a., 2008) 
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Table A1.4 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- Gliocladium virens - - 
(Jacquim et al., 2019; 
Montazer et al., 2020; 

Zhang et al., 2022) 

- 
Lasiodiplodia 
theobromae 

- - 
(Jacquim et al., 2019; 
Sankhla et al., 2020) 

- 
Mortierella 
subtilissima 

- - (Montazer et al., 2020) 

Plastic 
buried in soil 

Mucor hiemalis - - (Santacruz-ju et al., 2021) 

- Mucor rouxii - - (Montazer et al., 2020) 

- Mucor rouxii - Slight weight reduction (Ali et al., 2021) 

- 
Mucor rouxii NRRL 

1835 
- - 

(Alshehrei, 2017; Kale et al., 
2015; Shah et a., 2008) 

- Nocardia asteroides - - (Montazer et al., 2020) 

- Paecilomyces lilacinus - - 
(Jacquim et al., 2019; 
Sankhla et al., 2020) 

- Penicillium pinophilum - - (Jacquim et al., 2019) 

Treated PE 
Penicillium 

chrysogenum NS10 
- 

Incubation time of 90 days, 
34,3-58,5 % of weight loss 

(Taghavi et al., 2021) 

- 
Penicillium 
frequentans 

- 
Incubation time of 60 days, 

0,45 % of weight loss 
(Taghavi et al., 2021) 

Soil 
Penicillium oxalicum 

and Penicillium 
chrysogenum 

- 
Incubation time- 90 days, 

morphological damages on 
PE sheets 

(Ali et al., 2021) 

Treated PE 
Penicillium oxalicum 

NS4 
- 

Incubation time of 90 days, 
36,6-55,3 % of weight loss 

(Taghavi et al., 2021) 

- Penicillium pinophilum - Incubation time of 942 days (Taghavi et al., 2021) 

- Penicillium pinophilum - - (Zhang et al., 2022) 

Treated PE 
Penicillium 

simplicissimum 
- 

Incubation time of 90 days, 
38 % of weight loss 

(Taghavi et al., 2021) 

- 
Penicillium 

simplicissimum 
- - 

(Jacquim et al., 2019; 
Montazer et al., 2020; 

Zhang et al., 2022) 

- 
Penicillium 

simplicissimum 
- 

Incubation time 90 days, 
molecular weight reduction 

(Ali et al., 2021) 

- 
Penicillium 

simplicissimum YK 
- - 

(Alshehrei, 2017; Kale et al., 
2015; Sankhla et al., 2020; 

Shah et a., 2008) 

Plastic 
buried in soil 

Penicillium sp. - - (Santacruz-ju et al., 2021) 

Soil 
Penicillum 

simplicissimum YK 
- - (Zhang et al., 2022) 

- Penicillum sp. AF6 - - (Shah et a., 2008) 

- 
Phanerochaete 
chrysosporium 

Manganese  
peroxidase 

- 
(Jacquim et al., 2019; Ru et 

al., 2020) 
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Table A1.4 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- 
Phanerochaete 
chrysosporium 

- - (Zhang et al., 2022) 

Plastic 
buried in soil 

Phoma spp. - 
Efficiently broke down PE 

after 2 months 
(Santacruz-ju et al., 2021) 

- Pleurotis ostreatus Laccase - (Amobonye et al., 2021) 

Landill soil 
Purpureocillum 

lilacinum 
- - (Zhang et al., 2022) 

- Trarnetes versicolor 
Manganese 
peroxidase 

- (Amobonye et al., 2021) 

- 
Trichoderma 
harzianum 

- - (Sankhla et al., 2020) 

Soil sample 
of dumpsite 

Trichoderma 
harzianum 

- Biodegraded UV-treated PE (Santacruz-ju et al., 2021) 

- Zalerion maritimum - - (Montazer et al., 2020) 

Seawater Zalerion maritimum - 
Incubation time- 28 days, the 
pellets mass and size were 

decreased 
(Ali et al., 2021) 

 

Table A1.5: Fungi reported as LDPE biodegraders, and information on the isolation source, possible enzymes involved in the 
biodegradation and the biodegradation conditions 

Isolated 
source 

Fungi Enzymes Biodegradation conditions References 

Soil Acremonium kiliense - - (Zhang et al., 2022) 

Mangrove of 
Red Sea coast 

Alternaria alternate - 
Enzymatic activity observed 

after 4 weeks 
(Santacruz-ju et al., 2021) 

Mangrove of 
Red Sea coast 

Aspergillus 
caespitosus 

- 
Enzymatic activity observed 

after 4 weeks 
(Santacruz-ju et al., 2021) 

Film Aspergillus flavus - - (Ghatge et al., 2020) 

Garbage soil Aspergillus flavus - 
16 % weight reduction after 

6 months 
(Santacruz-ju et al., 2021) 

Polyethylene 
polluted sites 

Aspergillus flavus - 
30 % weight loss after 4 

weeks 
(Santacruz-ju et al., 2021) 

Aerobic aged 
municipal 

landfill 
Aspergillus fumigatus - - (Santacruz-ju et al., 2021) 

Polyethylene 
polluted sites 

Aspergillus japonicus - 
36 % weight loss after 4 

weeks 
(Santacruz-ju et al., 2021) 

- Aspergillus niger - - (Munir et al., 2018) 

Thermal 
treated LDPE 

Aspergillus niger - - (Ghatge et al., 2020) 

Municipal solid 
waste 

Aspergillus niger - 
High biodegradation 

efficiency after 90 days 
(Santacruz-ju et al., 2021) 

Garbage soil Aspergillus niger - 
26 % weight reduction after 

6 months 
(Santacruz-ju et al., 2021) 



152 
 

Table A1.5 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

Polyethylene 
polluted sites 

Aspergillus niger - 
Around 20 % weight loss 

after 4 weeks 
(Santacruz-ju et al., 2021) 

Landfill soils 
Municipal 

Aspergillus niger - - (Zhang et al., 2022) 

Landfill soil 

Aspergillus niger (a 
mixed culture with 

Lysinibacillus 
xylanilyticus) 

- 

16 % biodegradation for 
non-treated LDPE after 126 
days; 29 % biodegradation 
for UV-treated LDPE, after 

126 days 

(Santacruz-ju et al., 2021) 

Landfill soil Aspergillus nomius - 
Weight loss after 45 days of 

incubation 
(Santacruz-ju et al., 2021) 

- Aspergillus oryzae - 
Weight reduction after 4 

months 
(Santacruz-ju et al., 2021) 

- Aspergillus sp. - - (Miri et al., 2022) 

Soil buried 
LDPE films 

Aspergillus sp. - Weight loss after 60 days (Santacruz-ju et al., 2021) 

Sea water Aspergillus sp. - - (Santacruz-ju et al., 2021) 

 Aspergillus terreus - - (Munir et al., 2018) 

Mangrove of 
Red Sea coast 

Aspergillus terreus - 
Enzymatic activity observed 

after 4 weeks 
(Santacruz-ju et al., 2021) 

Aerobic aged 
municipal 

landfill 
Aspergillus terreus - - (Santacruz-ju et al., 2021) 

Se water Aspergillus versicolor - - (Santacruz-ju et al., 2021) 

Soil Aspergillus versicolor - - (Zhang et al., 2022) 

- 
Aureobasidium 

pullulans 
- - (Munir et al., 2018) 

Mangrove of 
Red Sea coast 

Eupenicillium 
hirayamae 

- 
Enzymatic activity observed 

after 4 weeks 
(Santacruz-ju et al., 2021) 

- Fusarium redolens - - (Ghatge et al., 2020) 

Garden soil Fusarium redolens - - (Zhang et al., 2022) 

Soil Fusarium redolens - - (Zhang et al., 2022) 

Aerobic aged 
municipal 

landfill 
Fusarium solani - - (Santacruz-ju et al., 2021) 

Polyethylene 
polluted sites 

Fusarium sp. - 
32 % weight loss after 4 

weeks 
(Santacruz-ju et al., 2021) 

Soil buried 
LDPE films 

Fusarium sp. - Weight loss after 60 days (Santacruz-ju et al., 2021) 

Thermal 
treated LDPE 

Glioclodium virens - - (Ghatge et al., 2020) 

Polyethylene 
polluted sites 

Mucor sp. - 
Around 20 % weight loss 

after 4 weeks 
(Santacruz-ju et al., 2021) 
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Table A1.5 (continued) 

Isolated 
source 

Bacterium Enzymes Biodegradation conditions References 

- Penicillium citrinum - 
15,29 % weight loss after 

90 days 
(Zhang et al., 2022) 

- Paecilomyces varioti - - (Munir et al., 2018) 

Mangrove of 
Red Sea coast 

Paecilomyces varioti - 
Enzymatic activity observed 

after 4 weeks 
(Santacruz-ju et al., 2021) 

Soil sample 
from a plastic 

dumping 

Penicillium 
chrysogenum 

- 
Morphological damage after 

60 days 
(Santacruz-ju et al., 2021) 

- 
Penicillium 
funiculosum 

- - (Munir et al., 2018) 

- 
Penicillium 

ochrochloron 
- - (Munir et al., 2018) 

Soil sample 
from a plastic 

dumping 
Penicillium oxalicum - 

Morphological damage after 
60 days 

(Santacruz-ju et al., 2021) 

Polyethylene 
polluted sites 

Penicillium sp. - 
Around 20 % weight loss 

after 4 weeks 
(Santacruz-ju et al., 2021) 

- Penicillum sp. - - (Miri et al., 2022) 

Powder Penicillum pinophilum - - (Ghatge et al., 2020) 

- Penicillum pinophilum - - (Zhang et al., 2022) 

- 
Phanerochaete 
chrysosporium 

- - (Zhang et al., 2022) 

Mangrove of 
Red Sea coast 

Phialophora alba - 
Enzymatic activity observed 

after 4 weeks 
(Santacruz-ju et al., 2021) 

- 
Scopulariopsis 

brevicaulis 
- - (Munir et al., 2018) 

- Streptomyces sp. - - (Miri et al., 2022) 

- Trichoderma viride - - (Munir et al., 2018) 

Landfill soil Trichoderma viride - 
Weight loss after 45 days of 

incubation 
(Santacruz-ju et al., 2021) 

- Verticillium lecanii - - (Ghatge et al., 2020) 

Soil Verticillium lecanii - - (Zhang et al., 2022) 

- Zalerion maritimum - Weight loss of 6,5 % (Miri et al., 2022) 
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Table A1.6: Fungi reported as HDPE biodegraders, and information on the isolation source, possible enzymes involved in the 
biodegradation and the biodegradation conditions 

Isolated source Fungi Enzymes Biodegradation conditions References 

Film Aspergillus flavus - - (Ghatge et al., 2020) 

Guts of wax moth 
Galleria mellonella 

Aspergillus flavus - - 
(Santacruz-ju et al., 

2021) 

- Aspergillus sp. - 
5.5 % weight loss after 100 

days 
(Zhang et al., 2022) 

Plastic waste 
dump yard 

Aspergillus terreus - 
Observable weight loss after 

30 days 
(Santacruz-ju et al., 

2021) 

Film Cephalosporium sp - 
Weight decrease of 7.18 % 
after 20 days incubation 

(Santacruz-ju et al., 
2021) 

Garden soil Fusarium redolens - - (Zhang et al., 2022) 

Soil sample from 
a plastic dumping 

Penicillium 
chrysogenum 

- 
Morphological damage in 

the film after 60 days 
(Santacruz-ju et al., 

2021) 

Soil sample from 
a plastic dumping 

Penicillium oxalicum - 
Morphological damage in 

the film after 60 days 
(Santacruz-ju et al., 

2021) 

- Penicillium sp. - - (Zhang et al., 2022) 

UV treated 
Penicillum 

simplicissimum 
- - (Ghatge et al., 2020) 

 

Table A1.7: Bacteria reported as PET biodegraders, and information on the isolation source, possible enzymes involved in the 
biodegradation and the biodegradation conditions 

Isolated source Bacterium Enzymes 
Biodegradation 

conditions 
References 

- Actinomycete sp. - - 
(Amobonye et al., 

2021) 

- 
Alteromonas 

macleodii 
- - (Miri et al., 2022) 

- 
Bacillus 

amyloliquefaciens 
- - (Jacquim et al., 2019) 

- Bacillus borstelensis - - (Ahmed et al., 2018) 

- Bacillus cereus - 
Incubation time 40 

days, 6,6 % weight loss 
(Taghavi at al., 2021) 

- Bacillus cereus - - (Matjasic et al., 2020) 

- Bacillus gottheilii - 
Incubation time 40 

days, 3 % weight loss 
(Taghavi at al., 2021) 

- Bacillus gottheilii - - (Matjasic et al., 2020) 

- Bacillus muralis - - (Matjasic et al., 2020) 

Thermobifida 
fusca 

Bacillus subtilis 
Cutinase de 

T.fusca TfCut2 

Incubation time- 120h, 
70℃, weight loss- 

97 % 
(Ru et al., 2020) 

- Bacillus subtilis - 
Incubation time 24h at 

30℃ 
(Mohanan et al., 2020) 

- Brevibacterium sp. - - (Matjasic et al., 2020) 
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Table A1.7 (continued) 

Isolated source Bacterium Enzymes 
Biodegradation 

conditions 
References 

- 
Bacillus subtilis UCP 

999 
- 

Incubation time 60 
days, 0,06 % weight 

loss 
(Taghavi at al., 2021) 

- Burkholderia spp. Lipase - (Mohanan et al., 2020) 

- Celeribacter neptunius - - (Miri et al., 2022) 

- Humicola insolens - - (Jacquim et al., 2019) 

- Ideonella sakaiensis 
PETase and 
MHETase 

Incubation time- 1 day, 
weight loss 1 % 

(Ali et al., 2021) 

- Ideonella sakaiensis PETase - (Miri et al., 2022) 

- Ideonella sakaiensis - - 
(Amobonye et al., 

2021; Jacquim et al., 
2019) 

- 
Ideonella sakaiensis  

201-F6 
- - 

(Ahmed et al., 2018; 
Iram et al., 2019; 

Matjasic et al., 2020) 

- 
Ideonella sakaiensis 

201-f6 
- 

Incubation time 42 
days, 58 % weight loss 

(Taghavi at al., 2021) 

- 
Ideonella sakaiensis 

201-F6 

Aromatic 
polyesterase 

Esterase 
- 

(Atanasova, Stoitsova, 
et al., 2021) 

- 
Ideonella sakaiensis 

 201-F6 

PETase and 
MHETase, 

Hydrolases, 
lipases 

Incubation time- 1 
days, 30℃, weight 

loss 1 % 

(Jaiswal et al., 2020; 
Ru et al., 2020) 

- Nocardia sp. - - (Jacquim et al., 2019) 

- Oleispira antarctica LipA - (Danso et al., 2019) 

- 
Oleispira antarctica 

RB-8 
PET5 - (Miri et al., 2022) 

- 
Polyangium 

brachysporum 
Triacylglycerol 

lipase 
- (Danso et al., 2019) 

- 
Pseudoalteromonas 

citrea 
- - (Miri et al., 2022) 

- 
Pseudomonas 

aestusnigri 
- - 

(Amobonye et al., 
2021) 

- 
Pseudomonas 

aestusnigri 
PETase - (Mohanan et al., 2020) 

- 
Pseudomonas 

aestusnigri 
Polyester 
hydrolase 

- (Maurya et al., 2020) 

- 
Pseudomonas 

fluorescens 
Cutinase - (Mohanan et al., 2020) 

- Pseudomonas litoralis Cutinase - (Mohanan et al., 2020) 

- 
Pseudomonas 

mendocina 
- - (Jacquim et al., 2019) 

- 
Pseudomonas 

mendocina 
PmC 

PET surface-modifying 
enzyme 

(Ali et al., 2021) 
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Table A1.7 (continued) 

Isolated source Bacterium Enzymes 
Biodegradation 

conditions 
References 

- 
Pseudomonas 

mendocina 
- 

5 % degradation rate of 
low crystallinity PET, at 

50℃ 
(Maurya et al., 2020) 

- Pseudomonas pelagia PpelaLip - (Danso et al., 2019) 

- 
Pseudomonas 

pseudoalcaligenes 
PpCutA - (Danso et al., 2019) 

- Pseudomonas putida - 
Incubation time 48 h at 

30℃ 
(Mohanan et al., 2020) 

- Pseudomonas sp. Lipase - (Iram et al., 2019) 

- 
Pseudomonas sp. JG-

B 
Cutinase - (Mohanan et al., 2020) 

- 
Saccharomonospora 

viridis 
Cutinase - 

(Danso et al., 2019; 
Mohanan et al., 2020) 

- 
Serratia 

proteamaculans 
- - (Matjasic et al., 2020) 

- Streptomyces scabies - - 
(Amobonye et al., 

2021) 

- Streptomyces sp - - 
(Amobonye et al., 

2021; Matjasic et al., 
2020) 

- 
Streptomyces sp. 

SM14 
Esterase - 

(Atanasova, Stoitsova, 
et al., 2021) 

- Thermobifida alba Cutinase - 
(Maurya et al., 2020; 
Mohanan et al., 2020) 

- 
Thermobifida alba 

AHK119 
- 

Incubation time 14 
days at 50℃ 

(Mohanan et al., 2020) 

- 
Thermobifida 
cellulosilytica 

Cutinase - 
(Maurya et al., 2020; 
Mohanan et al., 2020) 

- 
Thermobifida 
cellulosilytica 

- 

12 % degradation rate 
of low crystalinity PET 

and 24 % with 
semicrystalline PET, at 

50℃ 

(Maurya et al., 2020) 

- Thermobifida fusca Cutinase (TfCut2) 
Incubation time- 5 

days, 97 % degradation 
of the tested material 

(Ali et al., 2021) 

- Thermobifida fusca 
Cutinase-like 

hydrolase 

Incubation time- 21 
days, 55℃, 

degradation of 54 % of 
PET weight 

(Ali et al., 2021) 

- Thermobifida fusca Cutinase - (Mohanan et al., 2020) 

- Thermobifida fusca TfH - (Miri et al., 2022) 

- Thermobifida fusca Hydrolases - (Miri et al., 2022) 

- Thermobifida fusca Cutinase - (Maurya et al., 2020) 

- Thermobifida fusca Carboxylesterases - (Maurya et al., 2020) 
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Table A1.7 (continued) 

Isolated source Bacterium Enzymes 
Biodegradation 

conditions 
References 

- 
Thermobifida fusca 

(DSM 43793) 
Hydrolases - 

(Amobonye et al., 
2021; Jacquim et al., 

2019) 

- 
Thermobifida fusca 

KW3 
- 

25 % degradation rate 
in 24h, at 55℃-65℃ 

(Maurya et al., 2020) 

- 
Thermobifida 
halotolerans 

Carboxylesterases 
and esterase 

Incubation time 2h at 
50℃ 

(Mohanan et al., 2020) 

- 
Thermobifida 
halotolerans 

Serine hydrolase - (Danso et al., 2019) 

- 
Thermomonospora 

curvata 
- Incubation time 7 days (Mohanan et al., 2020) 

- 
Thermomonospora 

curvata 
Tcur0390 - (Miri et al., 2022) 

- 
Thermomonospora 

curvata 
Polyester 
hydrolase 

- (Maurya et al., 2020) 

- 
Thermomosnospora 

curvata 
Triacylglycerol 

lipase 
- (Danso et al., 2019) 

Plant compost 
Thermomonospora 

fusca 
- 

Incubation time 14 
days at 55℃ 

(Mohanan et al., 2020) 

- Vibrio gazogenes Lipase - (Danso et al., 2019) 

- Vibrio gazogenes PET6 - (Miri et al., 2022) 

Seawater Vibrio sp. - 
Incubation time- 42 

days, weight reduction 
of 35 % 

(Ali et al., 2021) 

- Vibrio sp. - - (Matjasic et al., 2020) 

Saccharomonos
pora viridis 
AHK190 

- Cutinase Cut190 
Incubation time- 3 
days, 63℃, weight 

loss- 13,5 e 27 % 
(Ru et al., 2020) 

Thermobifida 
fusca 

- 
Cutinase like 
hydrolase TfH 

Incubation time- 21 
days, 55℃, weight 

loss- 54,2 % 
(Ru et al., 2020) 

Pseudomonas 
mendocina 

- Cutinase PmC 
Incubation time- 96h, 
70℃, weight loss- 5 % 

(Ru et al., 2020) 

Ideonella 
sakaiensis 201-

F6 
- IsPETase 

Incubation time- 24 h, 
a 30℃, weight loss- 

1 % 
(Ru et al., 2020) 

Ideonella 
sakaiensis 201-

F6 
- IsPETase Weight loss 30 %- 40 % (Ru et al., 2020) 

Compost 
metagenomic 

library 
- LC- cutinase 

Incubation time- 7 
days, 50℃, weight 

loss- 50 % 
(Ru et al., 2020) 
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Table A1.8: Fungi reported as PET biodegraders, and information on the isolation source, possible enzymes involved in the biodegradation 
and the biodegradation conditions 

Isolated 
source 

Fungi Enzymes Biodegradation conditions References 

- Aspergillus fumigatus Cutinase - (Maurya et al., 2020) 

- Aspergillus oryzae Cutinase - (Mohanan et al., 2020) 

Seawater Aspergillus sp. - 
Incubation time- 42 days, 
weight reduction of 22 % 

(Ali et al., 2021) 

- Candida antarctica Lipase - (Mohanan et al., 2020) 

- Fusarium oxysporum - - 
(Iram et al., 2019; 

Jacquim et al., 2019) 

- Fusarium oxysporum Cutinase - 
(Maurya et al., 2020; 
Mohanan et al., 2020) 

- Fusarium solani Cutinase PsC - 
(Iram et al., 2019; 

Jacquim et al., 2019; Ru et 
al., 2020) 

- Fusarium solani FsC 
PET surface-modifying 

enzyme 
(Ali et al., 2021) 

- Fusarium solani Cutinase - (Mohanan et al., 2020) 

- Fusarium solani - 
5 % degradation rate of 
low crystalinity PET, at 

40℃ 
(Maurya et al., 2020) 

- Fusarium solani pisi FsC - (Miri et al., 2022) 

- Fusarium solani pisi Cutinase - (Maurya et al., 2020) 

- Humicola insolens Cutinase - (Maurya et al., 2020) 

- Humicola insolens - 
97 % degradation rate of 
low crystallinity PET, at 

80℃ 
(Maurya et al., 2020) 

- Penicillium citrinum - - (Jacquim et al., 2019) 

- Penicillium citrinum 
Cutinase and 
polyeserase 

- (Ali et al., 2021) 

- Penicillium citrinum Cutinase - (Mohanan et al., 2020) 

Soil Penicillium funiculosum - 
Incubation time- 84 days, 

chemical changes in 
polymeric chain 

(Ali et al., 2021) 

- Penicillium funiculosum - 
Incubation time 84 days, 

0,21 % weight loss 
(Taghavi et al., 2021) 

Engineered 
yeast strain 

Pichia pastoris - Incubation time- 18h (Ali et al., 2021) 

- 
Saccharomonospora 

viridis 
Cutinase 190 

Incubation time- 3 days, 
degradation of 27 % of 

PET 
(Ali et al., 2021) 

- 
Saccharomonospora 

viridis 
Cutinase - (Maurya et al., 2020) 

- 
Thermomonospora 

fusca 
- - (Jacquim et al., 2019) 

- Thermomyces insolens HiC PET hydrolase (Ali et al., 2021) 
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Table A1.8 (continued) 

Isolated 
source 

Fungi Enzymes Biodegradation conditions References 

- 
Thermomyces insolens 
(or Humicola insolens) 

Cutinase HiC - (Ru et al., 2020) 

- 
Thermomyces 
lanuginosus 

Lipase - 
(Maurya et al., 2020; 
Mohanan et al., 2020) 

 

Table A1.9: Bacteria reported as PCL biodegraders, and information on the isolation source, possible enzymes involved in the 
biodegradation and the biodegradation conditions 

Isolated 
source 

Bacterium Enzymes 
Biodegradation 

conditions 
References 

- Achromobacter sp. - - (Ahmed et al., 2018) 

- Alcaligenes faecalis Lipase - 
(Atanasova, Stoitsova, et 

al., 2021) 

- Alcaligenes faecalis Depolymerase - 
(Karamanlioglu et al., 

2017) 

Sea water Alcanivorax sp. - - (Emadian et al, 2017) 

Soil Amycolatopsis sp. - - (Emadian et al, 2017) 

- Actinomadura - - (Tokiwa et al., 2009) 

Fresh water Bacillus pumilus - - (Emadian et al, 2017) 

- 
Clostridium 

acetobutylicum 
- - 

(Ahmed et al., 2018; Bahl 
et al., 2021; Shah et al., 

2008) 

- Clostridium botulinum - - 
(Ahmed et al., 2018; Bahl 
et al., 2021; Shah et al., 

2008) 

- Colonostachys roseas - 
52,91 % of 

biodegradation at 28℃, 

for 30 days 
(Iram et al., 2019) 

- Coprothermobacter - - (Jin et al., 2022) 

- Firmicutes sp. - - (Bhardwaj et al., 2013) 

Soil/ 
Freshwater 

Leptothrix sp. - - (Emadian et al, 2017) 

- Methanosaeta sp. - - (Yagi et al., 2014) 

- Methanothermobacter - - (Jin et al., 2022). 

- Microbisora - - (Tokiwa et al., 2009) 

Sea Moritella sp. - - (Emadian et al, 2017) 

Soil Paenibacillus amylolyticus - - (Emadian et al, 2017) 

Soil Paenibacillus sp. - - (Emadian et al, 2017) 

- Protobacteria sp. - - (Bhardwaj et al., 2013) 

Sea water Pseudomonas sp. - - (Emadian et al, 2017) 

- Pseudomonas sp. - - (Matjasic et al., 2020) 
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Table A1.9 (continued) 

Isolated 
source 

Bacterium Enzymes 
Biodegradation 

conditions 
References 

Sea Psychrobacter sp. - - (Emadian et al, 2017) 

- Rhizopus arrhizus Lipase - 
(Ahmed et al., 2018; Iram 

et al., 2019) 

- Rhizopus delemar Lipase - 
(Ahmed et al., 2018; 

Bhardwaj et al., 2013) 

- 
Rosleateles depolymerans 

strain TB-87 
- - (Iram et al., 2019) 

- Saccharomonospora - - (Tokiwa et al., 2009) 

Sea Shewanella sp. - - (Emadian et al, 2017) 

Soil Streptomyces sp. - - (Emadian et al, 2017) 

River 
sediment 

Streptomyces sp. - - (Emadian et al, 2017) 

Compost 
Streptomyces 

thermonitrificans 
- - (Emadian et al, 2017) 

Soil 
Streptomyces 

thermovioaceus 
- - (Emadian et al, 2017) 

Sea water Tenacibaculum sp. - - (Emadian et al, 2017) 

- Thermoactinomyces - - (Tokiwa et al., 2009) 

- 
Thermomyces 
lanuginosus 

- - (Hosni, 2019) 

- - 
Bifunctional 

lipase-cutinase 
- (Kaushal et al., 2021) 

- - Esterases - (Ahmed et al., 2018) 

 

Table A1.10: Fungi reported as PCL biodegraders, and information on the isolation source, possible enzymes involved in the 
biodegradation and the biodegradation conditions 

Isolated 
source 

Fungi Enzymes Biodegradation conditions References 

- Aspergillus niger - - (Sankhla et al., 2020) 

- Achromobacter sp. Lipase - (Sankhla et al., 2020) 

- Amycolaptosis sp Cutinase - (Sankhla et al., 2020) 

- Aspergillus flavus Glycosidase - 
(Ahmed et al., 2018; Iram et 

al., 2019) 

- Aspergillus flavus 
Glycosidases, 

Protease 
- (Bhardwaj et al., 2013) 

- Aspergillus flavus - 
Degradation of amorphous 

region 
(Karamanlioglu et al., 2017) 

- Aspergillus flavus Glycosidase - (Iram et al., 2019) 

- Aspergillus fumigatus - - (Sankhla et al., 2020) 

- 
Aspergillus fumigatus 

strain S45 
- - (Sankhla et al., 2020) 
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Table A1.10 (continued) 

Isolated 
source 

Fungi Enzymes Biodegradation conditions References 

- Aspergillus niger 
Catalase 
protease 

- 
(Ahmed et al., 2018; Iram et 

al., 2019) 

- 
Aspergillus sp.  

ST-01 
- - 

(Ahmed et al., 2018; Iram et 
al., 2019) 

- Aspergillus ST-01 - Incubation- 6 days at 50℃ (Karamanlioglu et al., 2017) 

- Aureobasidium sp. - - (Sankhla et al., 2020) 

- Candida cylindracea - - (Ahmed et al., 2018) 

- Candida cylindracea Lipase - (Sankhla et al., 2020) 

- 
Cephalosporium sp. F. 

solani strain 77-2-3 
- - (Iram et al., 2019) 

- Chaetomium globosum - - (Sankhla et al., 2020) 

Soil Cladosporium sp. - - (Emadian et al, 2017) 

- Cladosporium sp. - - (Sankhla et al., 2020) 

- Clonostachys rosea - - (Sankhla et al., 2020) 

- Cryptococcus sp. - - (Sankhla et al., 2020) 

- Fusarium moniliforme - - (Sankhla et al., 2020) 

- Fusarium solani - - (Shah et al., 2008) 

- 
Fusarium solani ATCC 

38136 
- - (Sankhla et al., 2020) 

- 
Fusarium solani strain 

77-2-3 
- - 

(Iram et al., 2019; Sankhla 
et al., 2020) 

- Fusarium sp. Cutinase - 
(Ahmed et al., 2018; 

Bhardwaj et al., 2013; Iram 
et al., 2019) 

- Fusarium sp. 
Cutinase and 

lipase 
- (Sankhla et al., 2020) 

- Paecilomyces lilacinus Depolymerase 
Incubation time- 10 days, 
optimum pH of 3,5-4,5 at 
30℃, 10 % degradation 

(Sankhla et al., 2020) 

- 
Penicillium dupontii IFO 

31798 
- - (Sankhla et al., 2020) 

- Penicillium oxalicum - - (Sankhla et al., 2020) 

- Penicillium sp. Lipase - 
(Bhardwaj et al., 2013; 
Sankhla et al., 2020) 

- Penicillium strain 26-1 - 
Complete degradation in 

12 days 
(Karamanlioglu et al., 2017) 

- 
Penicullium 
funiculosum 

- 
Degradation of amorphous 

region 
(Karamanlioglu et al., 2017) 

- Pencillium funiculosum - - (Sankhla et al., 2020) 

- 
Pseudozyma japonica-

Y7-09 
Extracellular 

cutinase 

Incubation time- 15 days, 
30℃, 93,33 % 

degradation 
(Sankhla et al., 2020) 

Soil Purpureocillium sp. - - (Emadian et al, 2017) 
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Table A1.10 (continued) 

Isolated 
source 

Fungi Enzymes Biodegradation conditions References 

- Purpureocillium sp. - - (Sankhla et al., 2020) 

- Rhizopus delemar Lipase - (Sankhla et al., 2020) 

- Rhizopus. arrizus Lipase - (Sankhla et al., 2020) 

- Streptomyces sp. - - (Bhardwaj et al., 2013) 

- 
Thermoascus 

aurantiacus IFO 31910 
- - (Sankhla et al., 2020) 

- Trichoderma sp. - - (Sankhla et al., 2020) 

Appendix 2- Materials and methods 

2.1- VSS determination 

Source: APHA / AWWA / WPCF, 1985. "Standard Methods for the examination of water and 
wastewater". 16th edition. APHA Washington, DC.; 2005 

1- Wash a filter of glass fibre with 3 portions of 20 mL of distilled water; 
2- Place the filter + porcelain crucible in the muffle (for about 0,5h); 
3- Retrieved the crucible and let it cool in a desiccator until constant weight; 
4- Weight the crucible + filter (mass a); 
5- Place the filter in a filtration system, and filter the sample; 
6- Let the crucible + filter with sample to dry in an oven, at 105℃, until constant weight, meaning 

a variation of less than 4 %; 
7- Weight the crucible after it is cooled (mass b); 
8- Place the crucible in a muffle, at 550℃ ± 50℃, for 2 hours;  
9- Weight the crucible after it is cooled in a desiccator (mass c). 

Calculations: 

With V being the volume of biomass filtered in step 5; in mL, and the masses in g, the VSS (g/L) 
can be calculated with the following equations: 

Volatile suspended solids: VSS= (b-c) x 1000/V 

2.2- Description of the assays from the first anaerobic experiment 

Table A2.1: Description of the assays from the first anaerobic experiment, with information on the amount of plastic/substrate added in 
each one of the vials.  

Description Designation in 
the vial 

Plastic mass 
(mg) 

Growth 
medium 

(mL) 

Volume of 
leachate 

added (mL) 

Only leachate Blank 1 Not added 11 1,5 

Only leachate Blank 2 Not added 11 1,5 
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Only leachate Blank 3 Not added 11 1,5 

Leachate plus VFA VFA 1 125uL of 
the VFA 
mixture 

11 1,5 

Leachate plus VFA VFA 2 125uL of 
the VFA 
mixture 

11 1,5 

Leachate plus polyethylene PE 1 15,9 11 1,5 

Leachate plus polyethylene PE 2 15,2 11 1,5 

Leachate plus polyethylene PE 3 15,0 11 1,5 

Leachate plus polyethylene 
terephthalate 

PET 1 15,5 11 1,5 

Leachate plus polyethylene 
terephthalate 

PET 2 15,3 11 1,5 

Leachate plus polyethylene 
terephthalate 

PET 3 15,4 11 1,5 

Leachate plus 
polycaprolactone 

PCL 1 16,6 11 1,5 

Leachate plus 
polycaprolactone 

PCL 2 16,5 11 1,5 

Leachate plus 
polycaprolactone 

PCL 3 15,8 11 1,5 

Leachate plus Poly(3-
hydroxybutyrate-co-3-

hydroxyvalerate) 

PHB/PBAT 1 15,6 11 1,5 

Leachate plus Poly(3-
hydroxybutyrate-co-3-

hydroxyvalerate) 

PHB/PBAT 2 15,4 11 1,5 

Leachate plus Poly(3-
hydroxybutyrate-co-3-

hydroxyvalerate) 

PHB/PBAT 3 16,1 11 1,5 

Leachate plus cellulose Cellulose 1 15,4 11 1,5 

Leachate plus cellulose Cellulose 2 15,6 11 1,5 

Leachate plus cellulose Cellulose 3 15,0 11 1,5 

 

2.3- Anaerobic medium preparation 

The basic medium was prepared from the following stock solutions, (chemicals given below are 
concentrations in g/L, in distilled water)  

(A) NH4Cl, 100; NaCl, 10; MgCl2•6H2O, 10; CaCl2•2H2O, 5  

(B) K2HPO4•3H2O, 200  

(C) Resazurin 0,5  

(D) Trace-metal and selenite solution: FeCl2•4H2O, 2; H3BO3, 0,05; ZnCl2, 0,05; CuCl2•2H2O, 
0,038; MnCl2•4H2O, 0,05; (NH4)6Mo7O24•4H2O, 0,05; AlCl3, 0,05; CoCl2•6H2O, 0,05; NiCl2•6H2O, 
0,092; ethylenediaminetetraacetate, 0,5; concentrated HCl, 1 ml; Na2SeO3•5H2O, 0,1; 
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(E) Vitamin mixture (components are given in mg/L): Biotin, 2; folic acid, 2; pyridoxine acid, 10; 
ridoflavin, 5; thiamine hydrochloride, 5; cyanocobalamine, 0.1; nicotinic acid, 5; P-aminobenzoic acid, 5; 
lipoic acid, 5; DL-pantothenic acid. 

To 974 ml of distilled water, the following stock solutions were added A, 10 ml; B, 2 ml; C, 1 ml; 
D, 1 ml and E, 1 ml. The mixture is gassed with 80 % N2 –20 % CO2. Cysteine hydrochloride, 0,5 g and 
NaHCO3, 2,6 g, are added and the medium is dispensed to serum vials and autoclaved if necessary. 
Before inoculation the vials are reduced with Na2S•9H2O to a final concentration of 0,025 %. 

Retrieved from (Stams et al., 1993) 

2.5- Description of the second anaerobic experiment and aerobic experiment 

Table A2.2: Description of the assays from the second anaerobic experiment, with information on the amount of plastic/substrate added 
in each one of the vials 

Description 
Designation in 

the vial 
Plastic mass 

(mg) 

Growth 
medium 

(mL) 

Volume of 
leachate added 

(mL) 

Only leachate Branco 1 Not added 45 1,5 

Only leachate Branco 2 Not added 45 1,5 

Only leachate Branco 3 Not added 45 1,5 

Leachate plus polyethylene film PE 1f 63,5 45 1,5 

Leachate plus polyethylene film PE 2f 64,3 45 1,5 

Leachate plus polyethylene film PE 3f 64,4 45 1,5 

Leachate plus polyethylene 
terephthalate film 

PET 1f 62,5 
45 1,5 

Leachate plus polyethylene 
terephthalate film 

PET 2f 63,7 
45 1,5 

Leachate plus polyethylene 
terephthalate film 

PET 3f 64,2 
45 1,5 

Leachate plus polycaprolactone 
film 

PCL 1f 64,1 
45 1,5 

Leachate plus polycaprolactone 
film 

PCL 2f 61,6 
45 1,5 

Leachate plus polycaprolactone 
film 

PCL 3f 65,7 
45 1,5 

Leachate plus cellulose film Cellu 1f 64,9 45 1,5 

Leachate plus polyethylene 
powder 

PE 1p 67,1 
45 1,5 

Leachate plus polyethylene 
powder 

PE 2p 65,8 
45 1,5 

Leachate plus polyethylene 
powder 

PE 3p 68,9 
45 1,5 

Leachate plus polyethylene 
terephthalate powder 

PET 1p 66,0 
45 1,5 

Leachate plus polyethylene 
terephthalate powder 

PET 2p 66,8 
45 1,5 

Leachate plus polyethylene 
terephthalate powder 

PET 3p 68,1 
45 1,5 
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Leachate plus polycaprolactone 
powder 

PCL 1p 67,1 
45 1,5 

Leachate plus polycaprolactone 
powder 

PCL 2p 66,5 
45 1,5 

Leachate plus polycaprolactone 
powder 

PCL 3p 65,5 
45 1,5 

Leachate plus cellulose powder Cellu 1p 67,3 45 1,5 

Leachate plus cellulose powder Cellu 2p 67,4 45 1,5 

Leachate plus cellulose powder Cellu 3p 67,0 45 1,5 

 

Table A2.3: Description of the assays from the aerobic experiment, with information on the amount of plastic/substrate added in each one 
of the vials 

Description 
Designation in 

the vial 
Plastic mass 

(mg) 

Growth 
medium 

(mL) 

Volume of 
leachate added 

(mL) 

Only leachate Branco 1 Not added 49 1,5 

Only leachate Branco 2 Not added 49 1,5 

Only leachate Branco 3 Not added 49 1,5 

Leachate plus polyethylene film PE 1f 63,5 49 1,5 

Leachate plus polyethylene film PE 2f 64,3 49 1,5 

Leachate plus polyethylene film PE 3f 64,4 49 1,5 

Leachate plus polyethylene 
terephthalate film 

PET 1f 62,5 
49 1,5 

Leachate plus polyethylene 
terephthalate film 

PET 2f 63,7 
49 1,5 

Leachate plus polyethylene 
terephthalate film 

PET 3f 64,2 
49 1,5 

Leachate plus polycaprolactone 
film 

PCL 1f 64,1 
49 1,5 

Leachate plus polycaprolactone 
film 

PCL 2f 61,6 
49 1,5 

Leachate plus polycaprolactone 
film 

PCL 3f 65,7 
49 1,5 

Leachate plus polyethylene 
powder 

PE 1p 67,1 
49 1,5 

Leachate plus polyethylene 
powder 

PE 2p 65,8 
49 1,5 

Leachate plus polyethylene 
powder 

PE 3p 68,9 
49 1,5 

Leachate plus polyethylene 
terephthalate powder 

PET 1p 66,0 
49 1,5 

Leachate plus polyethylene 
terephthalate powder 

PET 2p 66,8 
49 1,5 

Leachate plus polyethylene 
terephthalate powder 

PET 3p 68,1 
49 1,5 

Leachate plus polycaprolactone 
powder 

PCL 1p 67,1 
49 1,5 

Leachate plus polycaprolactone 
powder 

PCL 2p 66,5 
49 1,5 
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Leachate plus polycaprolactone 
powder 

PCL 3p 65,5 
49 1,5 

Leachate plus cellulose powder Cellu 1p 67,3 49 1,5 

Leachate plus cellulose powder Cellu 2p 67,4 49 1,5 

Leachate plus cellulose powder Cellu 3p 67,0 49 1,5 

 

2.6- Theoretical methane production and oxygen consumption calculations 

Table A2.4: Determination of the number of moles of methane produced per mol of polymer (PE, PET, PCL, and cellulose) 

Polymer Equation of polymers’ conversion to methane 

Moles CH4 
produced from 

1 mol of 
polymer 

PE 
 

 

 

1,5 

PET 
 

 

 

5 

PCL 
 

 

 

3,75 

Cellulose 
 

 

 

3 

 

Table A2.5: Calculation of the theoretical methane production of each polymer studied-PE, PET, PCL, and cellulose, considering total 
conversion to methane, calculated as described in section 5.1.4 

Polymer 
Moles CH4 
produced 

Polymer 
weight (g) 

Polymer 
molar mass 

(g/mol) 

Moles of 
polymer in 
the vials 

(mol) 

Theoretical CH4 
(mmol)/0,0652g 

plastic 

PE powder 1,5 0,0672 28 0,0024 3,60 

PE film 1,5 0,0641 28 0,0023 3,43 

PET powder 5 0,067 192 0,0003 1,74 

PET film 5 0,0627 192 0,0003 1,63 

PCL powder 3,75 0,0678 114 0,0006 2,23 

PCL film 3,75 0,0638 114 0,0006 2,10 

Cellulose powder 3 0,0672 162,14 0,0004 1,24 

Cellulose film 3 0,0649 162,14 0,0004 1,20 

 

 

 

𝑪𝟔𝑯𝟏𝟎𝑶𝟓 + 𝟏𝑯𝟐𝑶 → 𝟑𝑪𝑶𝟐 + 𝟑𝑪𝑯𝟒 

𝟒𝑪𝟔𝑯𝟏𝟎𝑶𝟐 + 𝟏𝟎𝑯𝟐𝑶 → 𝟗𝑪𝑶𝟐 + 𝟏𝟓𝑪𝑯𝟒 

𝑪𝟏𝟎𝑯𝟖𝑶𝟒 + 𝟔𝑯𝟐𝑶 → 𝟓𝑪𝑶𝟐 + 𝟓𝑪𝑯𝟒 

𝟐𝑪𝟐𝑯𝟒 + 𝟐𝑯𝟐𝑶 → 𝑪𝑶𝟐 + 𝟑𝑪𝑯𝟒 



167 
 

Table A2.6: Determination of the number of moles of oxygen consumed per mol of polymer (PE, PET, PCL and cellulose) 

Polymer Equation of polymer consumption of oxygen 

Moles of O2 

consumed 
from 1 mol of 

polymer 

PE 

 

3 

PET 

 

10 

PCL  7,5 

Cellulose 

 

6 

 

Table A2.7: Calculation of the theoretical oxygen consumption of each polymer studied-PE, PET, PCL, and cellulose, considering total 
consumption of oxygen, calculated as described in section 5.1.4 

Polymers 
Moles of O2 
consumed 

Polymer 
weight (g) 

Polymer 
molar mass 

(g/mol) 

Moles of 
plastic in 
the vials 

Theoretical O2 
(mmol)/0,0652g 

plastic 

PE powder 3 0,0673 28 0,0024 7,21 

PE film 3 0,0641 28 0,0023 6,87 

PET powder 10 0,067 192 0,0003 3,49 

PET film 10 0,0635 192 0,0003 3,31 

PCL powder 7,5 0,0664 114 0,0006 4,37 

PCL film 7,5 0,0638 114 0,0006 4,20 

Cellulose 6 0,0672 162,14 0,0004 2,49 

 

Appendix 3- Results of the experiments with leachate as inoculum 

3.1- First anaerobic experiment 

Table A3.1: Values of the mass of the cleaned muffle filters, after addition of the biomass, after overnight incubation at 105℃, and after 

incubation at 550℃, and respective standard deviation. Values of the resulting VSS for each sample, the average value for the first 
anaerobic assay and corresponding standard deviation, the volume necessary to obtain 3g/L VSS and the real value of VSS used in this 

work 

Samples 
Filter 

mass (g) 

Mass after 
incubation 
at 105℃ 

(g) 

Mass after 
incubation 
at 550℃ 

(g) 

VSS 
(g/L) 

Average VSS 
(g/L) 

Volume to 
3 g/L VSS 

(mL) 

Real value of 
VSS in 1,5 mL 

(g/L) 

1 
2,59 ± 
0,0001 

2,59 ± 
0,0001 

2,59 ± 
0,0001 

7,20 

7,67 ± 0,411 4,9 0,92 2 
2,63 ± 
0,0001 

2,64 ± 
0,0001 

2,63 ± 
0,0001 

7,60 

3 
2,60 ± 
0,0001 

2,60 ± 
0,0001 

2,60 ± 
0,0001 

8,2 

𝑪𝟔𝑯𝟏𝟎𝑶𝟐 + 𝟕, 𝟓𝑶𝟐 → 𝟔𝑪𝑶𝟐 + 𝟓𝑯𝟐𝑶 

𝑪𝟏𝟎𝑯𝟖𝑶𝟒 + 𝟏𝟎𝑶𝟐 → 𝟏𝟎𝑪𝑶𝟐 + 𝟒𝑯𝟐𝑶 

𝑪𝟐𝑯𝟒 + 𝟑𝑶𝟐 → 𝟐𝑪𝑶𝟐 + 𝟐𝑯𝟐𝑶 

𝑪𝟔𝑯𝟏𝟎𝑶𝟓 + 𝟔𝑶𝟐 → 𝟔𝑪𝑶𝟐 + 𝟓𝑯𝟐𝑶 
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Figure A3.1: Methane production curves of the first anaerobic experiment, for 180 days of incubations. Average values of the PE, PET, 
PCL, PHB/PBAT; cellulose, VFA and blank assays, and respective standard deviations. 

 

Table A3.2: Wave numbers for the different FTIR peaks observed for PE, respective type of bond and functional group. Adapted from 
Montazer et al. (2020) 

Wave number (cm-1) Bond Functional group 

3000-2850 -C-H stretch Alkanes 

2850-2695 H-C= O: C-H stretch Aldehyde 

1710-1665 -C=O stretch Ketones, aldehyde 

1470-1450 -C-H bend Alkanes 

1320-1000 -C-O stretch 
Alcohol, carboxylic acid, 

esters, ethers 

1000-650 =C-H bond Alkenes 
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Figure A3.2: SEM images of the PE film that was not subjected to biodegradation (A, B, C, D and E) and that was used in the 

biodegradability assays (F, G, H, I, J and K) in different magnifications. A) side A of the original film with 100x magnification; B) side A of the 

original film with 100 x magnification; C) side A of the original film with 5000x magnification; D) side B of the original film with 100x 

magnification; E) side B of the original film with 1000x magnification; F) side A of the tested film with 100x magnification; G) side B of the 

tested film with 100x magnification; H) side B of the tested film with 1000x magnification; I) side B of the tested film with 5000x magnification; 

J) side B of the tested film with 1000x magnification. 

 

A B C 

D E 

F G 

H I J 
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3.2- Second anaerobic experiment 

Table A3.3: Values of the mass of the cleaned muffle filters, after addition of the biomass, after overnight incubation at 105℃, and after 
incubation at 550℃, and respective standard deviation. Values of the resulting VSS for each sample, the average value for the first 

anaerobic assay and corresponding standard deviation, the volume necessary to obtain 3 g/L VSS and the real value of VSS used in this 
work 

Sample 
Filter 

mass (g) 

Mass after 
incubation 
at 105℃ 

(g) 

Mass after 
incubation at 
550℃ (g) 

VSS 
(g/L) 

Average VSS 
(g/L) 

Volume to 
3 g/L VSS 

(mL) 

Real value of 
VSS in 

1,5 mL (g/L) 

1 
2,56 ± 
0,0001 

2,59 ± 
0,0001 

2,57 ± 
0,0001 

45,00 

45,60 ± 0,43 3,23 1,40 2 
2,55 ± 
0,0001 

2,58 ± 
0,0001 

2,56 ± 
0,0001 

46,00 

3 
2,60 ± 
0,0001 

2,64 ± 
0,0001 

2,62 ± 
0,0001 

45,8 

 

 

Figure A3.3: Methane production curves from the second anaerobic experiment, for 140 days of incubations. Average values of the PE, 
PET, PCL, cellulose, and blank assays, in film and powder, and respective standard deviation. 

0

10

20

30

40

50

60

0 20 40 60 80 100 120 140

C
H

4
pr

od
uc

tio
n 

(m
M

)

Time (days)

PE film PET film PCL film
Cellulose film PE powder PET powder
PCL powder Cellulose powder Blank



171 
 

 

Figure A3.4: PE film observed floating at the surface of the anaerobic growth medium 

 

Figure A3.5: Anaerobic assays with PE (on the left) and PET (on the right) films duplicates 

3.3- Aerobic experiment 

Table A3.4: Values of the mass of the cleaned muffle filters, after addition of the biomass, after overnight incubation at 105℃, 

and after incubation at 550℃, and respective standard deviation. Values of the resulting VSS for each sample, the average value for the 

first anaerobic assay and corresponding standard deviation, the volume necessary to obtain 3 g/L VSS and the real value of VSS used in 

this work 

Samples Filter mass (g) 
Mass after 

incubation at 
105℃ (g) 

Mass after 
incubation at 
550℃ (g) 

VSS (g/L) 
Average VSS 

(g/L) 

Volume to 
3 g/L VSS 

(mL) 

Real value 
of VSS in 
1,5 mL 
(g/L) 

1 2,59 ± 0,0001 2,61 ± 0,0001 2,60 ± 0,0001 30,20 
30,20 ± 

0,33 
4,9 0,92 2 2,59 ± 0,0001 2,61 ± 0,0001 2,60 ± 0,0001 29,80 

3 2,61 ± 0,0001 2,63 ± 0,0001 2,61 ± 0,0001 30,60 
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Figure A3.6: Aerobic biodegradability results of the samples with films and powder, for the 120 days of incubation. 

Table A3.5: Biodegradation percentages of the three replicas of PCL in film from the aerobic experiment 

PCL film 
replica 

Biodegradation 
(%) 

Replica 1 28,8 

Replica 2 62,7 

Replica 3 111,2 

 

 

FigureA3.7: Vials with PE powder from the aerobic incubation. Attachment of the powder to the walls, and deposition of the biomass t the 
bottom of the vials 
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Figure A3.8: Aerobic assays triplicates with powder: with cellulose (on the left) and with PCL (on the right). Visible darkening of the growth 
medium. 

Appendix 4- Krona plots from the sequencing of the aerobic and anaerobic PCL samples, 

and leachate inoculum, and table with relative abundance of each microorganism in the 

three samples 

 

FigureA4.1: Relative abundance of the organisms from the PCL incubation performed under aerobic conditions, represented in a krona 
plot. 
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Figure A4.2: Relative abundance of the organisms from the PCL incubation performed under anaerobic conditions, represented in a krona 
plot. 

 

Figure A4.3: Relative abundance of the organisms from the leachate inoculum, represented in a krona plot. 
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Table A4.1: Relative abundance of identified microorganisms assigned to Archaea domain in the PCL powder aerobic and anaerobic 
sample, as well as and in the inoculum 

 

Table A4.2: Relative abundance of identified microorganisms assigned to Bacteria domain in the PCL powder aerobic and anaerobic 
sample, as well as and in the inoculum 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Actinobacteria Actinobaculum Actinobaculum sp. 0,0000 0,0000 0,0027 

Actinobacteria Actinomadura Actinomadura sp. 0,0018 0,0000 0,0034 

Actinobacteria Actinomyces Actinomyces sp. 0,0000 0,0165 0,0185 

Actinobacteria Actinopolymorpha Actinopolymorpha sp. 0,0012 0,0000 0,0027 

Actinobacteria Aeromicrobium Aeromicrobium sp. 0,0000 0,0057 0,0199 

Actinobacteria Agreia Agreia sp. 0,0000 0,0057 0,0233 

Actinobacteria Agromyces Agromyces sp. 0,0000 0,0000 0,0014 

Actinobacteria Alloscardovia Alloscardovia sp. 0,0000 0,0021 0,0055 

Actinobacteria Arthrobacter Arthrobacter sp. 0,0000 0,0050 0,0164 

Actinobacteria Bifidobacterium 
Bifidobacterium 

adolescentis 
0,0024 0,0100 0,0137 

Actinobacteria Bifidobacterium Bifidobacterium animalis 0,0000 0,0014 0,0014 

Actinobacteria Bifidobacterium Bifidobacterium callitrichos 0,0000 0,0000 0,0027 

Actinobacteria Bifidobacterium 
Bifidobacterium 

mongoliense 
0,0024 0,0208 0,0089 

Actinobacteria Bifidobacterium 
Bifidobacterium 
pseudolongum 

0,0018 0,0079 0,0021 

Actinobacteria Brevibacterium Brevibacterium sp. 0,0000 0,0000 0,0041 

Actinobacteria Cellulomonas Cellulomonas sp. 0,0000 0,0136 0,0500 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Crenarchaeota Unclassified Unclassified 0,0000 0,0029 0,0000 

Crenarchaeota Unclassified Unclassified 0,0018 0,0043 0,0000 

Euryarchaeota Methanobacterium Methanobacterium sp. 0,0029 0,0179 0,0439 

Euryarchaeota Methanobrevibacter Methanobrevibacter smithii 0,0000 0,0000 0,0027 

Euryarchaeota Methanobrevibacter Methanobrevibacter sp. 0,0000 0,0029 0,0137 

Euryarchaeota Methanothermobacter Methanothermobacter sp. 0,0318 20,7941 0,0082 

Euryarchaeota Methanocorpusculum 
Methanocorpusculum 

sinense 
0,0000 0,0000 0,0062 

Euryarchaeota Methanoculleus Methanoculleus sp. 0,0253 0,1353 0,0816 

Euryarchaeota Methanoculleus 
Methanoculleus 
thermophilus 

0,0065 0,0437 0,0014 

Euryarchaeota Methanofollis Methanofollis formosanus 0,0006 0,0093 0,0110 

Euryarchaeota Methanosaeta Methanosaeta sp. 0,0000 1,0857 0,0000 

Euryarchaeota Methanosarcina Methanosarcina sp. 0,0000 0,4530 0,0048 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Actinobacteria Collinsella Collinsella aerofaciens 0,0000 0,0000 0,0117 

Actinobacteria Collinsella Collinsella intestinalis 0,0000 0,0000 0,0014 

Actinobacteria Conexibacter Conexibacter sp. 0,0513 0,0029 0,0144 

Actinobacteria Corynebacterium 
Corynebacterium 

humireducens 
0,0000 0,0086 0,0048 

Actinobacteria Corynebacterium Corynebacterium sp. 0,0018 0,0651 0,0432 

Actinobacteria Dietzia Dietzia maris 0,0047 0,0179 0,0445 

Actinobacteria Dietzia Dietzia sp. 0,0012 0,0064 0,0103 

Actinobacteria Eggerthella Eggerthella sinensis 0,0000 0,0021 0,0069 

Actinobacteria Eggerthella Eggerthella sp. 0,0000 0,0021 0,0123 

Actinobacteria Flaviflexus Flaviflexus salsibiostraticola 0,0000 0,0036 0,0226 

Actinobacteria Frondihabitans Frondihabitans sp. 0,0041 0,0544 0,1069 

Actinobacteria Gulosibacter 
Gulosibacter 

chungangensis 
0,0006 0,0057 0,0075 

Actinobacteria Leifsonia Leifsonia sp. 0,0000 0,0057 0,0343 

Actinobacteria Leucobacter Leucobacter aridicollis 0,0006 0,0279 0,1323 

Actinobacteria Leucobacter Leucobacter komagatae 0,0000 0,0093 0,0055 

Actinobacteria Leucobacter Leucobacter sp. 0,1132 1,4450 3,8470 

Actinobacteria Microbacterium Microbacterium sp. 0,0000 0,0043 0,0055 

Actinobacteria Microbispora Microbispora sp. 0,0047 0,0000 0,0000 

Actinobacteria Mycobacterium Mycobacterium hassiacum 0,0006 0,0000 0,0027 

Actinobacteria Mycobacterium 
Mycobacterium 

parascrofulaceum 
0,0000 0,0100 0,0096 

Actinobacteria Mycobacterium 
Mycobacterium 
thermoresistibile 

0,0041 0,0129 0,0199 

Actinobacteria Neoscardovia Neoscardovia arbecensis 0,0000 0,0014 0,0069 

Actinobacteria Nocardioides Nocardioides sp. 0,0000 0,0000 0,0055 

Actinobacteria Olsenella Olsenella sp. 0,0000 0,0000 0,0034 

Actinobacteria Patulibacter Patulibacter minatonensis 0,0000 0,0007 0,0021 

Actinobacteria Phycicoccus Phycicoccus dokdonensis 0,0006 0,0000 0,0014 

Actinobacteria Pseudoclavibacter 
Pseudoclavibacter 

chungangensis 
0,0077 0,1116 0,2508 

Actinobacteria Pseudoclavibacter Pseudoclavibacter helvolus 0,0000 0,0072 0,0206 

Actinobacteria Rhodococcus Rhodococcus sp. 0,0000 0,0029 0,0000 

Actinobacteria Rubrobacter Rubrobacter sp. 0,0000 0,0029 0,0034 

Actinobacteria Senegalimassilia Senegalimassilia anaerobia 0,0000 0,0029 0,0007 

Actinobacteria Solirubrobacter Solirubrobacter sp. 0,0000 0,0000 0,0014 

Actinobacteria Sphaerisporangium Sphaerisporangium sp. 0,0012 0,0000 0,0014 

Actinobacteria Streptomyces Streptomyces sp. 0,0047 0,0143 0,0404 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Actinobacteria Thermobifida Thermobifida fusca 0,0000 0,0014 0,0021 

Actinobacteria Timonella Timonella senegalensis 0,0000 0,0000 0,0343 

Actinobacteria Tomitella Tomitella biformata 0,0000 0,0000 0,0034 

Actinobacteria Unclassified Unclassified 0,0000 0,0050 0,0014 

Actinobacteria Unclassified Unclassified 1,3766 0,0415 0,0740 

Actinobacteria Unclassified Unclassified 0,0000 0,0250 0,1302 

Actinobacteria Unclassified Unclassified 0,0808 0,0000 0,0048 

Actinobacteria Unclassified Unclassified 0,0000 0,0050 0,0377 

Actinobacteria Yaniella Yaniella sp. 0,0006 0,0057 0,0069 

Bacteroidetes Alkaliflexus Alkaliflexus sp. 0,0000 0,0000 0,0912 

Bacteroidetes Alkalitalea Alkalitalea sp. 0,0000 0,0000 0,0055 

Bacteroidetes Bacteroides Bacteroides sp. 0,0000 0,0000 0,0240 

Bacteroidetes Balneola Balneola sp. 0,0000 0,0000 0,0027 

Bacteroidetes Brumimicrobium Brumimicrobium sp. 0,0000 0,0000 0,0055 

Bacteroidetes Cytophaga Cytophaga sp. 0,0000 0,0000 0,2385 

Bacteroidetes Fermentimonas Fermentimonas caenicola 0,0000 0,0386 0,1542 

Bacteroidetes Flavobacterium Flavobacterium sp. 0,0000 0,0000 0,0021 

Bacteroidetes Flavobacterium 
Flavobacterium 
ummariense 

0,0000 0,0000 0,0062 

Bacteroidetes Gelidibacter Gelidibacter mesophilus 0,0000 0,0000 0,0055 

Bacteroidetes Lutibacter Lutibacter sp. 0,0000 0,0000 0,0021 

Bacteroidetes Mariniphaga Mariniphaga anaerophila 0,0000 0,0029 0,2001 

Bacteroidetes Marixanthomonas Marixanthomonas sp. 0,0000 0,0000 0,0027 

Bacteroidetes Paludibacter Paludibacter sp. 0,0000 0,0000 0,0267 

Bacteroidetes Petrimonas Petrimonas sp. 0,0000 0,1396 0,9534 

Bacteroidetes Porphyromonas Porphyromonas sp. 0,0000 0,0072 0,0247 

Bacteroidetes Prevotella Prevotella paludivivens 0,0000 0,0000 0,0027 

Bacteroidetes Proteiniphilum Proteiniphilum sp. 0,0000 0,0200 0,0404 

Bacteroidetes Taibaiella Taibaiella sp. 0,0000 0,0000 0,0096 

Bacteroidetes Unclassified Unclassified 0,0000 0,0429 0,4071 

Bacteroidetes Unclassified Unclassified 0,0000 0,0000 0,0768 

Bacteroidetes Unclassified Unclassified 0,0000 0,0379 0,4852 

Candidatus 
Atribacteria 

Unclassified Unclassified 0,0077 0,0952 0,1282 

Chloroflexi Bellilinea Bellilinea sp. 0,0000 0,0265 0,0233 

Chloroflexi Dehalococcoides Dehalococcoides sp. 0,0000 0,0072 0,0000 

Chloroflexi Levilinea Levilinea sp. 0,1391 0,0000 0,0000 

Chloroflexi Sphaerobacter Sphaerobacter sp. 0,0000 0,0021 0,0048 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Chloroflexi Sphaerobacter 
Sphaerobacter 
thermophilus 

0,2246 0,0014 0,0000 

Chloroflexi Thermomicrobium Thermomicrobium sp. 0,0000 0,0014 0,0000 

Chloroflexi Unclassified Unclassified 0,0000 0,0014 0,0021 

Chloroflexi Unclassified Unclassified 0,0000 0,0000 0,0027 

Chloroflexi Unclassified Unclassified 0,0000 0,0000 0,0014 

Cyanobacteria Tychonema Tychonema sp. 0,0000 0,0000 0,0034 

Deferribacteres Deferribacter Deferribacter sp. 0,0000 0,0050 0,0055 

Deferribacteres Unclassified Unclassified 0,0000 0,0029 0,0000 

Deinococcus-
Thermus 

Deinococcus Deinococcus sp. 0,0000 0,0029 0,0439 

Deinococcus-
Thermus 

Unclassified Unclassified 0,0000 0,0086 0,0247 

Elusimicrobia Unclassified Unclassified 0,0000 0,0709 0,0000 

Fibrobacteres Fibrobacter Fibrobacter sp. 0,0000 0,0000 0,0062 

Firmicutes Acetivibrio Acetivibrio sp. 0,0141 0,0909 0,4092 

Firmicutes Acetobacterium Acetobacterium sp. 0,0000 0,0000 0,0027 

Firmicutes Acetobacterium Acetobacterium woodii 0,0000 0,0036 0,0713 

Firmicutes Acidaminococcus 
Acidaminococcus 

fermentans 
0,0000 0,0021 0,0041 

Firmicutes Acidaminococcus Acidaminococcus intestini 0,0000 0,0000 0,0041 

Firmicutes Acidaminococcus Acidaminococcus sp. 0,0000 0,0000 0,0164 

Firmicutes Aeribacillus Aeribacillus pallidus 0,0637 0,0007 0,0000 

Firmicutes Alkalibacter Alkalibacter sp. 0,0000 0,0072 0,0192 

Firmicutes Alkalibacterium 
Alkalibacterium 
putridalgicola 

0,0000 0,0050 0,0055 

Firmicutes Alkaliphilus Alkaliphilus halophilus 0,0094 0,0544 0,8787 

Firmicutes Alkaliphilus Alkaliphilus oremlandii 0,0041 0,0250 0,0473 

Firmicutes Alkaliphilus Alkaliphilus sp. 0,0000 0,0014 0,3859 

Firmicutes Amphibacillus Amphibacillus sp. 0,0000 0,0000 0,0411 

Firmicutes Anaeroarcus Anaeroarcus sp. 0,0000 0,0000 0,0164 

Firmicutes Anaerobranca Anaerobranca gottschalkii 0,0000 0,0000 0,0356 

Firmicutes Anaerobranca Anaerobranca horikoshii 0,0012 0,0014 0,0000 

Firmicutes Anaerofilum Anaerofilum sp. 0,0000 0,0000 0,0034 

Firmicutes Anaerofustis Anaerofustis sp. 0,0000 0,0014 0,0000 

Firmicutes Anaerosalibacter 
Anaerosalibacter 

bizertensis 
0,0047 0,0265 0,0089 

Firmicutes Anaerovirgula Anaerovirgula sp. 0,0000 0,0007 0,0048 

Firmicutes Anaerovorax Anaerovorax sp. 0,0000 0,0000 0,1892 

Firmicutes Aneurinibacillus 
Aneurinibacillus 

thermoaerophilus 
0,0200 0,0000 0,0000 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Firmicutes Atopostipes Atopostipes sp. 0,0000 0,0000 0,0021 

Firmicutes Bacillus Bacillus horti 0,0000 0,0036 0,0000 

Firmicutes Bacillus Bacillus infernus 0,2965 0,0029 0,0007 

Firmicutes Bacillus Bacillus jeotgali 0,1362 0,0014 0,0000 

Firmicutes Bacillus Bacillus pervagus 0,0000 0,0029 0,0000 

Firmicutes Bacillus Bacillus sp. 3,0072 0,1439 0,2940 

Firmicutes Bacillus Bacillus subtilis 0,0012 0,0193 0,0075 

Firmicutes Bacillus 
Bacillus 

thermoamylovorans 
0,0006 0,0029 0,0014 

Firmicutes Blautia Blautia obeum 0,0000 0,0000 0,0021 

Firmicutes Brevibacillus Brevibacillus thermoruber 0,8814 0,0000 0,0000 

Firmicutes Butyrivibrio Butyrivibrio sp. 0,0000 0,0000 0,0027 

Firmicutes Caldibacillus Caldibacillus debilis 0,0053 0,0000 0,0000 

Firmicutes Caldinitratiruptor 
Caldinitratiruptor 
microaerophilus 

0,0159 0,0000 0,0000 

Firmicutes Calditerricola Calditerricola sp. 0,0024 0,0000 0,0000 

Firmicutes Caloramator Caloramator sp. 0,0024 10,9871 0,0000 

Firmicutes 
Candidatus 

Contubernalis 
Candidatus Contubernalis 

alkalaceticum 
0,0000 0,0000 0,0021 

Firmicutes Candidatus Desulforudis 
Candidatus Desulforudis 

audaxviator 
0,0059 0,0215 0,0089 

Firmicutes Candidatus Soleaferrea 
Candidatus Soleaferrea 

massiliensis 
0,0000 0,0000 0,0096 

Firmicutes Carboxydocella Carboxydocella sp. 0,0000 0,0043 0,0000 

Firmicutes Catabacter Catabacter hongkongensis 0,0000 0,0000 0,0021 

Firmicutes Clostridiisalibacter Clostridiisalibacter sp. 0,0366 0,0680 0,0267 

Firmicutes Clostridium Clostridium acetireducens 0,0035 0,0000 0,0000 

Firmicutes Clostridium Clostridium botulinum 0,0035 0,0172 0,0041 

Firmicutes Clostridium Clostridium halophilum 0,0896 0,0064 0,0007 

Firmicutes Clostridium Clostridium novyi 0,0000 0,0014 0,0000 

Firmicutes Clostridium Clostridium sp. 0,2352 1,0320 0,9280 

Firmicutes Clostridium 
Clostridium 

thermopalmarium 
0,0006 0,0050 0,0021 

Firmicutes Cohnella Cohnella laeviribosi 0,0908 0,0000 0,0000 

Firmicutes Cohnella Cohnella sp. 0,0501 0,0000 0,0000 

Firmicutes Compostibacillus Compostibacillus humi 0,0000 0,0072 0,0007 

Firmicutes Coprothermobacter Coprothermobacter sp. 10,8179 6,7296 0,0014 

Firmicutes Cryptanaerobacter 
Cryptanaerobacter 

phenolicus 
0,0000 0,0057 0,0096 

Firmicutes Dehalobacter Dehalobacter sp. 0,0513 0,0000 0,0836 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Firmicutes Dehalobacterium 
Dehalobacterium 
formicoaceticum 

0,0000 0,0000 0,0048 

Firmicutes Dehalobacterium Dehalobacterium sp. 0,0029 0,0208 0,1336 

Firmicutes Desulfitibacter 
Desulfitibacter 
alkalitolerans 

0,0000 0,0000 0,0274 

Firmicutes Desulfitobacterium 
Desulfitobacterium 
dichloroeliminans 

0,0000 0,0014 0,0021 

Firmicutes Desulfitobacterium Desulfitobacterium sp. 0,0018 0,0000 0,0000 

Firmicutes Desulfonispora Desulfonispora sp. 0,0000 0,0050 0,0555 

Firmicutes Desulfonispora 
Desulfonispora 
thiosulfatigenes 

0,0000 0,0000 0,0432 

Firmicutes Desulfonispora Desulfonosporus sp. 0,0000 0,0150 0,0274 

Firmicutes Desulfosporosinus Desulfosporosinus sp. 0,0018 0,0021 0,0192 

Firmicutes Desulfotomaculum Desulfotomaculum defluvii 0,0000 0,0000 0,0027 

Firmicutes Desulfotomaculum Desulfotomaculum peckii 0,0024 0,0036 0,0034 

Firmicutes Desulfotomaculum Desulfotomaculum sp. 0,0035 0,0208 0,0082 

Firmicutes Desulfotomaculum 
Desulfotomaculum 
thermobenzoicum 

0,0454 0,0000 0,0000 

Firmicutes Desulfotomaculum 
Desulfotomaculum 
thermocisternum 

0,0024 0,0000 0,0000 

Firmicutes Dethiobacter Dethiobacter alkaliphilus 0,0018 0,0079 0,0007 

Firmicutes Enterococcus Enterococcus casseliflavus 0,0006 0,0036 0,0014 

Firmicutes Enterococcus Enterococcus sp. 0,0012 0,0100 0,1069 

Firmicutes Ercella Ercella succinigenes 0,0000 0,0029 0,0473 

Firmicutes Erysipelothrix Erysipelothrix rhusiopathiae 0,0000 0,0021 0,0027 

Firmicutes Erysipelothrix Erysipelothrix sp. 0,0000 0,0208 0,0144 

Firmicutes Ethanoligenens Ethanoligenens sp. 0,0000 0,0000 0,0048 

Firmicutes Eubacterium 
Eubacterium 

coprostanoligenes 
0,0000 0,0000 0,0014 

Firmicutes Eubacterium Eubacterium sp. 0,0041 0,0043 0,0713 

Firmicutes Exiguobacterium Exiguobacterium sp. 0,0000 0,0000 0,0021 

Firmicutes Facklamia Facklamia sp. 0,0000 0,0100 0,0137 

Firmicutes Garciella Garciella sp. 0,0018 0,0129 0,0445 

Firmicutes Gelria Gelria sp. 0,0071 0,0143 0,0000 

Firmicutes Geobacillus 
Geobacillus 

caldoxylosilyticus 
0,0024 0,0000 0,0000 

Firmicutes Geobacillus Geobacillus sp. 0,7870 0,0014 0,0000 

Firmicutes Geobacillus 
Geobacillus 

stearothermophilus 
0,0236 0,0000 0,0000 

Firmicutes Geobacillus 
Geobacillus 

thermodenitrificans 
0,0713 0,0043 0,0034 

Firmicutes Gracilibacter Gracilibacter sp. 0,0000 0,0000 0,0014 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Firmicutes Herbinix Herbinix hemicellulosilytica 0,0012 0,0007 0,0000 

Firmicutes Herbinix Herbinix sp. 0,0012 0,0107 0,0103 

Firmicutes Hespellia Hespellia porcina 0,0000 0,0029 0,0007 

Firmicutes Hespellia Hespellia sp. 0,0000 0,0036 0,0034 

Firmicutes Hydrogenibacillus Hydrogenibacillus schlegelii 0,1002 0,0000 0,0014 

Firmicutes Keratinibaculum 
Keratinibaculum 
paraultunense 

0,0059 0,0372 0,0123 

Firmicutes Kroppenstedtia Kroppenstedtia eburnea 0,0000 0,0021 0,0014 

Firmicutes Lachnoclostridium Clostridium fimetarium 0,0000 0,0000 0,0021 

Firmicutes Lachnoclostridium 
Clostridium 

saccharolyticum 
0,0000 0,0014 0,0000 

Firmicutes Lactobacillus Lactobacillus acidipiscis 0,0012 0,0043 0,0000 

Firmicutes Lactobacillus Lactobacillus algidus 0,0000 0,0021 0,0014 

Firmicutes Lactobacillus 
Lactobacillus 

amylotrophicus 
0,0000 0,0029 0,0158 

Firmicutes Lactobacillus Lactobacillus casei 0,0000 0,0107 0,0370 

Firmicutes Lactobacillus Lactobacillus concavus 0,0000 0,0007 0,0151 

Firmicutes Lactobacillus Lactobacillus coryniformis 0,0000 0,0229 0,1234 

Firmicutes Lactobacillus Lactobacillus harbinensis 0,0000 0,0064 0,0110 

Firmicutes Lactobacillus Lactobacillus helveticus 0,0000 0,0036 0,0048 

Firmicutes Lactobacillus Lactobacillus insicii 0,0000 0,0000 0,0027 

Firmicutes Lactobacillus Lactobacillus kefiri 0,0000 0,0157 0,0151 

Firmicutes Lactobacillus Lactobacillus nenjiangensis 0,0018 0,0043 0,2591 

Firmicutes Lactobacillus Lactobacillus nodensis 0,0000 0,0000 0,0493 

Firmicutes Lactobacillus Lactobacillus parabrevis 0,0377 1,0971 0,5387 

Firmicutes Lactobacillus Lactobacillus sakei 0,0029 0,0351 0,3173 

Firmicutes Lactobacillus 
Lactobacillus 

sanfranciscensis 
0,0000 0,0258 0,2234 

Firmicutes Lactobacillus Lactobacillus sp. 0,0000 0,0615 0,6251 

Firmicutes Lactobacillus Lactobacillus zymae 0,0006 0,0072 0,0014 

Firmicutes Lactococcus Lactococcus lactis 0,0000 0,0000 0,0082 

Firmicutes Lactococcus Lactococcus sp. 0,0000 0,0000 0,0151 

Firmicutes Leuconostoc Leuconostoc fallax 0,0000 0,0029 0,0000 

Firmicutes Leuconostoc Leuconostoc kimchii 0,0000 0,0072 0,0158 

Firmicutes Leuconostoc Leuconostoc lactis 0,0047 0,0429 0,0576 

Firmicutes Lutisp.ora Lutisp.ora sp. 0,0000 0,0014 0,0315 

Firmicutes Lutispora Lutispora thermophila 0,1816 0,1224 0,0014 

Firmicutes Megasphaera 
Megasphaera 

micronuciformis 
0,0000 0,0000 0,0034 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Firmicutes Megasphaera Megasphaera paucivorans 0,0000 0,0021 0,0027 

Firmicutes Megasphaera Megasphaera sp. 0,0000 0,0000 0,0055 

Firmicutes Moorella Moorella glycerini 0,0018 0,0000 0,0007 

Firmicutes Moorella Moorella sp. 0,0000 0,0064 0,0000 

Firmicutes Natronoanaerobium Natronoanaerobium sp. 0,0707 0,8932 0,1823 

Firmicutes Oceanobacillus Oceanobacillus luteolus 0,0000 0,0014 0,0027 

Firmicutes Oceanobacillus Oceanobacillus polygoni 0,0000 0,0000 0,0027 

Firmicutes Oceanobacillus Oceanobacillus sp. 0,0006 0,0007 0,0021 

Firmicutes Ornithinibacillus Ornithinibacillus sp. 0,0018 0,0029 0,0014 

Firmicutes Oxobacter Oxobacter sp. 0,0000 0,0000 0,0014 

Firmicutes Paenibacillus Paenibacillus sp. 0,0707 0,0279 0,0117 

Firmicutes Papillibacter Papillibacter sp. 0,0000 0,0000 0,0110 

Firmicutes Pediococcus Pediococcus parvulus 0,0012 0,0029 0,0069 

Firmicutes Pelospora Pelospora sp. 0,0000 0,0007 0,0055 

Firmicutes Planifilum Planifilum fulgidum 0,0083 0,0136 0,0014 

Firmicutes Planifilum Planifilum sp. 0,0024 0,0029 0,0021 

Firmicutes Planococcus Planococcus sp. 0,0065 0,0165 0,0123 

Firmicutes Propionispira Propionispira arcuata 0,0000 0,0000 0,0096 

Firmicutes Proteiniborus Proteiniborus sp. 0,0112 0,3099 0,0062 

Firmicutes Pseudogracilibacillus Pseudogracilibacillus sp. 0,0000 0,0000 0,0041 

Firmicutes Roseburia Roseburia sp. 0,0000 0,0000 0,0014 

Firmicutes Ruminiclostridium Clostridium cellulosi 0,0000 0,0122 0,0034 

Firmicutes Ruminiclostridium Clostridium hungatei 0,0006 0,0057 0,0021 

Firmicutes Ruminiclostridium Clostridium stercorarium 0,0065 0,0000 0,0069 

Firmicutes Ruminococcus Ruminococcus bromii 0,0000 0,0072 0,0027 

Firmicutes Ruminococcus Ruminococcus flavefaciens 0,0006 0,0007 0,0007 

Firmicutes Ruminococcus Ruminococcus sp. 0,0012 0,0107 0,0027 

Firmicutes Rummeliibacillus Rummeliibacillus pycnus 0,0018 0,0007 0,0048 

Firmicutes Schwartzia Schwartzia sp. 0,0000 0,0000 0,2145 

Firmicutes Sedimentibacter Sedimentibacter sp. 0,0000 0,0000 0,0103 

Firmicutes Selenomonas Selenomonas sp. 0,0000 0,0014 0,0391 

Firmicutes Soehngenia Soehngenia sp. 0,0000 0,0000 0,1782 

Firmicutes Sporanaerobacter 
Sporanaerobacter 

acetigenes 
0,0041 0,0079 0,0027 

Firmicutes Sporanaerobacter Sporanaerobacter sp. 0,0448 0,1861 0,0329 

Firmicutes Sporobacter Sporobacter termitidis 0,0047 0,0072 0,0014 

Firmicutes Sporosarcina Sporosarcina sp. 0,0000 0,0000 0,0014 

Firmicutes Staphylococcus Staphylococcus equorum 0,0006 0,0057 0,0007 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Firmicutes Streptococcus 
Streptococcus 
thermophilus 

0,0000 0,0014 0,0000 

Firmicutes Symbiobacterium Symbiobacterium sp. 1,7981 0,5289 0,5764 

Firmicutes Symbiobacterium 
Symbiobacterium 

terraclitae 
0,5141 0,0014 0,0000 

Firmicutes Syntrophaceticus Syntrophaceticus schinkii 0,0053 0,0465 0,0658 

Firmicutes Syntrophaceticus Syntrophaceticus sp. 0,0595 0,4530 0,3269 

Firmicutes Syntrophomonas Syntrophomonas bryantii 0,0053 0,0286 0,0555 

Firmicutes Syntrophomonas Syntrophomonas sp. 0,0041 0,0250 0,0240 

Firmicutes Syntrophomonas Syntrophomonas wolfei 0,0018 0,0057 0,0014 

Firmicutes Syntrophomonas Syntrophomonas zehnderi 0,0041 0,0565 0,0233 

Firmicutes Syntrophothermus 
Syntrophothermus 

lipocalidus 
0,1550 0,0973 0,0000 

Firmicutes Tepidanaerobacter 
Tepidanaerobacter 

acetatoxydans 
0,0136 0,1138 0,0432 

Firmicutes Tepidanaerobacter Tepidanaerobacter sp. 0,0106 0,0272 0,0041 

Firmicutes Tepidimicrobium Tepidimicrobium sp. 0,0065 0,0909 0,0329 

Firmicutes Thermacetogenium Thermacetogenium sp. 0,0867 0,2140 0,2611 

Firmicutes Thermaerobacter Thermaerobacter sp. 0,0472 0,0272 0,0295 

Firmicutes Thermanaeromonas Thermanaeromonas sp. 0,0000 0,0007 0,0007 

Firmicutes Thermoactinomyces 
Thermoactinomyces 

intermedius 
0,0000 0,0036 0,0021 

Firmicutes Thermoactinomyces 
Thermoactinomyces 

vulgaris 
0,0253 0,0064 0,0027 

Firmicutes Thermoanaerobacter Thermoanaerobacter kivui 0,0000 0,0000 0,0055 

Firmicutes Thermoanaerobacter 
Thermoanaerobacter 

thermocopriae 
0,0200 0,0000 0,0000 

Firmicutes Thermoanaerobacterium 
Thermoanaerobacterium 
thermosaccharolyticum 

0,0000 0,0021 0,0000 

Firmicutes Thermosyntropha Thermosyntropha lipolytica 0,0000 0,0379 0,0000 

Firmicutes Tissierella Tissierella creatinini 0,0000 0,0000 0,0034 

Firmicutes Tissierella Tissierella creatinophila 0,0000 0,0000 0,1076 

Firmicutes Tissierella Tissierella praeacuta 0,0000 0,0000 0,1241 

Firmicutes Tissierella Tissierella sp. 0,0006 0,0236 1,8587 

Firmicutes Trichococcus Trichococcus sp. 0,0006 0,0522 0,0295 

Firmicutes Turicibacter Turicibacter sp. 0,0000 0,0043 0,0034 

Firmicutes Unclassified Unclassified 0,0189 0,0179 0,0069 

Firmicutes Unclassified Unclassified 0,0000 0,0000 0,0014 

Firmicutes Unclassified Unclassified 0,0088 0,1145 0,2865 

Firmicutes Unclassified Unclassified 0,0000 0,0179 0,0014 

Firmicutes Unclassified Unclassified 0,0018 0,0179 0,1426 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Firmicutes Unclassified Unclassified 0,2995 0,0000 0,0000 

Firmicutes Unclassified Unclassified 0,0000 0,0000 0,0048 

Firmicutes Unclassified Unclassified 1,7155 0,1710 0,9904 

Firmicutes Unclassified Unclassified 0,0000 0,0100 0,0082 

Firmicutes Unclassified Unclassified 0,0106 1,2202 0,0418 

Firmicutes Unclassified Unclassified 0,0631 1,1902 1,4742 

Firmicutes Unclassified Unclassified 0,0000 0,0107 0,0123 

Firmicutes Unclassified Unclassified 0,0000 0,0057 0,0021 

Firmicutes Unclassified Unclassified 0,0012 0,0064 0,0014 

Firmicutes Unclassified Unclassified 0,2299 1,2195 1,0377 

Firmicutes Ureibacillus Ureibacillus composti 1,5175 0,0007 0,0007 

Firmicutes Ureibacillus Ureibacillus sp. 0,0130 0,0000 0,0000 

Firmicutes Ureibacillus 
Ureibacillus 

thermosphaericus 
0,1161 0,0007 0,0007 

Firmicutes Veillonella Veillonella sp. 0,0000 0,0465 0,0994 

Firmicutes Virgibacillus Virgibacillus sp. 0,0000 0,0029 0,0089 

Firmicutes Weissella Weissella confusa 0,0018 0,0072 0,0075 

Lentisphaerae Victivallis Victivallis sp. 0,0000 0,0014 0,0062 

Lentisphaerae Victivallis Victivallis vadensis 0,0000 0,0014 0,0007 

Nitrospirae Nitrospira Nitrospira sp. 0,0024 0,0057 0,0027 

Planctomycetes Thermogutta Thermogutta terrifontis 0,0000 0,0973 0,0000 

Planctomycetes Unclassified Unclassified 0,0029 0,0036 0,2138 

Proteobacteria Achromobacter Achromobacter sp. 0,0000 0,0322 0,0452 

Proteobacteria Acidovorax Acidovorax sp. 0,0006 0,0208 0,0336 

Proteobacteria Acinetobacter Acinetobacter sp. 0,0000 0,0000 0,0069 

Proteobacteria Advenella Advenella faeciporci 0,0000 0,0522 0,3023 

Proteobacteria Alcaligenes Alcaligenes faecalis 0,0000 0,0000 0,0103 

Proteobacteria Alcaligenes Alcaligenes sp. 0,0000 0,0265 0,0925 

Proteobacteria Alcanivorax Alcanivorax sp. 0,0000 0,0000 0,0192 

Proteobacteria Aliidiomarina Aliidiomarina taiwanensis 0,0000 0,0000 0,1110 

Proteobacteria Aquamicrobium Aquamicrobium segne 0,0000 0,0179 0,0117 

Proteobacteria Aquamicrobium Aquamicrobium sp. 0,0000 0,0315 0,0164 

Proteobacteria Aquamicrobium Defluvibacter sp. 0,0000 0,0021 0,0007 

Proteobacteria Arcobacter Arcobacter sp. 0,0000 0,0000 0,1412 

Proteobacteria Azoarcus Azoarcus sp. 0,0000 0,0007 0,0117 

Proteobacteria Bdellovibrio Bdellovibrio sp. 0,0366 0,0000 0,0000 

Proteobacteria Bilophila Bilophila sp. 0,0000 0,0000 0,0041 

Proteobacteria Bordetella Bordetella sp. 0,0000 0,0036 0,0089 



185 
 

Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Proteobacteria Bosea Bosea sp. 0,0000 0,0021 0,0034 

Proteobacteria Brachymonas Brachymonas denitrificans 0,0000 0,0007 0,0021 

Proteobacteria Bradyrhizobium Bradyrhizobium sp. 0,0000 0,0029 0,0062 

Proteobacteria Burkholderia Burkholderia tropica 0,0000 0,0029 0,0034 

Proteobacteria Camelimonas Camelimonas lactis 0,0000 0,0179 0,0363 

Proteobacteria 
Candidatus 

Accumulibacter 
Candidatus Accumulibacter 

sp. 
0,0094 0,0057 0,0055 

Proteobacteria Candidatus Endobugula 
Candidatus Endobugula 

glebosa 
0,0000 0,0000 0,0055 

Proteobacteria Castellaniella Castellaniella defragrans 0,0000 0,0093 0,0055 

Proteobacteria Castellaniella Castellaniella denitrificans 0,0000 0,0150 0,0130 

Proteobacteria Cellvibrio Cellvibrio sp. 0,0000 0,0000 0,0096 

Proteobacteria Chelativorans Chelativorans composti 0,0000 0,0021 0,0007 

Proteobacteria Chelatococcus Chelatococcus sp. 0,5188 0,0036 0,0000 

Proteobacteria Chromohalobacter Chromohalobacter sp. 0,0000 0,0000 0,0014 

Proteobacteria Comamonas Comamonas sp. 0,0000 0,0136 0,0171 

Proteobacteria Dechloromonas Dechloromonas sp. 0,0000 0,0000 0,0027 

Proteobacteria Desulfobacterium Desulfobacterium sp. 0,0000 0,0336 0,3914 

Proteobacteria Desulfobotulus Desulfobotulus sp. 0,0000 0,0000 0,0363 

Proteobacteria Desulfobulbus Desulfobulbus sp. 0,0000 0,0029 0,1672 

Proteobacteria Desulfomicrobium Desulfomicrobium sp. 0,0000 0,0014 0,0048 

Proteobacteria Desulfovibrio Desulfovibrio desulfuricans 0,0000 0,0000 0,0206 

Proteobacteria Desulfovibrio Desulfovibrio sp. 0,0000 0,0007 0,0219 

Proteobacteria Desulfuromonas Desulfuromonas sp. 0,0000 0,0694 2,4112 

Proteobacteria Desulfuromonas Desulfuromonas thiophila 0,0000 0,0000 0,0048 

Proteobacteria Devosia Devosia sp. 0,0000 0,0029 0,0075 

Proteobacteria Devosia Devosia terrae 0,0000 0,0079 0,0041 

Proteobacteria Diaphorobacter Diaphorobacter sp. 0,0000 0,0172 0,0226 

Proteobacteria Dyella Dyella sp. 0,0000 0,0000 0,0041 

Proteobacteria Ensifer Ensifer adhaerens 0,0000 0,0007 0,0027 

Proteobacteria Gemmobacter Gemmobacter intermedius 0,0000 0,0014 0,0034 

Proteobacteria Gemmobacter Gemmobacter sp. 0,0000 0,0057 0,0103 

Proteobacteria Halochromatium Halochromatium sp. 0,0000 0,0036 0,0082 

Proteobacteria Halomonas Halomonas sp. 0,0000 0,0000 0,0041 

Proteobacteria Halothiobacillus Halothiobacillus sp. 0,0000 0,0000 0,0117 

Proteobacteria Herminiimonas Herminiimonas sp. 0,0000 0,0050 0,0055 

Proteobacteria Hydrogenophaga Hydrogenophaga sp. 0,0000 0,0021 0,0596 

Proteobacteria Hyphomicrobium Hyphomicrobium sp. 0,0000 0,0050 0,0137 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Proteobacteria Ideonella Ideonella sp. 0,0000 0,0830 0,0994 

Proteobacteria Idiomarina Idiomarina sp. 0,0000 0,0000 0,0117 

Proteobacteria Janthinobacterium Janthinobacterium sp. 0,0000 0,0000 0,0021 

Proteobacteria Koukoulia Koukoulia aurantiaca 0,0000 0,0007 0,0007 

Proteobacteria Labrenzia Labrenzia sp. 0,0000 0,0036 0,0027 

Proteobacteria Luteimonas Luteimonas composti 0,0000 0,0000 0,0014 

Proteobacteria Luteimonas Luteimonas sp. 0,0000 0,0000 0,0034 

Proteobacteria Marinobacter Marinobacter sp. 0,0000 0,0000 0,1851 

Proteobacteria Marinospirillum Marinospirillum minutulum 0,0000 0,0029 2,3214 

Proteobacteria Marinospirillum Marinospirillum sp. 0,0000 0,0000 0,0144 

Proteobacteria Mesorhizobium Mesorhizobium sp. 0,0000 0,0236 0,0274 

Proteobacteria Methylibium Methylibium sp. 0,0000 0,0007 0,0021 

Proteobacteria Methylobacillus Methylobacillus sp. 0,0000 0,0000 0,0164 

Proteobacteria Methylobacter Methylobacter sp. 0,0000 0,0014 0,0117 

Proteobacteria Methylocaldum Methylocaldum sp. 0,0024 0,0064 0,0199 

Proteobacteria Methylococcus Methylococcus sp. 0,0024 0,0029 0,0069 

Proteobacteria Methylocystis Methylocystis sp. 0,0083 0,0200 0,0912 

Proteobacteria Methylophaga Methylophaga sp. 0,0000 0,0000 0,0096 

Proteobacteria Methylosinus 
Methylosinus 

trichosp.orium 
0,0059 0,0215 0,0761 

Proteobacteria Nitrosomonas Nitrosomonas stercoris 0,0000 0,0007 0,0014 

Proteobacteria Nitrosovibrio Nitrosovibrio sp. 0,0000 0,0057 0,0014 

Proteobacteria Ochrobactrum Ochrobactrum sp. 0,0000 0,0537 0,0322 

Proteobacteria Octadecabacter Octadecabacter sp. 0,0000 0,0544 0,1659 

Proteobacteria Oligella Oligella ureolytica 0,0000 0,0029 0,0089 

Proteobacteria Paenalcaligenes Paenalcaligenes hominis 0,0000 0,1138 1,8272 

Proteobacteria Paenochrobactrum Paenochrobactrum sp. 0,0000 0,0129 0,0089 

Proteobacteria Pandoraea Pandoraea sp. 0,0000 0,0000 0,0021 

Proteobacteria Paracoccus Paracoccus sp. 0,0000 0,1295 0,2995 

Proteobacteria Pelagibacterium Pelagibacterium sp. 0,0000 0,0036 0,0034 

Proteobacteria Pelistega Pelistega europaea 0,0000 0,0043 0,0062 

Proteobacteria Ponticoccus Ponticoccus litoralis 0,0000 0,0064 0,0247 

Proteobacteria Pseudaminobacter Pseudaminobacter defluvii 0,0006 0,0165 0,0226 

Proteobacteria Pseudaminobacter 
Pseudaminobacter 

salicylatoxidans 
0,0006 0,1596 0,1796 

Proteobacteria Pseudochrobactrum Pseudochrobactrum sp. 0,0000 0,0143 0,0110 

Proteobacteria Pseudolabrys Pseudolabrys sp. 0,0000 0,0000 0,0027 

Proteobacteria Pseudomonas Pseudomonas caeni 0,0000 0,0043 0,1535 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Proteobacteria Pseudomonas Pseudomonas sp. 0,0000 0,5453 42,8896 

Proteobacteria Pseudorhodobacter 
Pseudorhodobacter 

aquimaris 
0,0000 0,0007 0,0021 

Proteobacteria Pusillimonas Pusillimonas ginsengisoli 0,0000 0,0014 0,0034 

Proteobacteria Pusillimonas Pusillimonas sp. 0,0000 0,2519 0,8999 

Proteobacteria Rhizobium Rhizobium sp. 0,0000 0,0250 0,0281 

Proteobacteria Rhodobacter Rhodobacter sp. 0,0000 0,0050 0,0069 

Proteobacteria Roseomonas Roseomonas frigidaquae 0,0000 0,0021 0,0027 

Proteobacteria Roseovarius Roseovarius sp. 0,0000 0,0072 0,0103 

Proteobacteria Serratia Serratia marcescens 0,0000 0,0000 0,0014 

Proteobacteria Sphingopyxis Sphingopyxis ginsengisoli 0,0000 0,0000 0,0322 

Proteobacteria Sphingopyxis Sphingopyxis sp. 0,0000 0,0000 0,0014 

Proteobacteria Sphingorhabdus Sphingorhabdus litoris 0,0000 0,0000 0,0082 

Proteobacteria Stenotrophomonas Stenotrophomonas sp. 0,0000 0,0000 0,0027 

Proteobacteria Sulfurimonas Sulfurimonas denitrificans 0,0000 0,0014 0,0089 

Proteobacteria Sulfurimonas Sulfurimonas sp. 0,0000 0,0064 0,3304 

Proteobacteria Sulfurovum Sulfurovum sp. 0,0000 0,0050 0,0158 

Proteobacteria Tepidiphilus Petrobacter sp. 0,0053 0,0057 0,0075 

Proteobacteria Thauera Thauera sp. 0,0000 0,0000 0,0123 

Proteobacteria Thauera Thauera terpenica 0,0006 0,0029 0,1412 

Proteobacteria Thiomicrospira Thiomicrospira arctica 0,0000 0,0036 0,2269 

Proteobacteria Thiomicrospira Thiomicrospira chilensis 0,0000 0,0000 0,0665 

Proteobacteria Thiomicrospira Thiomicrospira sp. 0,0000 0,0086 0,0144 

Proteobacteria Thiorhodococcus Thiorhodococcus sp. 0,0000 0,0021 5,7956 

Proteobacteria Unclassified Unclassified 0,0660 0,0043 0,0000 

Proteobacteria Unclassified Unclassified 0,0000 0,0157 0,0624 

Proteobacteria Unclassified Unclassified 0,0000 0,0000 0,0014 

Proteobacteria Unclassified Unclassified 0,0000 0,1732 0,1371 

Proteobacteria Unclassified Unclassified 0,0259 0,0358 0,5819 

Proteobacteria Unclassified Unclassified 0,0000 0,0072 0,0164 

Proteobacteria Unclassified Unclassified 0,0000 0,0000 0,0041 

Proteobacteria Unclassified Unclassified 0,0000 0,0029 0,0069 

Proteobacteria Unclassified Unclassified 0,4687 0,0000 0,0000 

Proteobacteria Unclassified Unclassified 0,0000 0,0000 0,0014 

Proteobacteria Unclassified Unclassified 1,7792 0,0014 0,0027 

Proteobacteria Unclassified Unclassified 0,0000 0,0000 0,0699 

Proteobacteria Unclassified Unclassified 0,0006 0,0050 0,0110 

Proteobacteria Unclassified Unclassified 0,0000 0,0000 0,0089 
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Table A4.2 (continued) 

Kingdom Genus Species Aerobic Anaerobic Inoculum 

Proteobacteria Unclassified Unclassified 0,0000 0,0021 0,0466 

Proteobacteria Wolinella Wolinella sp. 0,0000 0,0000 0,0082 

Spirochaetes Leptospira Leptospira sp. 0,0000 0,0007 0,0041 

Spirochaetes Spirochaeta Spirochaeta sp. 0,0000 0,0000 0,0062 

Spirochaetes Treponema Treponema sp. 0,0000 0,0243 0,0439 

Spirochaetes Treponema Treponema zuelzerae 0,0000 0,0064 0,0158 

Spirochaetes Unclassified Unclassified 0,0000 0,0000 0,0021 

Spirochaetes Unclassified Unclassified 0,0000 0,0107 0,0740 

Spirochaetes Unclassified Unclassified 0,0000 0,0000 0,0062 

Synergistetes Acetomicrobium Acetomicrobium faecale 0,0000 0,0036 0,0069 

Synergistetes Aminobacterium 
Aminobacterium 

colombiense 
0,0000 0,5346 0,1583 

Synergistetes Aminobacterium Aminobacterium sp. 0,0000 0,4079 0,1864 

Synergistetes Aminobacterium 
Aminobacterium 

thunnarium 
0,0000 0,3228 0,0747 

Synergistetes Anaerobaculum 
Anaerobaculum 

hydrogeniformans 
0,0000 0,5260 0,0219 

Synergistetes Anaerobaculum Anaerobaculum mobile 0,0307 0,0115 0,0000 

Synergistetes Anaerobaculum Anaerobaculum sp. 0,0183 2,3324 1,0246 

Synergistetes Dethiosulfovibrio Dethiosulfovibrio russensis 0,0000 0,0043 0,0014 

Synergistetes Dethiosulfovibrio Dethiosulfovibrio salsuginis 0,0000 0,0000 0,0027 

Synergistetes Synergistes Synergistes sp. 0,0000 0,8102 0,2570 

Synergistetes Unclassified Unclassified 0,0000 0,0079 0,0027 

Tenericutes Acholeplasma Acholeplasma axanthum 0,0000 0,0000 0,0822 

Tenericutes Acholeplasma 
Acholeplasma 
cavigenitalium 

0,0000 0,0014 0,0034 

Tenericutes Acholeplasma Acholeplasma sp. 0,0000 0,0000 0,1309 

Tenericutes 
Candidatus 

Phytoplasma 
Phytoplasma sp. 0,0000 0,0014 0,0000 

Tenericutes Unclassified Unclassified 0,0000 0,0029 0,0679 

Tenericutes Unclassified Unclassified 0,0000 0,0000 0,0014 

Thermotogae Defluviitoga Defluviitoga tunisiensis 0,0094 6,0690 2,0493 

Thermotogae Mesotoga Mesotoga infera 0,0000 0,0064 0,0075 

Thermotogae Unclassified Unclassified 0,0000 0,6098 0,0000 

Thermotogae Unclassified Unclassified 0,0672 0,6477 0,0288 

Unclassified Unclassified Unclassified 0,0012 0,0143 0,0027 

Unclassified Unclassified Unclassified 9,2704 30,6061 9,1155 

Verrucomicrobia Methylacidimicrobium 
Methylacidimicrobium 

fagopyrum 
0,0000 0,0007 0,0082 

Verrucomicrobia Unclassified Unclassified 0,0000 0,0315 0,2447 

Verrucomicrobia Unclassified Unclassified 0,0000 0,0086 0,8704 

No Hit No Hit No Hit 61,4069 0,5010 0,5408 
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Figure A4.4: Relative abundance of the organisms assigned to Eukaryota, represented in a krona plot, given by the 18S amplicon 
sequencing of the PCL incubation performed under aerobic conditions. 

 

 

Figure A4.5: Relative abundance of the organisms assigned in the inoculum, represented in a krona plot, after data treatment. Bacteria (in 
reddish) account for 72 % of the prokaryotes present in the sample, and Archaea account for 28  %. 
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Appendix 5- Results of the experiments with marine sediment as inoculum 

Table A5.1: Values of the mass of the cleaned muffle filters, after addition of the biomass, after overnight incubation at 105℃, and after 
incubation at 550℃, and respective standard deviation. Values of the resulting VSS for each sample, the average value for the first 

anaerobic assay and corresponding standard deviation, the quantity of inoculum added to obtain 3 g/L VSS  

Samples 
Filter 

mass (g) 

Filter mass 
+ 

biomass(g) 

Mass after 
incubation 
at 105℃ 

(g) 

Mass after 
incubation 
at 550℃ 

(g) 

VSS 
(g/L) 

Average 
VSS (g/L) 

Quantity of 
inoculum added 
to the vials (for 3 

g/L VSS) (g) 

1 
18,33 ± 
0,0001 

23,76 ± 
0,0001 

20,31 ± 
0,0001 

20,10 ± 
0,0001 

0,038 

0,0341 ± 
0,0037 

4,40 2 
19,20 ± 
0,0001 

22,45 ± 
0,0001 

20,45 ± 
0,0001 

20,34 ± 
0,0001 

0,033 

3 
17,81 ± 
0,0001 

21,00± 
0,0001 

19,11 ± 
0,0001 

19,01 ± 
0,0001 

0,031 

 

TableA5.2: Values of the mass of the cleaned muffle filters, after addition of the biomass, after overnight incubation at 105℃, and after 

incubation at 550℃, and respective standard deviation. Values of the resulting VSS for each sample, the average value for the first 
anaerobic assay and corresponding standard deviation, the quantity of inoculum added to obtain 3 g/L VSS  

Samples 
Filter mass 

(g) 
Filter mass + 
biomass(g) 

Mass after 
incubation 
at 105℃ 

(g) 

Mass after 
incubation 
at 550℃ 

(g) 

VSS 
(g/L) 

Average 
VSS (g/L) 

Quantity of 
inoculum added 
to the vials (for 
3 g/L VSS) (g) 

1 
20,30 ± 
0,0001 

23,60 ± 
0,0001 

21,64 ± 
0,0001 

21,53± 
0,0001 

0,0332 

0,0330 ± 
0,0015 

4,54 2 
17,87 ± 
0,0001 

20,66 ± 
0,0001 

19,10± 
0,0001 

19,01± 
0,0001 

0,0315 

3 
19,52 ± 
0,0001 

23,51 ± 
0,0001 

21,17± 
0,0001 

21,03± 
0,0001 

0,0345 

 


